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Directed migration is a crucial capability of cells in developmental and immunological 

processes. Defects in cell migration can lead to negative health outcomes. Cell motion depends 

on the organization and dynamics of internal components, especially the actin cytoskeleton, and 

the extracellular environment. Microscale and nanoscale topographical cues, with at least one 

dimension that is much smaller than most cells, can bias cell motion over long distances, due to 

the guidance of the organization and dynamics of the cytoskeleton and other molecules and 

assemblies within the cell. 

In this work, I describe a technique to reproduce patterned nanotopographic substrates for 

use in the study of esotaxis, the guided organization and dynamics of the actin cytoskeleton and 

other cellular components in response to nanotopographic cues. The guidance of actin drives 

directed cell motion along a pattern with dimensions much smaller than the cell. The dimensions 



  

of the nanotopography determine the extent to which cellular components are guided. 

Differences in the physical properties of the plasma membrane and the actin cytoskeleton among 

cell lines will influence the extent of guidance by nanotopography. Asymmetric patterns can 

accentuate the distinctions in esotactic responses among cell lines and drive contact guidance in 

different directions. The cytoskeletal response to nanotopography is a local phenomenon. A cell 

in contact with multiple nanotopographic cues simultaneously will show distinct organization of 

actin in the different regions of the cell. The importance of local actin dynamics requires an 

analysis method, optical flow, that can identify and track the distinct cytoskeletal motions in 

different parts of the cell. The formation of adhesions attached to the extracellular matrix is a 

characteristic of the migratory behavior of many types of cells and these adhesions are credited 

with allowing the cell to sense and interact with the underlying substrate. Actin can sense 

nanotopographic cues without the widespread availability of adhesive ligands. Although 

adhesion to the substrate strongly increases the extent of cell spreading and migration on 

nanoridges, epithelial cells can align with and migrate along nanotopography even with a dearth 

of adhesive cues. Therefore, actin is a supreme sensor of nanotopography that can drive directed 

cell migration.  
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Chapter 1: Introduction 

Healthy physiology often requires cells to move to fulfill their normal functions. These 

motility-based processes can have far-reaching consequences throughout an organism during the 

course of its lifespan. Errors in cell migration or the unwanted motion of specific cells can lead 

to disease or exacerbate its outcome. Cell motion depends on the dynamic architecture of the 

cytoskeleton to drive and support the shape changes necessary to exert force on the cell’s 

surroundings and achieve displacement. Adaptor proteins, adhesion complexes, and signaling 

molecules modulate the activity of the actin cytoskeleton, myosin motors, and microtubules and 

translate interactions with the extracellular environment into structural changes and the exertion 

of force toward the cell membrane. The properties of the extracellular matrix (ECM) that 

constitutes the extracellular environment surrounding cells in most tissues influences cell 

migration and other actions. Composed mostly of proteins and glycoproteins, its chemical 

composition, as well as stiffness and fiber alignment, can be an indicator of tissue health. In this 

introduction, I will describe the importance of cell migration for organismal health and disease 

and the mechanisms of cell motion. I will then provide a description of the actin cytoskeleton 

and how it coordinates with actin-binding proteins (ABPs), signaling molecules, adhesion 

complexes, and other molecules within the cell. Subsequently, I will review the ECM and how it 

influences cell motion and behavior. A lot of fabrication techniques have been applied to 

simulate properties of the ECM in order to study the cell response as well as to develop 

biomedical and implantable devices. A section of this introduction will be devoted to describing 

some of these techniques, with a focus on photolithography and soft-lithography-based 
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replication methods. Finally, I will provide a layout of the subsequent chapters of this 

dissertation. 

1.1. Cell Migration 

The ability of cells to move permits the fulfillment of vital functions, both on the cellular 

and organismal levels. In the simplest case, shape changes occur to allow the separation of 

daughter cells during cell division.1 Many physiological processes require actual displacement of 

cells over relatively large distances. How cells migrate can vary across cell type. In fact, even 

cells of a single type or cell line can exhibit different migrational properties, and can alter their 

manner of migration at different times.2 The underlying molecular machinery and mechanisms 

differ somewhat for these different migrational phenotypes. However, the factors that drive cells 

to move are generally similar. 

1.1.1. Physiological Relevance 

Cell migration contributes to physiological processes throughout the life cycle, from the 

formation of organisms to important daily functions. For many animals, during most stages of 

embryogenesis and development cells must migrate to target locations to advance properly 

through the process. For example, during neurulation, neural crest (NC) cells undergo 

delamination (detachment or separation) from the neural plate or tube, depending on the species.3 

NC cells subsequently travel to different regions of the embryo, at which point the cells 

differentiate into a variety of cells throughout the body and comprise tissues and organs that are 

vital to properly functioning organisms.3 The exact mechanism and timing of neurulation and NC 

cell migration vary slightly across vertebrate species,3 yet this process always involves migration 
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of cells to other parts of the embryo. Distinct migration routes are favored by different classes of 

interneurons during development of the cerebral cortex.4 Defective migration of neurons during 

development can lead to abnormal formation of the cortical circuit, which can, in turn, result in 

developmental and psychiatric disorders.5 

During wound healing, a variety of cells coordinate to stop bleeding (hemostasis), 

prevent infection and remove foreign bodies, recruit and produce more cells, and generate and 

reorganize tissue.6 When fibroblasts travel from nearby connective tissue and enter the wound, 

they produce the ECM proteins and other biomolecules necessary to help repair the wounded 

tissue.7 

The various types of dendritic cells (DCs) have distinct travel routes and target locations 

in the body, and their migratory properties and inflammatory responsibilities differ accordingly.8 

Inhibition of DC migration likely limits the efficacy of T-cell response to SARS-CoV-2.8 

Malignant processes, such as cancer or other disease formation, can also involve cell migration. 

Cancer cells can migrate to invade neighboring tissue; later, these cells can enter the 

bloodstream, eventually to metastasize in other organs or tissues. The important role of cell 

migration in many physiological and disease processes has driven research into understanding 

how and why cells move. 

1.1.2. Single and Collective Cell Migration 

Cell migration can occur individually or collectively. Whether a cell travels alone or in a 

group adhered to other cells can depend on the type of cell and on other intracellular and 

extracellular conditions. Fibroblasts have been shown to enter wounds as individual cells in 
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scratch assay tests.7 Epithelial cells, which form a thin layer outside of organs and vasculature, 

migrate collectively.9 Under the right set of conditions, some cells are capable of changing their 

mode of migration from individual to collective, or vice versa. Cancer cells are known to be 

capable of highly adaptive behavior. For instance, hypoxia can induce these cells to migrate 

individually, allowing the cancer to spread to other regions of the body.10 A broad array of 

physical and biochemical properties have been observed in migrating cells. Although many of 

these characteristics can appear in various combinations, and although many cells can exhibit 

different properties at different times or under alternative conditions,11 there are some 

categorizations of migrational modes that are generally accepted, while maintaining awareness of 

the aforementioned caveats. 

1.1.3. Modes of Migration 

Shape is the most common observable used to describe differences in migrating cells. 

This practice has been employed for over 70 years, since Weiss and Garber emphasized the 

dynamic nature of cell morphology.12 Despite the transience of cell shapes, several features are 

frequently observed and are used to characterize cell migratory behavior. Cells that spread on 

substrates and push out flat protrusions at their leading edge are categorized as mesenchymal.11,13 

Lamellipodia are broad and flat (~200 nm high) protrusions, whereas filopodia are flat and 

finger-like.11 The cells employ these protrusions for driving migration and for sensing the 

extracellular environment. Migratory behavior and the associated morphologies can change as a 

result of the complexity of the environment. Mesenchymal cells often become elongated in three-

dimensional (3D) environments.13 The protrusions of these cells may then become 3D 

pseudopodia (round, but not spherical).11 Leader cells at the front of collectively migrating cells 
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often display mesenchymal characteristics, including the protrusion of lamellipodia and filopodia 

at their leading edge, and less adhesivity to other cells in the group.7 Follower cells, often exhibit 

epithelial traits; these cells have tight junctions with their neighbors and their membrane is 

somewhat polygonal in shape and exhibits polarity towards the apical surface.7 Aside from the 

leader-follower migrational mode, cells that migrate collectively can employ an organization in 

which all cells exhibit some mesenchymal characteristics while maintaining adhesions to 

neighboring cells in the group.14 Whereas mesenchymal cells can often be described as having a 

polarized morphology,15 with the cell front and back clearly distinguishable, amoeboid migration 

is associated with a round cell body.13 Amoeboid cells also push out protrusions at the leading 

edge. Round blebs are the protrusions most commonly associated with amoeboid migration. 

Protrusions in amoeboid cells can lead to frequent shape changes and deformations.14 Looking 

more closely at the mechanisms involved in protrusion formation and cell motility gives a better 

understanding of why categorizing migration as amoeboid or mesenchymal can be problematic. 

1.1.4. Mechanical Forces 

As with any object, cells must apply a force, or have a force applied onto them, to move. 

Cellular environments can be characterized as having a low Reynolds number (the ratio of 

inertial to viscous forces),11 which means that force must be continuously applied to sustain 

motion. The protrusions that cells extend at the leading edge require internal mechanisms for the 

membrane to achieve this forward push. For filopodia and lamellipodia, actin polymerization 

pushes on the membrane, resulting in protrusions. Blebs, on the other hand, result from cytosolic 

pressure. The differences in these protrusions extend further, so to speak. Mesenchymal cell 

migration is characterized as an adhesive migratory mode.16 Integrins, and potentially other 
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transmembrane receptors, as well as the more organized focal adhesions adhere to binding sites 

on the ECM.16 These focal adhesions develop in the lamellipodium and adhere tightly to the 

underlying substrate. Adhesion to the ECM via integrin receptors stabilizes the protrusions.15 

The intracellular portion of these adhesions is connected to the cytoskeleton.15 Through these 

transmembrane adhesive structures, actin can apply forces on the ECM, with stronger forces 

applied with more dense actin networks and more organized adhesion complexes.16 Actin flow 

then proceeds toward the rear of the cell. This traction force is transmitted to the ECM as a 

pulling or frictional force through the adhesion assemblies.11,14 Adhesions toward the back of the 

cell are broken down and the actin cytoskeleton at the rear contracts.14 A gradient of force 

magnitude applied on the substrate from the front to the rear of the cell (strong to weak, 

respectively; and of force duration in the opposite direction: stable to transient, respectively) 

results from the contractile activity of myosin on the cytoskeleton, maintaining cell migration.17 

Contraction of the actomyosin cortex can contribute to hydrostatic pressure within the cell, 

which can, in turn, facilitate the formation of protrusions, actin- or pressure-driven, at the front 

of the cell.16 The cyclic process of protrusion generation, actin retrograde flow, focal adhesion 

maturation and degradation (at the front and back, respectively), and rear contraction repeats as 

the cell continues to migrate. Cells that form these strong adhesions to the substratum tend to 

migrate more slowly. In amoeboid migration, blebs are formed as a result of hydrostatic pressure 

in the cytoplasm, which applies force on the cell membrane. This force results in displacement of 

the membrane at a location or locations at which the cortical actin is temporarily weakly 

connected.11 Amoeboid cells tend not to form strong adhesions with the underlying surface, 

which allows cells that use this method of migration to travel more quickly. Force generation for 

amoeboid, non-adhesive migration is believed to result from friction with the underlying 
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substrate due to retrograde actin flow; the force is transmitted to the substrate surface via weakly 

interactive transmembrane molecules.11 Although bleb protrusions are most often associated with 

amoeboid migration, amoeboid cells can extend filopodia and lamellipodia. Cells can also 

simultaneously exhibit adhesions, which are characteristic of mesenchymal migration, and 

pressure-driven protrusions, which are characteristic of amoeboid migration. These protrusions 

are usually less spherical, and blunter, than blebs.11 These cells pull on the ECM and generate 

pressure by pushing the nucleus forward like a piston.14 This type of migration has been labeled 

as lobopodial.14 Force generation in some collectively migrating cells results from a coordinated 

band of contractile actomyosin spanning across multiple cells at the rear of the cell cluster. This 

contractile force can push cells from the side boundaries of the collective toward the center, 

resulting in the forward flow of cells and displacement of the group.14 Because many cells can 

simultaneously exhibit characteristics associated with both of the classical categories of 

migration, amoeboid and mesenchymal, or alter their migratory behavior and employ different 

mechanisms based on external or internal cues,13 it can be beneficial to avoid assigning cell types 

to sharply defined migration categories. 

1.1.5. Extracellular Cues 

A variety of external cues can affect the migratory behavior of cells. Exposure to specific 

biomolecules can turn on the migration machinery in cells. For instance, lipids produced by 

cancer-associated adipocytes can stimulate migration in cancer cells.18 Contact with neighboring 

cells can influence the direction of cell motion. Contact inhibition of locomotion involves the 

formation of cell–cell adhesions and restricts the direction of protrusions away from site of 

contact.19 This phenomenon has been shown to occur in collective cell migration during 
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development.3 Directional guidance of cell motion is often referred to as directed cell migration. 

The stimulus-driven guidance of cells can be classified into one of the following categories: 

chemotaxis, durotaxis, haptotaxis, electrotaxis (or galvanotaxis), and topotaxis.13 Chemotaxis is 

the guided motion in response to a chemical gradient.20 Durotaxis refers to migration that follows 

a stiffness gradient.21 Cells have been shown to preferentially migrate toward stiffer substrates.22 

Haptotaxis is the term used to describe directed motion that follows substrate-bound chemical 

cues.23 Electrotaxis describes the guidance of cell migration due to sensing of an electric field.24 

Finally, cells can migrate with a directional preference in response to topographic cues, which is 

referred to as topotaxis when there is a topographic gradient.25 In addition to stimuli outside the 

cell, internal processes can determine whether cells will migrate. Activation of transcription 

factors18 and regulation of post-translational modifications26 can bias cellular migratory 

behavior. Study of the cell-specific response to the array of external cues provides a deeper 

understanding of physiological processes that involve cell migration. Furthermore, these studies 

have the potential to identify targets for therapeutic treatments for disease. 

1.2. Actin Cytoskeleton and Other Cellular Components Involved in Migration 

Actin is a cytoskeletal protein found in practically all eukaryotic cells.27 Additionally, 

bacteria and archaea also have actin or proteins that are structurally and functionally similar to 

actin.27 The first eukaryotic organism is believed to have gained the gene for actin when it hosted 

the bacterial symbiont that became the mitochondria.27 Actin is the most abundant protein in 

most organisms.27 Dynamic assembly of actin is required for all forms of cell motion and also 

plays a role in many other vital cellular processes. For example, the mechanisms of 

mitochondrial fission—the process by which the mitochondrion divides into two daughter 
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organelles—depend on the polymerization of actin and the activity of three different classes of 

ABPs: actin-related protein 2/3 complex (Arp2/3), tandem monomer-binding proteins (TMBPs), 

and formins.28 Mitochondrial fission also depends on the recruitment of dynamic myosin II.28 

Regulation of these proteins can dictate the prevailing mechanism of mitochondrial fission.28 

Transport of material (often in the form of vesicles) between the endoplasmic reticulum and the 

Golgi apparatus is also facilitated by actin.29 

Actin is involved in all modes of cell migration. Lamellipodia and filopodia are 

protrusions that result from forces applied on the membrane by actin polymerization. In 

filopodia, actin filaments are arranged as linear bundles. In lamellipodia, polymerized actin 

forms a branched network (and linear bundles). Pseudopodia share similarities with lamellipodia, 

in that both are protrusions containing branched actin. However, pseudopodia are usually 3D 

instead of sheet-like, and are not supported by strong adhesions to the substrate. Blebs, which are 

pressure-driven protrusions, can form from rupture of the actomyosin cortex.13 Additionally, the 

contraction of the cortex itself can cause an increase in hydrostatic pressure, which can, in some 

cases, lead to the formation of blebs.14 

1.2.1. Structure of Actin and Mechanism of Polymerization 

Actin actually refers to a family of proteins that are isoforms, some of which perform 

specialized functions or are expressed in specific types of cells.30 These isoforms generally differ 

by just a few amino acids, even across species,27 in which changes occur during synthesis or 

upon subsequent posttranslational modifications on amino acid side-chains.30 Individual 

molecules of actin are often referred to as G-actin, due to their globular shape. G-actin is 

flattened in one dimension and is mapped into two domains and four subdomains, with 
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specialized functions localized in or between these regions, including, but not limited to: a 

nucleotide-binding cleft (NBC), phosphate binding loops, and a hydrophobic cleft.31 The 

structure of an actin molecule is often delineated as having a barbed end and a pointed end, based 

on the appearance of an actin filament bound to myosin heads in electron micrographs.27 The 

NBC, as the name suggests, is responsible for binding the adenine nucleotide in its various states 

of phosphorylation, along with its associated Mg
2+

 ion.30,31 The NBC exists near the middle of 

the actin molecule and interacts with all four subdomains, although the cleft is inclined toward 

the pointed end.27 Molecules of G-actin exist in pools throughout the cell, available as monomers 

for the construction of polymerized actin filaments (F-actin) with variable architecture. In its F-

actin (polymerized) state, the NBC and phosphate-binding loops of an actin protomer execute 

their function as an ATPase. One phosphate-binding loop modifies the nucleotide through 

dephosphorylation of adenosine triphosphate (ATP) or, alternatively, stabilizes the bound ATP 

molecule with other intermolecular interactions.30 Depending on the activity of this phosphate-

binding loop, the reactions lead to conformational changes initialized by the other phosphate-

binding loop and the NBC, which influence the actin-protomer binding affinity for ABPs and 

interactions with other protomers within the actin filament. Actin protomers can interact with 

neighbors within the filament through another hydrophobic region known as the H-plug.31 

Determination of rate constants for the assembly and disassembly of actin filaments has shown 

that there is an order that dictates the location at which each step occurs, as well as the degree of 

phosphorylation of the associated nucleotides within the actin monomers. ATP-actin monomers 

are added at the barbed end of the filament, whereas adenosine diphosphate (ADP)-actin 

dissociates at the pointed end.32 The addition of G-actin at the barbed end of a filament and 

release of G-actin at the pointed end creates a treadmilling effect.32 The conformational changes 
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that result from hydrolysis of ATP signify that F-actin subunits should be disassembled from the 

filament.32 Many other proteins participate in constructing and deconstructing these cytoskeletal 

networks, including ABPs and signaling molecules, so that this treadmilling process can enable 

cytoskeletal dynamics and effective execution of cellular functions. These ABPs often bind to 

the hydrophobic cleft31 (also known as the target-binding cleft)30 of actin subunits, by insertion 

of an amphiphilic helix into this cleft.30 The orientation of the polypeptide chains with respect to 

the target-binding cleft varies among ABPs.30 

1.2.2. Actin-Binding Proteins 

Numerous proteins are involved in regulating actin polymerization. There are several 

classes of ABPs that serve various roles in the mechanisms by which actin polymerizes, 

depolymerizes, and otherwise organizes. Polymerized actin forms filaments (filamentous (F)-

actin) that can be organized into linear bundles or branched networks. ABPs help to determine 

the types of structures that form. Actin monomers are added to the barbed ends of growing 

polymerized actin structures. The formation of new actin filaments is an unfavorable process, 

due to the instability of actin dimers and trimers.32 To overcome this problem, ABPs that 

nucleate F-actin resemble the structure of trimeric or tetrameric actin.33 Several classes of ABPs 

are responsible for nucleating filaments. The Arp2/3 actin-related protein 2/3 complex is 

composed of seven subunits: Arp2, Arp3, actin-related protein 2/3 complex subunit 1 (ARPC1), 

ARPC2, ARPC3, ARPC4, and ARPC5.34 Arp2 and Arp3 belong to a group of eleven Arps that 

serve distinct cellular functions.27 The genes that encode the Arp proteins evolved from actin 

genes, and these proteins often share a large proportion of their amino-acid sequence with 

actins.27 Arp2/3 binds to pre-existing actin filaments and promotes the formation of new 
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branches of actin along the filament, adding actin monomers at the barbed end.15 Formins 

nucleate F-actin bundles35 to produce linear filaments,34 as opposed to the dendritic network 

created by Arp2/3. 

In addition to the actin nucleators, a group of ABPs is responsible for growing existing 

filaments. Formins (including the protein diaphanous homologs (mDias)) also regulate filament 

growth at the barbed ends, and can work in collaboration with other actin nucleators.29 In a 

process referred to as processive elongation, formins regulate filament growth by adding actin 

monomers one at a time to the barbed end (when performing this function, formins act as 

capping agents on filament barbed ends, as discussed below).36 Ena/VASP (vasodilator-

stimulated phosphoprotein) bundle and elongate actin.33 Fascin is another protein that bundles 

actin filaments.15 

Other ABPs restrict actin polymerization, which can be achieved by various means. Some 

ABPs control the amount of G-actin available for polymerization by binding to monomers and 

controlling the state of the bound nucleotide within the NBC. However, while serving in this 

role, these ABPs also assist with the polymerization and growth of F-actin by bringing ATP-G-

actin to the ABPs responsible for elongating the filaments. 

Profilin prevents the nucleation of new actin filaments and promotes the addition of actin 

monomers to the barbed ends of existing filaments.15,35 Profilin is often present when formins 

perform their role of growing filaments.33 To execute these functions, profilin facilitates the 

nucleotide exchange of ADP-actin monomers to ATP-G-actin, and interacts with other actin-

monomer-binding proteins to target the barbed ends of existing actin filaments.35 
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Like profilin, thymosin β4 binds to actin monomers to restrict polymerization.33 Twinfilin 

sequesters G-actin, preferentially in its hydrolyzed state (ADP-actin versus ATP-actin), using its 

actin-depolymerizing factor (ADF) homology (ADF-H) domains, and prevents actin from 

polymerizing.37 The sequestration of ADP-G-actin by twinfilin can drive the formation of ATP-

G-actin, which can, in turn, be bound by profilin to grow actin filaments rapidly (in the absence 

of capping proteins).37 

Alternatively, filament growth can be halted by sequestration of filament barbed ends. 

Two ADF-H domains allow twinfilin to cap the barbed ends of actin filaments in mammalian 

cells.37 As the name suggests, the role of capping protein (CP) is to cap the barbed ends of actin 

filaments to prevent further growth and to optimize size and stiffness.34 In addition to elongating 

F-actin, Ena/VASP binds to the barbed ends of actin filaments and inhibits capping and 

branching.15 

Yet other ABPs disassemble F-actin into actin monomers. ADF/cofilin, under certain 

circumstances, can sever actin filaments at barbed ends and, more importantly, promote the 

depolymerization of actin.15,35 The ability of ADF/cofilin to depolymerize pointed ends of actin 

filaments increases cytoskeletal dynamics, and is vital for cell viability and the formation of 

effective actin structures.35 By binding G-actin, cofilin can increase the rate of depolymerization 

at the pointed ends of filaments.36 In addition to monomer sequestration, twinfilin can drive 

disassembly of actin filaments at both ends.33 

Gelsolin is a member of a family of proteins that perform both capping and severing 

functions.30 Binding of calcium promotes conformational changes to an active state in which two 

of gelsolin’s six homologous domains bind to the sides of an actin filament.30 Further 
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conformational changes cause these domains to grasp subunits on each strand and then sever the 

actin filament.30 

Some ABPs liaise among actin, ABPs, and signaling molecules. Wiskott-Aldrich 

syndrome protein (WASP)/WASP-family verprolin-homologous protein (WAVE) activates the 

Arp2/3 complex near the membrane.15 WASP-family proteins serve as a connection between 

signaling pathways and cytoskeletal dynamics.35 Verprolin/WASP interacting protein (WIP) 

similarly interacts with signaling proteins, ABPs (including WASP), and actin monomers and 

filaments to regulate actin polymerization.35 

Srv2, or cyclase-associated proteins (CAPs) in higher-order eukaryotes, serve to promote 

both actin polymerization and depolymerization by recycling actin monomers and ADF/cofilins, 

respectively.35 WASP/WAVE, verprolin/WIP, Srv2/CAP, and other actin-regulating proteins, 

such as β-thymosins, share a WASP homology 2 (WH2) domain, which binds with high affinity 

to actin in its ATP (adenosine triphosphate) state.35 

Cortactin stabilizes filament branches formed by Arp2/3.15 These branches are 

metastable, and cortactin prevents debranching and the breakdown of the actin network.34 To 

support the network branches, cortactin engages directly with both F-actin and Arp2/3.34 

Cortactin also interacts with WASP family proteins in a collaborative way to promote branched 

actin formation by activating each other under different circumstances to enhance Arp2/3 

nucleation of actin.34 

WASP/WAVE, verprolin/WIP, Srv2/CAP, profilin, ADF/cofilin, and twinfilin all 

participate in Arp2/3-related actin polymerization at the cortex. Filamin A and α-actinin stabilize 
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the actin network by crosslinking filaments.15 All of these proteins play a vital role in cell 

function. Knockout of the genes used to synthesize the actin nucleators (Arps, formin, and 

Spire/cordon bleu/leiomodin families) or their regulators (WASP family) are often lethal.38 

1.2.3. Rho GTPases 

Rho GTPases (also known as guanosine triphosphate (GTP)-binding proteins, G proteins, 

or GTP hydrolases), including cell division control protein 42 (Cdc42), Ras-related C3 

botulinum toxin substrate (Rac), and the Ras homolog (Rho) proteins, are signaling proteins. 

Among other cellular responsibilities, these proteins modulate actin polymerization, often 

through regulation of proteins more directly involved in the process.15 Rho proteins regulate the 

actomyosin contractile forces exerted on the cell.39 Rac and Cdc42 activate various ABPs to 

perform their roles in actin polymerization. For example, binding of Cdc42 deactivates the 

autoinhibitory state of WASP, allowing this protein to bind Arp2/3 and actin monomers, and 

thereby augment actin filaments at their barbed ends.35 Rac1 behaves in a similar manner to 

Cdc42 in the regulation of WAVE.36 RhoA and Cdc42 activate the capping and filament growth 

functions of formins.36 RhoA also activates profilin.36 Mutations in the genes that encode the 

Rho GTPases can cause defects in cytoskeletal and receptor organization and motility-related 

functions such as chemotaxis and homing.38 These defects can lead to immunodeficiency 

syndromes and persistent infections.38 Rho GTPase activity is regulated by several families of 

proteins. Guanine nucleotide dissociation inhibitors release or sequester GTPases to control their 

availability for activation.40,41 Guanine nucleotide exchange factors (GEFs) exchange GDP for 

GTP to activate the GTPases.40,41 GTPase-activating proteins inactivate GTPases by hydrolysis 

of GTP.40,41 
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1.2.4. Myosin 

Myosins are dynamic proteins that can prompt changes in cell shape and can serve as a 

source of force generation within the cell. In addition to modulating cell shape and motility, 

these proteins also play a role in Golgi apparatus structure and function, as well as short-range 

transport in the endoplasmic reticulum.29 The family of myosins is diverse, with 12 different 

classes occurring in mammals, and each having its own specialized functions.42 

Myosins contain three key structural regions—the motor domain, the lever arm, and the 

tail—that are present and serve the similar functions in each class, although structural differences 

allow for specialization in function or target molecules.42 The motor head groups of myosin can 

bind to actin filaments, whereas the tail motif can attach to the membrane.29 For most forms of 

myosin, this structure allows the motors to move along actin filaments and translocate materials 

along the membrane to other regions of the cell.29 The motor domain is also the region that binds 

to, and hydrolyzes, ATP.42 The motor head has four subdomains, including a region referred to 

as the converter that links to the rest of the myosin structure.42 Special connectors attach the 

separate subdomains to their neighbors. The affinity of regions within the cleft formed between 

subdomains for the binding of actin or hydrolysis of ATP is modulated by conformational 

changes in the motor head.42 The lever arm is connected to the motor domain. The lever arm 

varies in length between classes of myosin.42 As in the case of the dynamics of actin filaments, 

myosin force generation is achieved by the hydrolysis of ATP. Release of the hydrolysis 

products, an inorganic phosphate and ADP, is linked with binding of myosin to actin and with 

conformational changes within myosin.43 These changes include the swinging of the lever arm 

(powerstroke), a region of the myosin molecule that channels the conformational changes that 
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result from hydrolysis of ATP, and release of the products into functional motion.43 The lever 

arm amplifies the conformational changes driven by ATP hydrolysis in the motor domain.42 The 

lever arm includes a converter subdomain that connects to the motor head and contributes 

motility to the swinging of the lever arm during force generation.42 

Myosin classes vary in the mechanism through which they process ATP and bind targets, 

as well as their associated morphology, conformations, and motor properties.42 The lengths of 

actin-binding loops also differ.42 These variations explain the distinct functions of the different 

types of myosin. In addition to binding to the membrane, the tail region, which also varies in 

length and structure among myosin classes, recruits and assembles motors.42 Specific signaling 

molecules or cargo-recognition mechanisms prevent myosins from operating at the wrong place 

or time.42 Myosins use actin filaments as tracks, with all but the myosin VI class moving toward 

the barbed end of actin filaments (+ end, or fast-growing end).42 

Several classes of myosins, including myosin II, are dimers that contain two head 

domains. Dimeric myosins contain coiled coils in their tails that hold the two filaments 

together.42 The bipolar filaments of myosin II can grasp multiple actin filaments.29 As the head 

groups travel towards the barbed end of F-actin, which is tethered to the membrane through 

certain ABPs, the myosin motors can cause the membrane to contract.29 This process is a source 

of force-generation within the cell on the membrane, as well as on the ECM. Myosin II activity 

is coordinated with actin polymerization at the leading edge of the cell.36 The contractile forces 

exerted by myosin can pull polymerized actin away from the leading edge in a process referred 

to as retrograde flow, thereby potentially modulating protrusions by limiting the amount of actin 

filaments present at the front of the cell.36 
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1.2.5. Focal Adhesions 

Focal adhesions (FAs) provide a connection between the ECM and the interior of the cell. 

FAs are comprised of many protein components, including transmembrane proteins that interact 

directly with both ECM molecules and structural proteins within cytoplasmic face of the 

membrane. These protein components form complexes that change in conformation over time 

due to mechanical tension and allosteric binding.44 Governed by Rac and Cdc42, focal 

complexes tend to form at the cell periphery and grow to become FAs,45 which are regulated by 

Rho.46 Other terms have been coined to classify FAs based on the distinct properties of the FAs 

such as size, location, and dimensionality, as well as on the molecules that participate in the 

formation.45 Growth of FAs and the necessary recruitment of the additional molecular 

components depends on the tensile properties of myosin.47 Interaction of FAs with the ECM is 

mediated by integrins, a family of heterodimeric proteins that bind to specific polypeptide 

regions within ECM proteins. 

Integrins are categorized into α and β subunits, of which 18 and 8 different isoforms are 

found in vertebrates, respectively, and that interact noncovalently to form 24 different possible 

heterodimers.48 Excess β integrins are present in the cell, and the amount of α integrins 

determines how many heterodimers are assembled and delivered to the membrane.48 The α 

integrins have a seven-bladed propeller structure that contains a binding site for Ca
2+

 to regulate 

ECM ligand binding through allosteric conformational changes.48 Many α integrins also feature 

an αI domain that facilitates binding to collagens with coordinated adhesion to a Mg
2+

 ion.48 β 

integrins interact with the actin cytoskeleton through adaptor proteins or ABPs.48 The βI domain 

of β integrins responds to ion binding to drive conformational changes in neighboring domains.44 
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In integrin heterodimers that contain α subunits lacking an αI domain (present in only half of the 

α integrins), the βI domain in the β subunit facilitates ECM ligand binding.48 A Ca
2+

 binding site 

regulates inhibition of β-integrin activity.48 These rearrangements expose ECM ligand-binding 

sites.44 

Variations in activation exist among integrins. Some isoforms require contact with 

intracellular or extracellular molecules, such as ECM proteins or the cytoskeleton, to transition to 

an active conformation.44 Integrins are transmembrane proteins, and their cytoplasmic tails are 

restricted to the region within a few tens of nanometers from the plasma membrane.49 This same 

region has few actin molecules, and the actin density does not increase for another few tens of 

nanometers away from the membrane,49 indicating that integrins do not interact with actin 

directly. Integrins can cluster on the membrane at the sites of actin-rich protrusions to form 

nascent adhesions.44 These immature adhesions do not require cytoskeletal contractile forces to 

develop, but their further growth and maturation—which are not guaranteed and depend on the 

intracellular and extracellular conditions experienced by an individual cell—determine whether 

these sites of adhesion can sense and reciprocate mechanical forces.44 

Maturation of FAs depends on actin crosslinking.44 VASP and α-actinin are actin-

regulatory proteins, or ABPs, that participate in actin bundling or crosslinking. α-actinin also 

organizes into actin stress fibers. These actin structures are then linked to integrins and focal 

adhesions through a network of proteins that serve distinct roles in FA structure and function. 

Each group of proteins that fulfills a specific role in the formation of FAs occupies a distinct 

region in the space between the integrins and the actin structures.49 
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Some of the key protein components of focal adhesions include focal adhesion kinase 

(FAK), paxillin, talin, vinculin, and zyxin. FAK is a tyrosine kinase that participates in signal 

transduction and whose activity depends on integrins and localizes with paxillin to the same 

region as the integrin cytoplasmic tails.49 FAK regulates other signaling molecules via 

phosphorylation, including paxillin and Rho GTPases (through phosphorylation of their GEFs), 

although FAK is also believed to serve as a scaffolding component to FAs.45 Binding to FAK 

and/or the cytoplasmic domains of β integrins also activates Src, another tyrosine kinase, which 

then phosphorylates tyrosine residues on other FA components, and also regulates FA 

disassembly.45 Phosphorylation of different tyrosine residues on FAK controls its participation in 

signaling at the sites of focal adhesions.45 

Paxillin, p130Cas, and Crk are signaling scaffolds, also known as adaptor proteins, that 

bind to kinases, structural proteins, Rho GTPases or their regulators, and other adaptor proteins 

and signaling molecules to facilitate activation and morphological changes at FAs.45 Paxillin can 

also bind to the membrane and the cytoplasmic tails of certain integrins, with this latter 

capability contributing to the regulation of cell migration.45 Talin binds to integrins and actin, 

and is associated with vinculin, which binds actin.50 By binding to the membrane proximal motif 

of the β integrin at the membrane, talin can separate the cytoplasmic tails of the α and β 

integrins, and drive their rearrangement to an extended open conformation that promotes high-

affinity binding to the ECM ligand.44,51 By binding to F-actin, talin remains in an activated state 

and exposes cryptic vinculin binding sites.44 As talin is responsible for binding to both integrins 

and actin stress fibers in FAs, talin acts as a tether and spans the different FA protein strata 

within the cytosol, with its N terminus near the integrin tail, FAK, and paxillin and its C terminus 

neighboring zyxin, α-actinin, and actin.49 Vinculin is an actin crosslinker and membrane 
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anchor.52 Vinculin can also bind to talin and several other ABPs.53 Vinculin and talin perform the 

function of force transduction in the region between those in which integrin-based signaling and 

cytoskeletal regulation occur.49 

Zyxin is another cytoskeletal adaptor.49 Zyxin links the actin cytoskeleton to the 

membrane at the sites of adhesion and regulates the filament growth by binding Ena/VASP 

family ABPs and other proteins, including vinculin.52 Phosphatidylinositol-4,5-bisphosphate 

(PIP2) is a phospholipid that contributes to the regulation of multiple FA proteins of different 

classes through similar mechanisms. PIP2 activates FAK from its auto-inhibitory state.44 Talin 

activation is also promoted by PIP2, similarly releasing talin from its auto-inhibitory state and 

leading to the disentanglement of talin’s head and tail domains.44 PIP2 can also contribute to the 

activation of vinculin by binding to its tail domain, which causes unfurling of its head domain, 

which can bind to talin.44 Interactions among talin, vinculin, and PIP2 can modulate cellular 

response to mechanical forces and the size of focal adhesions.44 

Focal adhesions and their components are dynamic. Different proteins have distinct 

exchange rates from within FAs, and the FAs themselves can be displaced on the membrane as a 

result of traction forces and cell motion.44 Signaling molecules or proteases regulate FA 

disassembly to allow for cell motion and for the recycling of protein components,44 often through 

an endocytic pathway.54 

1.2.6. Stress Fibers 

Stress fibers are bundles of actin filaments that are crosslinked by α-actinin and myosin, 

and are often bound to focal adhesions.50,55 Myosin II molecules are incorporated into stress 
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fibers, lending the contractile nature of the fibers.46 In addition to its involvement in crosslinking 

actin filaments, myosin tension draws the filaments together to facilitate stress-fiber formation.46 

The formation of stress fibers often depends on the stiffness or compressive strength of the 

substrate that the cell encounters.47 There are several types of stress fibers that are distinct in 

structure, location, and function. The same holds for some of the molecules with which stress 

fibers interact. Dorsal stress fibers are long and linear, and are bound to FAs at one end on the 

ventral surface of the cell.56 These stress fibers are non-contractile.56 Dorsal stress fibers form 

from formin-mediated actin polymerization around focal complexes and α-actinin crosslinking of 

filaments, with myosin performing this role in regions with limited α-actinin.50 

Transverse arcs, the second type of stress fiber, are not attached to focal adhesions.56 

Transverse arcs are formed from the crosslinking of Arp2/3-polymerized actin bundles, some of 

which include α-actinin and others myosin.50 Alternating bands of α-actinin and myosin on 

transverse arcs manage the motion of these curved fibers on the dorsal stress fibers that serve as 

tracks.56 Transverse arcs fuse near the center of the cell to form contractile actomyosin bundles.56 

Ventral stress fibers span the length of the cell, and each end is attached to focal 

adhesions.50 In the center, however, ventral stress fibers have similar bands of α-actinin and 

myosin II.56 The combination of the structural properties of dorsal stress fibers and transverse 

arcs enables ventral stress fibers to link contractility with interactions with the ECM. The reason 

for the similarity of ventral stress fibers to both dorsal stress fibers and transverse arcs is because 

the latter are the precursors of, and develop into, ventral stress fibers.50 Both dorsal stress fibers 

and transverse arcs form near the leading edge of migrating cells, and the arcs move away from 

the front during migration.50 A transverse arc fuses with two dorsal stress fibers, one on each side 
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of the cell, to form the ventral stress fiber, which explains why this type of stress fiber is linked 

to two FAs.50 A fourth type of stress fiber is known as the perinuclear actin cap.47 

Palladin belongs to a family of proteins, including numerous isoforms, that support 

proper actin organization within cells.57 Palladin crosslinks actin into bundles.57 This protein 

supports stress fibers and localizes to stress fiber puncta and ends.58 Palladin is found in dorsal 

stress fibers, along with VASP.56 Stress fibers can elongate by additional actin polymerization 

localized at focal adhesions. As the stress fibers grow, they can collide with other stress fibers, 

and the nascent arcs condense into long, mature arcs. These arcs then combine with other stress 

fibers, all still attached to focal adhesions, to form a stress-fiber network.55 

The stabilities of focal adhesions and stress fibers are interdependent,56 in that 

disassembly of one impacts the other. Forces exerted by stress fibers are often directed to the 

extracellular matrix through focal adhesions. Additionally, components of FAs can help 

reinforce stress fibers and prevent overgrowth and breakage. It has been found that zyxin can 

travel from FAs to vulnerable sites on stress fibers and can recruit α-actinin and VASP to thicken 

and strengthen stress fibers at these locations.47  

1.2.7. Microtubules 

Microtubules are composed of heterodimers formed from the stable, noncovalent 

interaction of α- and β-tubulin molecules,59 which are similar in size and amino-acid sequence.60 

Distinct isotypes of tubulin exist within vertebrate species, with each isotype having a distinct, 

characteristic, negatively charged amino-acid sequence at the C-terminal (and sometimes at the 

N-terminal).59 Like G-actin, tubulin monomers bind a nucleotide, although the specific 



 

 

24 

 

nucleotide is guanosine triphosphate (GTP).60 Microtubules are polymerized structures that 

assemble in a manner similar to actin filaments. Nucleation of microtubules is performed by 

another isotype of tubulin, γ-tubulin, which also stabilizes growing tubules during assembly in 

the microtubule organizing center.59 However, tubulin is added to growing microtubules as 

dimers. The GTP in β-tubulin becomes hydrolyzed upon polymerization, and guanosine 

diphosphate (GDP) remains bound to β-tubulin while the dimer remains within the 

microtubule.60 GTP in α-tubulin is not exchanged,60 meaning that only β-tubulin has GTPase 

activity.59 

Heterodimers of tubulin assemble end-to-end to form linear protofilaments (arranged so 

that α-tubulin only has β-tubulins as neighbors, and vice versa).60 The protofilaments (usually 

13) are then arranged so that the starting point of each is offset by 0.9 nm to form hollow, 

cylindrically shaped microtubules with a diameter of 25 nm and with the appearance of a helical 

pattern of a given tubulin monomer due to the offset.60 When heterodimers of tubulin are added 

directly to an existing microtubule, the dimers are preferentially added to the end with β-tubulin 

exposed (the plus end), based on the rate of addition.60 

Studies indicate that GTP hydrolysis is involved in the conformational change from a 

sheet to a cylinder during microtubule formation, but is not necessary for addition of tubulin 

dimers for microtubule growth.59 The hydrolysis of GTP to form GDP-tubulin also seems to 

increase the propensity for microtubule disassembly.59 Dynamic instability refers to the sudden 

shrinkage of a microtubule, referred to as a catastrophe.59 Rapid addition of tubulin dimers can 

regrow the microtubule and rescue it from shrinkage.59 One of the roles of microtubules is the 

transport of material between the ER, the Golgi apparatus, and the rest of the cell; another related 
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role is the movement of the ER itself within the cell.29 Microtubules also move chromosomes 

during cell division (microtubules are a major component of mitotic spindles).61 Furthermore, 

microtubules provide structural support for cell shape and participate in signal transduction, both 

of which affect cell migration.61 Microtubules can also drive FA disassembly through a process 

that depends on clathrin,54 a protein that is a major component of coated vesicles. 

1.2.8. Forces and the Cytoskeleton 

The actin cytoskeleton, including actin filaments, myosin II, and the proteins responsible 

for constructing the polymerized actin network, serves as a sensor for mechanical forces applied 

on the cell. Cortical actin is connected to the plasma membrane through anchoring proteins. 

External forces applied on the cell are transmitted directly to the cytoskeleton through these 

anchors, as opposed to occurring through signaling mechanisms.62 Similar mechanosensing 

occurs during cell adhesion, although signaling molecules participate in that process despite 

molecular links between the extracellular matrix and the cytoskeleton. Integrins can potentially 

strengthen their binding to ECM proteins upon exposure to mechanical tension.47 RhoA is 

necessary for focal adhesion growth, as this protein mediates mechanisms of actin 

polymerization and the response to mechanical tension.47 The formation of ventral stress fibers 

and FAs relies on myosin contractile action, as well as the actin-filament assembly by formins, 

both of which are controlled by RhoA.46 Focal adhesion area increases with the magnitude of 

force applied across the FA.47,63 The growth of FAs is accompanied by recruitment of additional 

component molecules, which can be accomplished through the exposure of cryptic binding sites 

on proteins already present within the FA by applied force.47 
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Binding to actin is necessary for myosin II accumulation at the site of an applied force, 

but actin alone cannot mount a buildup in the region of external pressure in the absence of 

myosin.62 All components of the cytoskeleton share the force burden to varying degrees, and, in 

some instances, the presence of certain proteins can influence the accumulation of others.62 The 

process of polymerization and depolymerization is a source of force generation. 

Motor proteins—myosins for actin and dyneins for microtubules—can exert forces on the 

membranes.29 In addition to the interactions among cytoskeletal proteins, the nature and 

magnitude of the external force, and its effect on the cortex, can determine specific protein 

responses.62 When the cytoskeleton exerts force on the membrane, these forces can be 

transmitted directly to the extracellular environment by deformation of the membrane and by the 

motion of transmembrane proteins that interact with molecules of the ECM. 

1.2.9. Examples of Other Molecules that Can Affect the Cytoskeleton 

Many other proteins and biomolecules have been shown to modulate actin 

polymerization through interactions with proteins or other biomolecules that are known to 

regulate actin. For example, Kank (kidney or KN motif and ankyrin-repeat domain-containing) 

proteins interact with talin and microtubules, and help organize the cortical microtubule 

stabilization complex (CMSC).64 Through these interactions, Kank supports the connection 

between microtubules, integrins, and actin. Kinases activate actin nucleators, and also participate 

in other processes of cytoskeletal dynamics, often through direct or indirect activation of ABPs. 

LIM-kinases phosphorylate and inactivate cofilin,65 thereby regulating the depolymerization of 

actin filaments. p21-activated kinase 1 (Pak1) activates LIM-kinase to perform its regulatory 

function of cofilin activity.65 Pak1 interacts directly with actin to cause cytoskeletal 
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rearrangements, and also binds the Rho GTPases Cdc42 and Rac.65 The Rho GTPases, Pak1, and 

LIM-kinases function together to regulate multiple aspects the actin cytoskeleton, including 

filament disassembly and membrane motions (such as ruffling). Protein kinase B (PKB, also 

known as Akt) phosphorylates a specific amino acid on palladin, which activates the latter’s 

actin-crosslinking function.66 Myosin light-chain kinase (MLCK), Rho-associated protein kinase 

(ROCK), and myosin phosphatase can regulate myosin II activity by switching the presence of a 

phosphate group on the light chain.36 Further upstream, lysophosphatidic acid (LPA) activates 

Rho, which, in turn, can activate ROCK.46 As a result, LPA signals can modulate myosin activity 

and actomyosin contractility and stress fiber formation.46 The activation of LIM-kinase by 

ROCK also causes the phosphorylation of cofilin, which inhibits filament 

severing/depolymerizing activity, thereby stabilizing existing filaments.47 Control of contractility 

and actin depolymerization regulates the morphology and composition of stress fibers in 

migrating cells.50 These are just a few of the many molecules that influence or are influenced by 

one or more the proteins described here. There is still much to discover about the relationships 

among other intracellular (and extracellular) molecules and their effects on kinases, Rho 

GTPases, other signaling molecules, ABPs, and cytoskeletal and adhesion components. 

1.2.10. Roles of ABPs and Signaling Molecules in Cell Migration 

Actin-binding proteins and signaling molecules directly impact steps in cell-migration 

mechanisms. The extension of actin filaments through actin nucleators, and the molecules that 

regulate them, exert force on the membrane and push forward regions of the leading edge of the 

cell.29 The branched actin network formed through activation of Arp2/3 can push on the 

membrane, leading to the extension of lamellipodia. The capping function of twinfilin (and other 
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proteins with this ability), as well as the sequestration function, aid in the organization of actin 

filament structures that support motility.37 Actin crosslinking by palladin reduces the migratory 

behavior of cancer cells.66 

Just as important as protrusive actions at the leading edge are in cell motion, the function 

of myosin at the cell rear also plays a crucial role. Myosin II can exert contractile forces on the 

cytoskeleton, and is necessary for cell retraction.62 In mesenchymal migration, a polarity exists 

between opposing GTPases at the front and rear of the cell, which directs cell motion. Rac is 

present in higher amounts at the leading edge.33 Meanwhile, for contraction of the cell boundary 

to occur, Rho proteins must signal to the region and activate the motion of the myosin motors, 

through several other signaling molecules.33 Rho proteins are therefore concentrated at the cell 

rear during mesenchymal migration.33 The contractile forces of myosin II are also applied onto 

the actin cortex to create protrusions in amoeboid-like migratory modes.33 The hydrostatic 

pressure created by the contractile force deforms the actin cortex and pushes on the plasma 

membrane to form protrusions33 (as described in the previous section). Under amoeboid 

migration, therefore, the presence of Rac would be limited and concentrated Rho would promote 

myosin contractility.33 

1.3. Extracellular Matrix 

1.3.1. General Characteristics and Composition 

The extracellular environment of practically all organisms generally includes neighboring 

cells and macromolecules of varying density and organization. The characteristics and 

complexity of this environment can differ across species, as well as within distinct anatomical 
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regions of many organisms. The macromolecular network of the cells’ surroundings is referred to 

as the ECM. Many of the molecules that comprise the ECM are proteins or glycoproteins. 

Glycoproteins contain oligosaccharides bonded to the side-chains of amino acids in some regions 

of the protein. Polysaccharides are another component of the ECM. Glycosaminoglycans 

(GAGs), such as hyaluronic acid, can be present on their own or as groups attached to amino 

acid side-chains in proteoglycans (a subgroup of glycoproteins).67 The physical and chemical 

properties of the ECM impact, and are impacted by, the cells situated within it. Characteristics 

that negatively influence cell function, whether caused by aberrant cell behavior or otherwise, 

can lead to negative health outcomes. 

Anatomical components vary considerably in stiffness as well as in the order and 

organization of molecules, fibers, and networks. The properties of the ECM often indicate the 

mechanical functions and requirements of that anatomical region.16 For example, chondroitin 

sulfate (another GAG) is more prevalent on proteoglycans found in connective tissue, and 

provides improved support to those structures.67 Common classes of ECM glycoproteins include 

collagen, fibronectin, tenascins, elastins, and laminins.68 Elastins, as the name suggests, provide 

elasticity to specific tissues.68 Laminins offer distinct adhesive ligands for integrin binding than 

those available on collagens and fibronectins.68 All of these proteins exist in different forms or 

types, which often vary in structural, mechanical, and adhesive properties and, consequently, 

where they are found within the (human) body.68 

1.3.2. Structure 

Some cell types must traverse multiple distinct extracellular environments with varied 

physical properties, whereas others remain in the same surroundings for most of the organism’s 
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existence (excluding the period of development). The ECM serves as a protective barrier that 

separates cells and organs.67 The organization of the macromolecular network effectively serves 

to produce a confined space for the cells, with barriers and pores that can restrict or limit 

passage.14 ECM fibers can serve as tracks on which to travel or climb, or as obstacles that should 

be pulled apart, broken down, or circumvented for cells to reach the intended destination. 

Anatomical components with highly ordered ECM often function as regions of 

mechanical support for the organism.16 More loosely organized fibrillar or sheet-like ECM often 

serves as a substrate to allow cell motion or migration.16 The interstitial matrix is the portion of 

the ECM that is constructed as an interwoven mesh; this component of the ECM provides 

structure and support for tissues, and protects tissues against potentially damaging external 

compression forces.67 To achieve this mechanical strength, the interstitial matrix is often largely 

composed of fibrillar glycoproteins collagen I and fibronectin.67 The other section of the ECM is 

known as the basement membrane (BM). This region is sheet-like in structure, and is composed 

primarily of collagen IV, laminins, and nidogens.67 Other collagen types are also present, and 

together with collagen IV make up 50% of the total protein composition of the BM.69 

Additionally, heparan sulfate is a common GAG linked to these glycoproteins.67 A high degree 

of crosslinking and limited solubility make BMs resistant to proteolysis.69 Basement membranes 

interact with both the epithelial and endothelial cell layers.67 The thin layers of BM are formed in 

many tissues and other anatomical components throughout the body, including blood vessels, 

skin, organs, glands, and muscles.69 

The density, organization, homogeneity, and porosity of ECM proteins often varies by 

anatomical location. For example, fibrillar collagens that surround bone are aligned and spaced 
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less than 10 μm apart, whereas gaps between the fibers in breast tissue are variable in width, but 

can be as large as 20 μm.70 

1.3.3. Cellular Interaction with the Extracellular Matrix 

Attachment to the ECM is vital for a variety of cell types, and detachment of these cells 

can result in abnormal cellular processes, including defective metabolic pathways, anoikis, 

autophagy, and entosis.71 Each of these processes can lead to cell death.71 The interaction of cells 

with the ECM depends on the properties of both the ECM and the cells, the latter of which can 

vary due to, e.g., gene expression. The ability of cells to navigate the ECM impacts the efficacy 

with which the cells perform their functions and can contribute to overall organismal health. 

The cell–ECM relationship is reciprocal in nature. Properties of the ECM impact cell 

behavior and function, and can determine actions taken by the cell onto the ECM. For example, 

properties of the BM orient epithelial cells to execute distinct processes (which leads to different 

properties) at the upper and lower regions of the cell with respect to the position of the 

tissue/organ surface (a phenomenon known as apicobasal polarity), and can also influence cell 

differentiation.67 Any changes incurred by the ECM will alter future cell behavior and processes. 

Functional groups present on peptide regions of ECM proteins have been observed to alter gene 

expression and influence differentiation in MC3T3-E1 cells.72 The ECM is capable of 

sequestering growth factors and cytokines for later release when the need arises, such as to 

expedite wound healing.67 

Specific amino acid sequences in many proteins and glycoproteins of the ECM facilitate 

cell adhesion.73 In fact, these characteristic adhesion sequences on distinct classes of ECM 
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proteins promote the organization and binding of specific integrins.68 The types, as well as the 

density and organization, of integrins can affect cytoskeletal dynamics and signaling pathways, 

which, in turn, can influence cell proliferation and differentiation. For these reasons, the precise 

organization of ECM molecules is vital.67 Several cellular functions require adhesion to the 

substratum for proper execution, including cell division74 and migration (for some cell types and 

under certain conditions). Changes to the ECM, such as through protease degradation, can alter 

mechanical that can lead to the disassembly of FAs.44 

In addition to chemical cues, cells can also respond to the stiffness of the ECM. Some 

cells are able to sense the mechanical response of the substrate in the range of hundreds to 

thousands of Pa.16 Stiffening of tissues can be an indicator of disease.22 Changes in stiffness can 

influence many cell properties, such as morphology, motility, and proliferation.22 Some cell 

types are capable of synthesizing ECM proteins or rearranging the existing architecture of the 

ECM. These modifications can alter the mechanical properties of the matrix, as it has been found 

that aligned collagen fibers have lower microscale stiffness than do randomly oriented fibers.75 

The porosity of the matrix is another factor; the organization and density of proteins varies by 

location, and can restrict cell motion without specialized skills such as nuclear deformation and 

proteolysis.16 

1.3.4. Fibronectin 

Fibronectins are a group of glycoproteins that consist of a dimer of two nearly identical 

monomers bonded through a disulfide linkage,73 forming a V-shape.68 Variations in the 

sequence, composition, and structure of fibronectin exist due to alternative splicing of mRNA 

that can differ across species or anatomical component.76 The monomers contain three types of 
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repeating units. The number of repeats differs between types. Type I has 12 repeats, Type II has 

two repeats, and Type III has 15-17 repeats.76 Type I and II repeats each have two intrachain 

disulfide bonds.76 Fibronectin molecules are synthesized in a globular conformation, but get 

rearranged into a fibrillar form when integrated into the ECM.68 Although fibronectin facilitates 

cell adhesion to the ECM, with binding sites for many different integrins,76 its ligand binding 

sites also enable adhesion to other ECM proteins.68 Amino-acid sequences within the repeating 

units fibronectin are also found in other ECM proteins and GAGs, as well as other proteins.76 

1.3.5. Collagen 

Each collagen molecule consists of a triple helix of three α-chains consisting of a 

repeating amino-acid sequence that always includes glycine and two other amino acids (Gly-X-

Y).77 Often, proline (Pro) and hydroxyproline (Hyp) are the other amino acids in this sequence77 

(not necessarily simultaneously). Glycine has a hydrogen atom rather than a side chain, and its 

small size allows Gly to fit perfectly within each turn of the α-chain helix that faces the center of 

the collagen monomer.77 The bulky pyrrolidine rings of Pro and Hyp face away from the center 

of the molecule.77 Hydrogen bonds formed between the amino end of Gly in one α-chain and the 

carbonyl end of Pro in another α-chain stabilize the secondary structure of the triple helix in 

collagen.77 The estimated Gibbs free energy of formation of the amide-amide hydrogen bonds in 

native collagen is approximately -6 kJ/mol, assuming negligible entropy change.78-80 Similar 

stabilization can be achieved between a hydrogen on the α-C of Gly or Hyp and the carbonyl 

oxygen of Pro or Gly, respectively.78 One hydrogen bond exists per triplet of amino acids across 

the three strands, and the configuration of amino acids across the three α-chains tends to repeat 

every 28.6 Å.78 
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There are 28 known types of collagen in humans, which differ in their composition 

(amino acid sequences) of α-chains and their secondary, tertiary, and quaternary structures.81 

Even within a given collagen type, there can be distinct α-chains and supramolecular assemblies 

of the collagen molecules.81 Some collagen types require that triple helices are composed of 

homotrimeric α-chains, whereas others are always heterotrimeric.82 The collagen types are 

classified into separate categories of structural organization based on the nature of the 

supramolecular structure they form. These categories include the fibril-forming collagens, fibril-

associated collagens with interrupted triple helices, network-forming collagens, and membrane 

collagens.81 In fibril-forming collagens, tropocollagen molecules (the triple helix formed from 

three α-chains) bind to each other in a quarter-stagger pattern (a positional offset), which creates 

a banding pattern.68 Collagen I is the most abundant collagen, and forms fibrils.68 Collagen IV, 

which will be discussed in more detail below, is a network-forming collagen.81 Many cells 

express multiple collagen types.82 

The organization of collagen within a tissue often depends on the function and physical 

requirements of that tissue. Collagen fibril linearity and uniformity depend on the mechanical 

load requirements of the tendons from which they are derived.83 Collagen I—found in such 

distinct anatomical components as bone, skin, and blood vessels—can pack together into fibrillar 

structures of varying density and of diameters that range from tens of nanometers to hundreds of 

microns.68 Collagen II, another fibril-forming collagen, organizes at different densities and 

orientations based on its depth within a tissue.68 
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1.3.6. Collagen IV 

Collagen IV networks are constructed from a triple helix of three α-chains that constitute 

a heterotrimeric collagen IV molecule. Each α-chain features a region of a repeating amino-acid 

sequence featuring Gly and two other amino acids that persists for ~1400 residues.84 Variations 

in amino-acid sequences result in distinct α-chains. The number of available combinations for 

the selection of three α-chains with which to form a triple helix leads to many possible isoforms 

of collagen IV.84 For example, in mammals, there are six genetically distinct α-chains.82 As with 

isoforms of laminins, collagen IV isoforms can vary by as much as 30-50% in their amino-acid 

sequences.69 

Non-collagenous domains occur at various regions throughout the α-chain, including the 

amino and carboxyl termini of the polypeptide, as well as brief interruptions in the Gly-X-Y 

repeat domain.84 The interruptions of these triple repeats provide structural flexibility for 

supramolecular organization and also serve as ligands for the binding of integrins.82 The N-

termini of α-chains are glycosylated with an oligosaccharide, and contain a region with multiple 

cysteines and lysines.82 Properties of the non-collagenous domains of α-chains can influence and 

limit the α-chain partners with which to form the triple helix of the collagen IV molecule.84 

Perhaps for this reason, only three combinations of α-chains have been found in vivo out of 76 

possibilities (including six homotrimers).82 Several of the six collagen IV α-chains have a higher 

affinity for associating with other α-chain isoforms than for forming homotrimers, and these 

chains regulate assembly of the triple helices.82 The non-collagenous domains at the C-termini 

mark the location at which the triple helix begins to form among the three compatible α-chains.82 

The formation of the triple helix from three α-chains includes the exchange of β-hairpin 
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structures from the non-collagenous domains at the C-termini between the α-chains.82 The non-

collagenous domains of carboxyl termini of α-chains offer functional reactivity and molecular 

flexibility that facilitate interactions between molecules and stabilize their proximal organization 

to form dimers.84 These dimers are formed from molecules with identical heterotrimeric α-

chains, and are stabilized through hydrophobic and hydrophilic interactions.82 

Covalent bonds between methionine residues and hydroxylated lysine residues can 

crosslink and further stabilize α-chains at the C-termini,82 through unusual sulfilimine bonds that 

require a protonation step,85 although the extent of covalent bonding varies based on anatomical 

location and the availability of specific enzymes.82 Additionally, the cysteine- and lysine-rich 

region at the N-termini of α-chains supports disulfide linkages within or across molecules, 

leading to the formation of tetramers82,84 and lysine-hydroxylysine crosslinks.82 Glycosylation 

protects against collagenase activity.82 Molecules that are already linked as dimers or tetramers 

can also intertwine/twist with other molecules to form supercoiled structures84 or align their 

collagenous domains to form additional associations through noncovalent interactions.82 These 

various interactions among molecules enable the formation of complex supramolecular structures 

of collagen IV. Collagen IV genetic expression and synthesis occurs throughout the body to 

various degrees. The different α-chains vary in their distribution, with some being more 

widespread than others.84 

1.3.7. The Extracellular Matrix and Its Relation to Health and Disease 

The presence or absence of ECM molecules can be an indicator of the current state of 

tissue health. For example, the mRNA needed to produce one of the three α-chains of the 

heterotrimeric collagen VI molecule is not expressed in many cells derived from mesenchymal 
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tumors.86 Collagen VI is a protein that provides structural and functional support in muscular and 

connective tissue and stroma throughout the body. The absence of collagen VI, therefore, is 

detrimental to proper function of these tissues, and potentially indicates and facilitates the 

presence of cancer.86 On the other hand, collagen VI is absent from, or present at low density in, 

healthy synovium that lines many joints throughout the body.87 In contrast, collagen VI is 

strongly expressed throughout rheumatoid synovial membranes.87 As mentioned earlier, the 

composition of the ECM is anatomically dependent. A large proportion of a protein in a specific 

tissue can be healthy or normal, whereas the presence of the same protein in another tissue is 

indicative of disease. However, the composition of the ECM is dynamic, and external or internal 

changes in conditions can lead to increased synthesis and incorporation of ECM components. For 

example, exercise can improve joint health by initiating the production of glycoproteins to 

compensate for a deficit caused by atrophy and immobility.67 

Extracellular matrix molecules can participate in the development or progression of 

disease in a variety of ways. Proteins in the ECM can be targeted and broken down, leading to 

the degradation of tissue. In the case of Goodpasture syndrome—an autoimmune disease that 

results in kidney and lung damage—autoantibodies target the non-collagenous domains of a 

specific α-chain in collagen IV molecules.84 The sites of antigen binding on these collagen 

molecules are exposed upon protein denaturation as a result of infection or exposure to organic 

solvent.84 Alternatively, genetic mutations or deletions can cause defects in protein synthesis that 

can similarly degrade the ECM. Depending on the amino acid and the location within the 

protein, the mistaken insertion of an incorrect amino acid in a collagen α-chain can cause defects 

in protein folding and posttranslational modifications that lead to the damage of organs or tissues 

and the development of disease.78 Alport syndrome is a hereditary disease in which genetic 
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alterations in the genes that encode collagen IV synthesis lead to degradation of the basement 

membrane in the kidneys, eyes, and inner ear, with renal failure a common prognosis.84 These 

defects lead to errors during production of collagen IV that can affect molecular length or 

stability of supramolecular organization.84 The irregularities that are built into the collagen IV 

network in the case of this disease cause thickening and splitting of the glomerular basement 

membrane (in the case of renal disease) and the formation of lesions in the kidneys.84 The 

amount of ECM molecules deposited can cause organ dysfunction in fibrotic and degenerative 

diseases.67 

In cancers, cells often alter the ECM to promote disease progression. Tumor-associated 

macrophages (TAMs), for instance, express matrix metalloproteinases (MMPs) that can break 

down the ECM around tumors, which allows tumor cells to escape and invade neighboring 

tissue.88 Dense tissue is often associated with excess ECM protein deposition and increased 

stiffness.89 These properties cause an influx of inflammatory signals, as well as of soluble 

fibronectin and fibrinogen, that heightens the immune response, exacerbates inflammation, and 

fosters the growth of tumors and cancer progression.89 TAMs have been shown to promote the 

deposition of aligned collagen fibers,89 which guide tumor cells to invade neighboring tissue. 

Both in vitro and in vivo studies have found that TAMs can guide tumor cells along collagen 

fibers, through the release of chemokines, toward vasculature.89 
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1.4. Development of Nano- and Micro-Scale Patterned Surfaces for Biological and Biomedical 

Applications 

1.4.1. Devices/Systems 

The complexity of human physiology has led to the continuous expansion of research and 

development efforts to identify and address the minutia of both the physiological systems and of 

the devices produced for their understanding, diagnostics, preservation, and therapeutics. Many 

of these applications are being scaled down so that they may be wearable—and perhaps partially 

or entirely embedded beneath one or multiple layers of skin or tissue—or delivered directly to a 

region of the body through means of ingestion, inhalation, or injection. Additional chemical 

and/or physical properties can ensure that the object can target a specific location. Drug-delivery 

systems are biomedical devices that can vary in their intended lifetimes, ranging from hours to 

months. Implantable devices, including prostheses, can serve as replacements or possibly growth 

stimulants for missing or damaged anatomical components. The development of effective 

devices for biomedical applications requires understanding of cell behavior in the complex, 

three-dimensional environments that cells encounter in vivo, which are full of many competing 

stimuli. Additionally, before adoption as an approved device, researchers must study how cells 

interact with the device through in vitro studies. Many cell biology studies have involved 

examining cells on flat substrates. However, in recent years, a lot of effort has been focused on 

simulating properties of the natural cellular environment, with artificial ECMs of different 

degrees of dimensionality. Cells exhibit characteristics that more resemble in vivo behavior when 

plated on linear, fibril-like, topographical arrays than when placed on flat substrates.14 
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1.4.2. Materials 

When selecting materials for applications, there are several factors that must be 

considered. First, the material must possess properties that enable the device to execute the 

desired function. Perhaps just as importantly, one must consider the ease with which a device can 

be produced with a specific material using the selected fabrication technique. Complicating 

matters is the reality that biomedical systems often must execute multiple functions, and must 

comprise several materials to perform these functions. Optimizing the devices requires iterative 

changes and tests to determine the properties of these combinations of materials, as well as their 

response to physiological conditions. For example, the manner by which a drug delivery system 

is produced, the properties of the drug, and the device material all contribute to the efficacy and 

efficiency of the system performance.90 The properties of a material can vary depending on 

synthesis and processing,91 which must also be considered during the design stage and before 

production. Physical characteristics of mixtures or blends of materials can also change in 

response to heat treatment or annealing steps that might be required in manufacturing. Each 

material contributes to the bulk properties of the mixture, and heat can drive phase separation 

and lead to changes in these properties.92 This phenomenon has been exploited to produce 

substrates with topographical cues forming due to morphological changes from the annealing 

process.93 

Several categories of materials are frequently employed for the manufacturing of 

topographical substrates that can be used to study cellular responses. Metal oxides are often used 

to synthesize nanoparticle arrays that serve as substrates or vehicles, or as sacrificial layers for 

patterning.93 Concerns about adverse health effects of particles produced from this class of 
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materials might limit their popularity in some applications. Polymers can similarly be used as 

vehicles for drugs and can also serve as scaffolds for tissue and bone growth. Studies have found 

that several polymers are biocompatible and biodegradable, and they are suitable for therapeutic 

devices designed for use in the human body. Similarly, polydimethylsiloxane (PDMS), a silicone 

elastomer, is frequently used in cell studies due, in part, to its chemical inertness and 

biocompatibility. Proteins, including those comprising the ECM, as well as growth factors,94 can 

be used to construct complex cellular environments. Fluorescent labels are frequently attached to 

the different materials to visualize changes that occur as a result of cellular response to the 

substrates. In many cases, biotechnology combines different classes of materials in a single 

device. 

1.4.3. Fabrication Techniques 

The method of production of biotechnological devices in research settings always 

depends on cost, and frequently on the availability and ease of use of instruments and equipment. 

Additionally, the properties of the desired material(s) might also contribute to the selection of 

specific fabrication techniques. One approach to test the properties of the combination of drugs 

and delivery vehicles is through the fabrication of thin films by spin coating. Techniques have 

also been developed whereby films have been heat-sealed to create a reservoir to house drugs for 

gradual release into the system.90 

A popular focus of biotechnology research is the production of substrates with unique 

chemical or physical properties for in vitro and in vivo (and possibly ex vivo) studies, which can 

provide insight on biochemical and biophysical processes and test surface properties that can be 
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fabricated on implantable devices. Numerous techniques have been developed for the fabrication 

of such substrates.  

Electrospinning uses polymer solution that can be extruded and deposited to form a 

complex, 3D network of random or oriented polymer fibers resembling the natural ECM. This 

technique can produce fibers with diameters below 1 μm.95 Control of the properties of the fibers 

can be achieved by tuning the voltage applied by the machine, as well as by tuning the solution 

properties.93 It is possible to incorporate ECM proteins into the polymer fibers by creating a 

blend that contains both the protein and the polymer and adding this mixture to the 

electrospinning machine.95 Alternatively, ECM proteins can be incorporated into a preexisting 

electrospun substrate by plasma treating the mesh-like film and adding the protein solution, 

thereby altering the surface chemistry of the polymer fibers to enable the proteins to penetrate 

the pores of the film and be incorporated completely within the polymer matrix.96  

Surface coating or functionalization is commonly employed in biological studies on flat 

substrates or in combination with techniques described in this section that create topographical 

features. The techniques can vary in complexity or ease of use, but they can be as simple as 

depositing a solution of ECM proteins onto a glass or plastic substrate. Consideration must be 

given to the interaction of the substrate and coating materials, because adhesion can vary 

depending on the chosen protein and polymer (for example).97 Additional processing steps can 

be performed on the substrate surface—e.g., plasma treatment or surface modification or coating 

with another chemical—to improve the adhesion of the desired ECM protein. Characterization 

methods that can confirm the successful coating of the surface and changes in coating density 

must be identified. Self-assembled monolayers (SAMs) with distinct functional groups have been 
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coated onto substrates to study their effects on gene expression and cell proliferation and 

differentiation.72 Additionally, a substantial amount of research has been invested into 

identifying peptides or amino-acid sequences that promote cell adhesion and can be used instead 

of proteins for biomaterial applications,73 such as implantable devices and tissue engineering. 

Use of peptides instead of entire proteins for surface coatings can avoid problems with 

denaturation under unfavorable conditions, such as small changes in pH and temperature, and 

peptide synthesis allows for the precise control of the amino-acid sequence.73 

Gelation protocols can produce 2D and 3D networks composed of polymers or proteins. 

The hydrogel viscoelasticity can be tuned by adjusting its chemical composition, which can be 

useful for simulating in vivo environments with different stiffness values. 

Etching methods can be used to pattern substrates to produce topographical surfaces. The 

equipment available determines the intricacy of the design. Colloidal lithography, for instance, 

which involves the deposition of a film of nanoparticles and subsequent etching to pattern the 

underlying substrate,93 is limited in terms of resolution by the degree of control one has over the 

self-assembly of the particles. However, this technique can be used to etch surfaces that create 

pattern features with dimensions between 100-250 nm.98 Reactive ion etching (RIE) is a 

technique that exposes substrates to reactive ionic species. Although the resolution of surface 

roughness can be controlled down to the nanometer scale, the location of individual peaks and 

valleys of the resultant topographical features depends on localized material properties and other 

factors that lead to random patterning.93 

Nanoparticle synthesis also has many biomaterial applications, with various classes of 

materials employed to elicit different cellular responses based on the chemical and physical 
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properties of the particles, including the geometrical influence on phagocytosis.99,100 In many 

cases, the nanoparticles are incorporated into substrates fabricated by other techniques. 

Fluorescent particles embedded within hydrogels allows for the detection and quantification of 

the cellular force applied on the hydrogel through techniques such as traction force microscopy 

(TFM).101 Although protocols have been developed to yield precise control of nanoparticle shape 

and dimensions, it is often difficult to deposit or place individual particles selectively in a desired 

location and orientation without applying other technologies. Electrochemical methods have also 

been employed to synthesize metal-containing nanoparticle arrays93,102 and to pattern substrates 

with distinct metallic regions93 that also serve as unique topographical cues. In electrochemical 

anodization, the reactivity of metals can be exploited and the appropriate salt selected to control 

formation of the metal oxide (or another insoluble salt) on the metal substrate. Manipulation of 

the electrolyte (for example, via aging) and prior topographical patterning of the substrate 

empowers electrochemical anodization to control topographical cues on multiple scales.102 

Chemical vapor deposition (CVD) is a technique to deposit thin layers of a material on a 

substrate. Tuning the CVD protocol and selecting appropriate starting materials makes it possible 

to achieve chemical reactions during subsequent processing steps that alter the composition of 

the deposited film.94 Other surface-modification or functionalization techniques can be employed 

to prepare a substrate for patterning steps. 

Microfluidic devices are used to simulate in vivo fluid flow conditions experienced by 

cells. Additionally, topographical cues can be incorporated into the device or the microchannels 

can be patterned with discrete regions of specific protein coatings and gradients or distinct layers 

of cells embedded within hydrogel precursors.93,103 Inkjet printers designed to print proteins are 
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capable of creating patterned substrates, though with feature sizes on the scale of hundreds of 

microns.103 Dip-pen nanolithography is a high-precision, direct-write technique that applies 

material via an atomic force microscope cantilever. This technique can apply a range of materials 

to a substrate in arbitrary three-dimensional designs.103 

Surfaces produced by methods with limited patterning precision frequently provide new 

insights in the targeted biological systems, as well as new tools to study cellular processes while 

guiding further innovation in biomedical device design. However, when used in combination 

with fabrication techniques capable of high resolution, such as soft lithography and 

photolithography, it is possible to achieve precise control of local chemical and physical surface 

properties.93 

1.4.4. Photolithography 

Photolithography generally refers to the patterning of a material using light. 

Photolithography is most frequently associated with integrated circuits and the electronics 

industry, though it has been applied to other fields such as microfluidics, optics, and 

bioengineering. There are a variety of techniques of varying complexity that can be categorized 

as photolithography. However, the term is most often used to describe the exposure of material 

to ultraviolet light transmitted through a photomask. Although most applications use polymers, 

photolithography can be applied to any material or combination of materials reactive to and/or 

patternable upon exposure to light. The process of photolithography includes the following 

general steps: deposition of material on a substrate (and possible pre-exposure processing); light 

exposure; and post-exposure processing and development (often referring to the treatment of the 

patterned material with solvents). Using the terminology associated with polymer films, 
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photoresists are categorized as positive-ton or negative-tone. These terms describe whether the 

material exposed to or not exposed to light is removed from the substrate, respectively, due to 

decreased substrate adhesion and/or increased solubility in the selected solvent(s). Depending on 

the application and material, additional steps might be incorporated after development of the 

patterned substrate. A photoinitiator is generally incorporated as a photoactive species in 

negative-tone photoresists. Often, the selected photoinitiator undergoes radical formation, which 

then leads to polymerization that undergoes a radical chain reaction. However, cationic 

photoiniators can also be used. Some experimental systems have been developed in which UV 

light or a laser can dynamically and selectively etch, oxidize, or crosslink material in situ to 

change the biochemical or physical environment encountered by cells.93 

1.4.5. Multiphoton Lithography 

Nonlinear optical processes have been applied to many different research and industrial 

fields, including microscopy, spectroscopy, lasers, medicine, telecommunications, information 

transmission and storage, electronics, and manufacturing.104 Multiphoton lithography has 

achieved advances in many of these, as well as other (e.g., optical devices, microfluidics, 

biotechnology) technological areas of study.105-107 Multiphoton lithography involves (in most 

cases) the time-coincident absorption of multiple photons of light (sometimes referred to as 

multiphoton absorption (MPA)); i.e., the photons must interact with the material at 

approximately the same location and time. For the electronic transition to an excited energy level 

to occur, the absorbed photons must convey enough energy to surmount the gap between levels. 

For single-photon excitation, the quantized energy must equal the difference between electronic 
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levels, whereas for two- and three-photon absorption, each photon would contribute one-half or 

one-third of requisite energy, respectively, and so on. 

Simultaneous absorption of multiple photons by an individual molecule is an unlikely 

process, and multiphoton lithography has been referred to as femtosecond laser direct writing 

(FsLDW) to indicate the need for ultrafast laser pulses with high peak power. A commonly used 

excitation source is a Ti:sapphire oscillator. The photons must be concentrated spatially, too, so 

the laser beam is often passed through a high-numerical-aperture objective before impinging on 

the photoactive material. Despite these efforts to increase the likelihood of simultaneous 

absorption of two or more photons by an individual molecule, the process is still improbable 

throughout the exposed material, and only occurs within the focal region of the microscope 

objective (i.e., power loss due to absorption deep within the material is limited).105 As a result, 

multiphoton lithography enables three-dimensional control of the fabricated patterns. Modulation 

of the laser power can reduce the voxel size, and thus the feature dimensions, of fabricated 

structures.107 2D and 3D control of the design can be achieved by a computer-controlled 

microscope stage used to change the position of laser exposure within the substrate material, 

although other approaches have also been employed for this purpose. A computer-operated 

optical shutter allows for further control over the location and time of laser exposure. A 

computer interface is necessary to transmit instructions to the stage, mirrors, shutters, and other 

equipment that requires real-time adjustment during patterning. Computer software of varying 

complexity is usually employed to design patterns and implement coordinates and instructions to 

be performed by the dynamic components of the setup. If the substrate is transparent, and the 

material is also somewhat transparent, fabrication can potentially be monitored by including a 

camera in the optical path of the microscope. 
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Multiphoton lithography, like standard photolithography, is based on the excitation of 

electrons to higher orbitals or levels through the absorption of photons that match the energy gap. 

For the material to be useful, the excited state must lead to a change in reactivity or in the 

physical properties of the system. The use of multiple photons for excitation means the 

application of light from less energetic and more accessible regions of the electromagnetic 

spectrum is a standard benefit of multiphoton lithography. 

Patterning with multiphoton lithography has been demonstrated with many different 

classes of materials. A popular focus of reports in this field is the fabrication of patterned 

substrates made of polymers, and the technique is referred to as multiphoton absorption 

polymerization (MAP)107 (or two-photon-induced polymerization, TPIP, or two-photon 

photopolymerization, TPP). Much of the research in MAP has been focused on producing 

photonic structures or other optical components, including lenses, waveguides, and photonic 

crystals.107 Creativity in terms of device design and the incorporation of diverse materials is 

often necessary to maximize the refractive index difference or to optimize other optical 

properties.107 Nano- or micro-scale polymer structures fabricated using MAP can have different 

mechanical properties than those produced from the same material using standard (UV) 

photolithography, or with macroscopic dimensions, likely due to reduced crosslinking of the 

material during multiphoton fabrication.106 Acrylates are an especially popular class of polymers 

for MAP, due to their appealing properties that include the availability of a variety of functional 

groups and molecular weights, as well as rapid polymerization, and transparency in the visible 

range of the electromagnetic spectrum.106 Acrylic resins are often liquid at room temperature, 

and crosslinking forms solid structures. As is the case with standard photolithography, a 

photoresist or photopolymerizable material usually includes a radical, or cationic, photoinitiator 
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and occasionally a co-initiator. However, selection of the photoinitiator must be carefully 

considered, because not all photoinitiators have a sufficiently large two-photon absorption cross 

section to efficiently absorb multiple photons to produce radicals. Radical photoinitiators from a 

variety of families of molecules have been successfully applied to MAP, and have been 

combined to form hybrid photoinitiators with improved power thresholds and efficiency of 

radical formation.108 Another application that uses polymers for patterning exploits the solubility 

of stereoisomers,105 in which laser exposure converts the polymer to an isomer with greater 

intermolecular interactions and lower susceptibility to solvation. 

3D protein structures, including hydrogels composed of biomolecules, have also been 

prepared using multiphoton lithography.105 The patterning of trypsin microreactors in a 

microfluidic channel allows for the cleavage of proteins as they flow past the enzymatic 

structures in a solution.109 

Nano- and micro-scale devices can be produced that are partially or entirely composed of 

metal.106 These devices can then be applied to electronic applications. Noble metal nano- or 

microstructures can be fabricated by reducing the metal present as a salt or acid.110,111 A polymer 

matrix is often used to stabilize the formation of the metal structures, and a reducing agent (the 

polymer, in some designs) is activated by multiphoton excitation.110,111 The polymer can be 

removed by developing the fabricated structure in an appropriate solvent.110,111 Conductivity can 

be enhanced through electroless plating.110 Metal oxides have similarly been patterned through 

this general technique by chemical modification of metal alkoxides to a photoactive species. 

Laser exposure is believed to break down organic bonds and reduce the solubility of the reacted 

material,105 similar to the application with stereoisomeric polymers. 
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The 3D control over pattern features that is offered by multiphoton lithography allows for 

the fabrication of structures that many other lithographic techniques are incapable of producing 

easily. Many of these difficult patterns contain features that are not continuous within a plane 

normal to that of the substrate, for example structures containing voids. Structures that contain 

closed loops are especially problematic, as molding or replication material used to copy the 

original structure will fill the empty space and the pattern will rip upon peeling. Incorporating 

membranes—2D planes of patterned material of approximately 1-μm thickness (in the third 

dimension)—into the structural voids during fabrication makes it possible to mold and replicate 

these complex patterns, through a technique referred to as membrane-assisted microtransfer 

molding (MA-μTM);112 these patterns would otherwise be destroyed during the replica molding 

process. 

The resolution of features produced using multiphoton lithography is often near or below 

the diffraction limit. Material properties, equipment details, and protocol adaptations can 

improve resolution and reduce feature size, in some cases to well below the diffraction limit. The 

nonlinear optical effect of the multiphoton absorption process contributes to resolution below the 

diffraction limit through a reduced square light intensity distribution and a smaller volume of 

material impacted by the incident light.105 Controlling the exposure duration at any location 

within a material also impacts feature size.105 Simply increasing the laser scan speed (e.g., by 

adjusting the motion of the microscope stage) can also decrease the thickness of a fabricated line 

due to fewer photoactive molecules being excited during exposure in each spot.113 These factors 

emphasize the importance of the equipment used for multiphoton lithography, as the rate at 

which a shutter can respond or a stage or mirror can alter direction or position (and the precision 

with which motion can be controlled) affects feature size and resolution. Precise overlap of 
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voxels (individual volume elements) controlled by a piezo stage or mirrors with similar precision 

enables features to be shaped at the nanometer scale. Photoinitiator selection is one factor that 

determines the threshold power necessary for polymerization. A photoinitiator that efficiently 

initiates polymerization in the resin or photoresist requires a lower threshold power, which, in 

turn, can provide better spatial resolution.113 Quenchers have been added to resins or photoresists 

to limit further the region in which radical polymerization—and, therefore, lithography—

occurs.105 The physical properties of the patterned material also contribute to sub-diffraction-

limited resolution. When exposed to air or to solvent changes, the surface tension can smooth 

regions between voxels, thereby reducing surface roughness and feature size.105 

Exposure with additional laser beams can also improve resolution. Studies have found 

that coincident irradiation with a second laser beam of appropriate wavelength and power can 

inhibit MPA-induced polymerization in specific materials.114 The mechanisms through which 

this process—now often referred to as multicolor lithography—works depend on the material, 

and the setup must be adjusted accordingly. However, in general, this approach exploits the 

presence of unreactive excited states within the photoreactive molecules, and these additional 

laser beams are used to transfer some or all of these electrons to unreactive states. The extent of 

inhibition can be adjusted by offsetting the excitation and deactivation beams, adjusting the 

power output of the lasers, and/or incorporating phase masks into the beam path (which can 

affect the spatial distribution of laser intensity).114 

Multiphoton fabrication is generally performed by allowing the beam to encounter 

different locations within the material sequentially, either by moving the position of the beam 

relative to the substrate (scanning mirrors) or vice versa.106 This approach limits the rate of 
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fabrication and the scalability of the process. Several adaptations allow for faster patterning.106 

Use of a microlens array can simultaneously fabricate tens of copies of a patterned structure on 

the same substrate (discussed in several reviews).108 105,106 Researchers are now seeking to 

independently, simultaneously control multiple fabrication designs on the same substrate, using 

devices such as a spatial light modulator (SLM).108 Methods that are capable of fabricating 

multiple patterns simultaneously must be paired with an experimental setup that ensures the 

alignment of the substrate in the z dimension; otherwise, some of the structures produced will 

differ in height or will be incomplete or absent due to variations in the position of the voxels 

from the focused laser beam with respect to the surface of the substrate.108 Holographic 

patterning of a mode-locked beam with an SLM can be achieved with control of the beam phase 

and polarization.115 Software processes the desired intensity distribution and uses an iterative 

Fourier transform algorithm to construct the necessary phase hologram.115 Additional optical 

elements are usually incorporated to control the beam properties before and after incidence on 

the SLM.115 Creative techniques can facilitate spatiotemporal patterning of large areas without an 

SLM. Directing the beam into the objective using a digital micromirror device (DMD) provides 

spatial patterning and temporal patterning through angular dispersion.116,117 The DMD is often 

programmable to allow easy control of patterning the dispersed light.117 Coordinating stage 

motion with the projected image from the DMD provides 3D control over pattern printing.116 

Use of angular dispersion to spatiotemporally control the projected multiphoton beam can be 

further controlled with beam-shapers and even an SLM.116,117 
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1.4.6. Soft Lithography 

Soft lithography refers to the process of creating a pattern design and then producing 

copies of the original through replica molding or related processes. The initial pattern is often 

fabricated with photolithography, although other techniques have been demonstrated, including 

the deposition and immobilization of diatoms.118 A mold of the original is then produced using 

an elastomeric material (often PDMS). The elasticity of PDMS makes this material an excellent 

choice for molding 3D structures, such as those produced using multiphoton lithography, without 

damaging complex features.107 Several soft-lithographic techniques have been developed to 

stamp replicas of the original pattern design. Microcontact printing (μCP) usually involves 

depositing a material in solution (proteins are a common choice) on a stamp and allowing it to 

dry. The material is then transferred to a substrate whose surface promotes adhesion or 

reaction.93 The pattern of the elastomeric stamp determines the distribution of transferred 

material on the substrate, and can be used, e.g., to create protein gradients for haptotaxis 

studies.103 Imprint lithography is another method derived from soft lithography, which will be 

discussed in greater detail later. These techniques can produce distinct patterns on a substrate 

from a single mold/stamp. Some adaptations of these approaches have strategically separated the 

stamping process from the step in which the patterned material is attached to the substrate, 

thereby making it possible to produce scaffolds with embedded microchannels.93  

The replica-molding process entails the production of a negative relief of the original 

pattern, i.e., the creation of a copy in which the solid regions become voids and the voids become 

solid. Replica-molding techniques that offer fast replication times can improve the scalability of 

serial techniques such as MAP. Structures containing features with open regions or unfilled 
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spaces within a z-plane are prone to damage or destruction during molding, which can limit the 

applicability of this method to less complex patterns. However, incorporating membranes into 

the original design (MA-μTM)112 is one solution that has been demonstrated to increase the 

applicability of replica molding, and to facilitate replication of 3D patterns or features. 

Generally, at the beginning of the process the molding material is liquid, and so can conform to 

the shape of the pattern. To maintain its shape, the properties of the material must change such 

that when molding is complete, the mold is solid. PDMS is often chosen for this technique across 

the many applications and fields of study. PDMS is a silicone polymer with repeating siloxane 

units. Due to a list of attractive properties, including optical transparency, gas permeability, 

limited reactivity, and viscoelasticity, PDMS is also a popular material choice for microfluidics 

and biological applications. The most common approach to producing PDMS molds is through 

the mixing of the components of the Dow Corning Sylgard 184 Elastomer Kit, which is 

composed of an elastomer base and curing agent, usually mixed in a 10:1 ratio. However, 

adjustment of the composition has also been explored to change the properties of the mold, either 

through altering the ratio of these components or using entirely different starting materials 

(including those with different functional or terminal groups). Using precursors with vinyl and 

hydrosilane functional groups produces what are often referred to as hard-PDMS (h-PDMS) 

molds, which improve the resolution attainable. Adding a solvent that matches the hydrophilicity 

of the substrate material (by gauging dipole moment) and reduces the solution viscosity (while 

also supporting the solubility of the components) of the prepolymer mixture can produce high-

fidelity, composite molds (combined with a thick slab of soft PDMS made from Sylgard 184) 

that effectively replicate dense patterns with features and spacings on the scale of tens of 
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nanometers.119 The elastomeric molds exhibit viscoelastic properties that allow the molds to 

conform to and detach from substrates without damaging the features of either.  

1.5. Thesis Outline 

The migratory behavior of cells depends on the coordination of the cytoskeleton, 

signaling pathways, and other molecules that contribute to the structure and dynamics of the cell 

and that regulate or otherwise affect the cytoskeletal and signaling networks. Interactions with 

extracellular cues can alter intracellular processes. Properties of the ECM, including stiffness and 

surface chemistry, affect transmembrane proteins, as well as components of the cytoskeleton and 

signaling pathways that interact with these proteins. Nano- and micro-scale topographical cues in 

the extracellular environment also influence the organization and dynamics of intracellular 

molecules, a phenomenon we refer to as esotaxis, from the Greek for inner guidance. This 

guidance by nanotopography can drive directed cell motion, which we term microthigmotaxis, 

signifying guidance by texture on a subcellular level. 

In Chapter two, a technique that facilitates the production of nanotopographic substrates 

on a relatively large scale is described. This method is based on soft lithography and replica 

molding techniques. Structures that were originally fabricated using MAP were replicated using 

solvent-assisted nanotransfer molding. This process, which can incorporate ultraviolet 

photolithography, is applicable to photoresists produced using a variety of photoinitiators that 

support cell viability during a 48-h incubation period. The molding technique is capable of 

reproducing patterns with many different geometries, and reproduces nanoscale topographical 

features with high fidelity. The acrylic photoresists used in this study form replicas that can be 
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coated with ECM proteins. These replicas also have high optical transparency that permits the 

use of various imaging modalities and fluorescent labels across the much of the visible spectrum. 

The examination of an array of breast-cancer cell lines plated on an asymmetric sawtooth 

nanotopography revealed distinct migratory characteristics, which is discussed in Chapter three. 

The directional bias of cell motion, as well as cell speed and persistence and morphologies of 

migrating cells, vary across cell lines. Actin localization and dynamics on individual sawteeth 

contribute to the differences in guided motion among cell lines. Scanning electron micrographs 

and super-resolution confocal images of stained focal adhesions further elucidate how cell lines 

vary in their perception of and interaction with nanotopographic cues. 

Chapter four explores how the organization and dynamics of actin depend on the 

topography encountered by the cell. Additionally, actin response to nanotopographic cues is not 

uniform across cell types. In this chapter, an analysis method is presented that calculates the 

optical flow of actin based on time-lapse images of cells with fluorescently labeled F-actin. The 

calculations are performed based on fluorescence intensity gradients (spatial gradients) and 

changes in the position of actin structures between frames (difference images, or temporal 

gradients). The optical-flow data for actin are compared between an epithelial cell line and 

neutrophil cell line on flat and nanoridged substrates. The clustering of optical-flow vectors 

adjusts the scale of actin dynamics being analyzed up to the micron scale, which can allow for 

the characterization of actin waves and the motion of actin structures that span multiple ridges. 

Cells respond to multiple properties of the ECM. These properties affect the cell 

simultaneously; e.g., when a cell comes in contact with a collagen fibril, the cell senses both the 

shape and the stiffness of the fibril. In Chapter five, the effect of surface chemistry on the 
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cellular response to nanotopography is explored. Cells were plated on either uncoated nanoridges 

or on ridged surfaces that varied in collagen IV coating density. The effect of collagen coating on 

cell morphological and migrational response to nanoridges is explored. Whether incubation time 

has an effect on the cellular response is also investigated. Cell orientation and contact guidance 

are not dramatically different on ridges with different coatings. Actin dynamics are well guided 

by the nanoridges, and this guidance increases with incubation time. The actin guidance is 

compared across different migratory phenotypes. 

Chapter six concludes this thesis with a review of esotaxis based on results described in 

earlier chapters, as well as other recent reports based on or related to studies of cellular and 

cytoskeletal responses to nanotopography fabricated using solvent-assisted nanotransfer 

molding. This summary will touch on the ubiquity of esotaxis and how nanotopography 

influences immune cells. The organization and dynamics of other cellular components are also 

discussed. Different topographic cues can elicit distinct cellular and esotactic responses. 

Cytoskeletal organization depends on the dimensions of the nanotopographic substrate. 

However, the same topography can elicit distinct cytoskeletal responses in different cell types. 
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Chapter 2: Replication of Biocompatible, Nanotopographic Surfaces 

This chapter is adapted from Sun, X.; Hourwitz, M. J.; Baker, E. M.; Schmidt, B. U. S.; 

Losert, W.; Fourkas, J. T. Replication of biocompatible, nanotopographic surfaces. Sci. Rep. 

2018, 8, 564. It is adapted with permission through the Creative Commons Attribution 4.0 

International License. Sun fabricated the master nanotopographic surfaces, performed solvent-

assisted nanotransfer molding, coated the surfaces with proteins, characterized the surfaces, 

cultured, fixed, and stained the cells, evaluated cytotoxicity for different photoinitiators, and 

wrote the manuscript. Hourwitz performed solvent-assisted nanotransfer molding, coated 

surfaces with proteins, cultured, fixed, and stained the cells, evaluated cytotoxicity for different 

photoinitiators, and wrote the manuscript. Baker performed solvent-assisted nanotransfer 

molding and evaluated cytotoxicity for different photoinitiators. Schmidt analyzed images. 

Losert and Fourkas wrote the manuscript. 

 

2.1. Introduction 

In physiological environments, cells are not only subjected to chemical signals, but also 

to physical interfaces that present various geometries and topographies. For instance, the 

phagocytosis of microparticles by macrophages depends on the shape and the orientation of the 

particles.99,100 The activation of T cells can be initiated by contacting antigen-presenting 

dendritic cells, which are characterized by complex surface topographies such as filopodial 

protrusions, membrane ruffles, and invaginations.120 The extracellular matrix (ECM), which is 

replete with collagen fibers that are hundreds of nanometers wide, has been demonstrated to be 

https://creativecommons.org/licenses/by/4.0/
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crucial in physiological processes, such as cell differentiation,121 embryonic development,122 

immune response,123 and wound healing.124 In contrast, an aberrant ECM contributes to 

pathological conditions, such as rheumatoid arthritis125 and cancer metastasis.126,127 Although 

certain proteins, such as actin and integrins, have been identified as playing a role in these 

processes, the effect of physical cues on the dynamics of these proteins and the mechanism of 

their mechanosensing remain elusive. Compared with commonly-used 2D chemical 

micropatterns on flat surfaces,128,129 nanotopographies that resemble the physical features in vivo 

provide a more physiologically-relevant tool for studying cellular behaviors and intracellular 

dynamics, as well as for dissecting the mechanism of mechanosensing. For example, 

nanoridges130 and asymmetric microsawteeth131 have been demonstrated to guide cytoskeletal 

dynamics (esotaxis) and cell migration (microthigmotaxis). Micro- and submicro-pillars have 

been found to affect cellular rigidity sensing via biasing the localization of myosin filaments and 

focal adhesions.132 Disordered nanodots133 have been shown to induce cell differentiation. With 

growing interest in the effect of physical cues, such as topography and curvature, on cell 

behavior and intracellular dynamics, methods for generating nanotopographic biomaterials are 

highly desirable. 

A number of techniques have been developed for the generation of nanotopographic 

materials for biomedical applications. One such method is the replica molding of 

photolithographically-fabricated master surfaces using photocurable hydrogels.134 However, 

some of the photoinitiators involved in the hydrogel photopolymerization have been found to be 

cytotoxic,135,136 and the underlying topography can deform under the nanoNewton cellular 

traction force due to the compliance of the hydrogels.137 Although the ECM and other biological 

microenvironments are compliant on the mesoscale, they are rigid at the nanoscale. It has been 
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suggested that both convex- and concave-curvature-sensing proteins can stimulate actin 

polymerization,138 so nanotopography that retains its original geometry is desirable for 

comparing how topography comparable to that of the ECM affects cytoskeletal dynamics. 

Injection molding has been used for the rapid creation of rigid, polymeric nanotopographic 

substrates.139 However, the method is limited to molding low-aspect-ratio nanostructures, and the 

thick flash layer formed in the injection cavity presents a challenge for the use of the replicas in 

high-magnification cell imaging. 

Here we report a method for the rapid generation of rigid, biocompatible 

nanotopographic materials that can be chemically functionalized with ease. By adding solvent to 

the polydimethylsiloxane (PDMS) prepolymer, we are able to mold complex nanotopographies 

with resolution as fine as ~25 nm. The resulting PDMS mold can also serve as a master for the 

replication of complementary nanotopographies. The acrylic resin used in the replica molding 

provides a platform for the subsequent surface functionalization for cell experiments. Resin 

formulations and processing conditions that prevent cytotoxicity in the replica surfaces are also 

examined. The molding resolution, versatility of surface functionalization, and potential 

applications of the nanotopographic surfaces are discussed. 

2.2. Results 

In our method, a master surface is fabricated using multiphoton absorption 

polymerization (MAP).140 The master surface is then functionalized with a perfluorocarbon to 

reduce the surface energy and to facilitate the subsequent release of the PDMS mold. In the 

solvent-assisted nanotransfer molding, hexane-containing hard PDMS prepolymer141 is cast on 

the perfluorocarbon-passivated master surface containing the desired nanotopography. Hexane 
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serves as a solvent to reduce the viscosity and the surface tension of the hard PDMS prepolymer, 

and thus to assist the prepolymer’s penetration into gaps and voids. After precuring at 60 °C, a 

thick layer of soft PDMS prepolymer is poured on top of the hard PDMS and cured again at 60 

°C. Next, a drop of acrylic resin is sandwiched between the PDMS mold and the acrylate-

functionalized cover glass, and then is photocured for 5 min. The resulting replica has 

nanotopography that is identical to that on the master surface (Fig. 2.1A). The complementary 

(negative) nanotopography can be produced by using the negative PDMS mold as a master for a 

new round of molding (Fig. 2.1B). 

We examined the fidelity of the molding process by comparing the nanotopography of 

master and replica substrates using scanning electron microscopy (SEM) and atomic force 

microscopy (AFM). The widths of the master ridges (Fig. 2.2A), replica ridges (Fig. 2.2B), and 

replica grooves (Fig. 2.2C) are all ~350 nm, with no discernible difference between master and 

replica. AFM profiles show that the ridge heights and groove depths are also replicated 

accurately (Fig. 2.2D, Fig. 2.3A,B, 400-nm-tall master and replica ridges; Fig. 2.2E, Fig. 2.3C,D, 

470-nm-tall replica ridges and 470-nm-deep replica grooves). Using this method, we are able to 

replicate a diverse range of topographies, representative examples of which are shown in 

Fig. 2.2F-I. Asymmetric microsawteeth (Fig. 2.2F) have been demonstrated to induce 

unidirectional cell migration through esotaxis.131 Nanoposts with a diameter of ~500 nm 

(Fig. 2.2G) are on the same size scale as many bacteria, rendering these structures a useful tool 

for studying cytoskeletal dynamics involved in frustrated endocytosis and invagination. Curved 

(Fig. 2.2H) and kinked (Fig. 2.2I) nanoridges mimic collagen fibers and nodes in the branched 

collagen network in vivo, respectively, providing a platform for the systematic study of how 

curvature and branching angles affect intracellular dynamics. 
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Figure 2.1. Schematic of the replication processes for nanoridges (A) and nanogrooves (B). 

Reprinted with permission from reference 142. 
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Figure 2.2. Characterization of the fidelity of the solvent-assisted nanotransfer molding. (A–C) 

SEM images of master ridges (A), replica ridges (B), and replica grooves (C). The negative 

topography C in the juxtaposition has been flipped horizontally for consistency. (D,E) Sectional 

AFMs of 1-μm-spaced master (blue) and replica (red) ridges (D), and 1.5-μm-spaced replica 

ridges (blue) and grooves (red) (E). (F–I) SEM images of asymmetric sawteeth (F), nanoposts 

(G), curved ridges (H), and kinked ridges (I). Scale bars, 1.5 μm (A–C), 1 μm (F), and 2 μm (G–

I). Reprinted with permission from reference 142. 
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Figure 2.3 AFMs of 1-μm-spaced master (A) and replica (B) ridges, and 1.5-μm-spaced replica 

ridges (C) and grooves (D). Reprinted with permission from reference 142. 

 

To assess the resolution of the solvent-assisted nanotransfer molding, it would be 

desirable to mold nanostructures that are smaller and more closely-packed than the 

aforementioned nanotopographies. However, the typical width of a MAP-fabricated voxel is 

~300 nm. To test whether our method is capable of molding features smaller than 300 nm, an 

alternative master nanotopography was needed. Therefore, nanograss with a thickness and 

spacing of ~25 nm (Fig. 2.4A,B) was used to investigate the resolution. This nanograss was 

created by subjecting the nanoridges to reactive ion etching (RIE). As shown in Fig. 2.4, the 

replica nanograss (Fig. 2.4C,D) exhibits thickness and spacing that are similar to those of the 

master nanograss (Fig. 2.4A,B), suggesting that the resolution of the molding is at least as fine as 

25 nm. 

We coated the nanoridges with collagen IV to render the surfaces adherent to mammalian 

cells such as MCF10A human breast epithelial cells and HL60 neutrophil-like cells. It is also 
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possible to functionalize the surface of the nanotopograhical substrate with other ECM proteins. 

The exposed amine groups on collagen can react naturally with surface acrylate groups through 

Michael addition.143 The collagen IV used in our studies, however, is stabilized in a solution of 

0.05 N HCl. Michael addition reactions require basic (or nearly basic) conditions. Although it is 

possible to transition the solution to basic conditions through the addition of certain salts to 

stabilize and prevent denaturation of the protein, this is not necessary for our purposes, as the 

collagen IV remains adsorbed on the surface of the acrylic substrate even after multiple rinses 

and changes of the cell medium. 

To characterize the collagen coating, we treated the collagen-IV-coated nanoridges with 

NHS Alexa 594, which fluorescently labels the protein but not the acrylic polymer (Fig. 2.5). 

Figure 2.5A shows the average cross section reconstructed from confocal z-stack images, which 

starts below the bottom surface and ends above the tops of the nanoridges. The uniform 

fluorescence delineates the contour of the nanoridges, whereas the bulk polymer region remains 

dark. This phenomenon indicates that the nanoridges are coated conformally with collagen. The 

fluorescence along the sides of the ridges and the middles of the trenches further confirms the 

conformal nature of the collagen coating (Fig. 2.5B,C). [Note that the thickness of the coating is 

exaggerated in the axial direction due to the elongated point-spread function of the microscope.] 

Similar results were obtained on nanoridges coated with fluorescently labeled fibronectin 

(Fig. 2.6), indicating the functionalization of nanotopographies replicated in acrylic resin is not 

protein-specific. Any protein/peptide with surface amine and/or thiol groups is expected to 

exhibit good adhesion. The curing time of the replica can also be tuned to adjust the density of 

residual acrylate groups on the polymer surface available for the subsequent protein coating.143 
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Figure 2.4. Replication of nanograss. SEM images of the master (A,B) and replica (C,D) 

nanograss. Scale bars, 200 nm. Reprinted with permission from reference 142. 

 

 

Figure 2.5. Functionalization of nanoridges with collagen IV. (A–C) Side-view images of the 

fluorescent-collagen-coated nanoridges reconstructed from z-stack confocal images. The planes 

are perpendicular to the surface in the position of the dashed lines in (D) of the color of the 

image borders. (D) Top-view schematic of nanoridges with grey representing the ridges. Scale 

bars, 3 μm. Reprinted with permission from reference 142. 
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Figure 2.6. Functionalization of nanoridges with fluorescently labeled fibronectin. (A-C) Side-

view images of the fluorescent-fibronectin-coated nanoridges reconstructed from z-stack 

confocal images. The planes are perpendicular to the surface in the position of the dashed lines in 

(D) of the color of the image borders. Scale bars, 3 μm. Reprinted with permission from 

reference 142. 

 

To investigate how replicated nanotopography affects cytoskeletal alignment and the 

distribution of focal adhesions, we plated individual MCF10A cells on collagen-IV-coated 

nanoridges and nanogrooves, and fixed the cells after 12 h. Cells tend to elongate along the 1.5-

μm- and 2-μm-spaced ridges and grooves (Fig. 2.7A–F). Both F-actin (Fig. 2.7A) and 

microtubules (MTs) (Fig. 2.7B) form long fibers that align along the ridges. We observed strong 

alignment of MTs but not of F-actin near the trailing edge of the same cell (cf. the right part of 

the cell in Fig. 2.7A,B), indicating that MTs align naturally along the ridges, rather than being 

dragged into alignment by F-actin. Inside the grooves, however, F-actin primarily forms long 

streaks (Fig. 2.7C), whereas MTs barely appear (Fig. 2.7D). Differences in the localization of 

focal adhesions (FAs) are also observed between cells on the ridges and cells on the grooves, 

although FAs form on both types of nanotopography (Fig. 2.7E–H). FAs prefer to localize on 

most of the ridge area covered by the cell, especially near the cell periphery (Fig. 2.7E,G). 
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However, FAs either only localize in limited numbers inside the grooves that are near the cell 

periphery (Fig. 2.7F), or barely appear inside the grooves (Fig. 2.7H). Even though F-actin forms 

streaks in the grooves covered by the interior cellular region, FAs still avoid those groove areas 

(Fig. 2.7H). 

 

 

 

Figure 2.7. Cytoskeletal alignment and focal adhesion distribution on nanoridges and 

nanogrooves. (A–H) Maximum intensity projection of confocal z-stacks that go through the 

entire ridge/groove volume. The nanoridges/grooves are horizontally oriented. (A–D) Actin 

(A,C) and tubulin (B,D) stain of one cell on 2-μm-spaced nanoridges (A,B) and another cell on 

2-μm-spaced nanogrooves (C,D). (E–H) Actin (green) and paxillin (magenta) stain of cells on 

nanoridges (E, 1.5-μm-spaced; (G) 3-μm-spaced) and nanogrooves (F, 1.5-μm-spaced; (H) 3-

μm-spaced). Scale bars, 6 μm. Reprinted with permission from reference 142. 

 

The use of photoinitiators, which are incorporated into the polymer upon reaction and are 

then no longer photoactive, is advantageous over the use of photosensitizers such as Rose 
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Bengal,144,145 which retain their ability to generate radicals after polymerization. To ensure the 

creation of non-cytotoxic replicas of nanotopographies, we molded 6.4-μm-spaced nanoridges 

using acrylic resins prepared with a range of different photoinitiators. To remove potentially 

toxic unreacted photoinitiator molecules and byproducts of polymerization, the surfaces were 

soaked in ethanol and water before being coated with collagen IV and plated with MCF10A 

cells. Table 2.1 lists the photoinitiators that were tested, with the corresponding minimum 

concentrations required for the faithful replication of nanoridges, along with the average viability 

of MCF10A cells 48 hours after being plated. Collagen-IV-coated glass and tissue-culture-

treated culture dishes served as controls. Also included as a reference is a collagen-IV-coated, 

nanoridge substrate replicated with 2 wt% TPO-L, the same photoinitiator/concentration used to 

replicate the topographies shown in Figures 2.1 and 2.2. We found that cell viabilities were 

above 95% on almost all the surfaces, except for ones replicated with benzoin methyl ether as the 

photoinitiator (Table 2.1, Fig. 2.8). On some of the surfaces, the cell viabilities were even higher 

than those on the control surfaces. It is worth noting, however, that these data were not obtained 

under imaging conditions. Free radicals could be created during imaging by any residual 

photoinitiators, which may render the surface toxic to the cells. We have never observed this 

phenomenon, but in the event of any cytotoxicity during imaging the replication process should 

be optimized for the specific imaging conditions required for any given application. 
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Table 2.1. MCF10A cell viability averaged over three experiments on nanoridge surfaces 

replicated with various photoinitiators. Reprinted with permission from reference 142. 
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Figure 2.8. Percentages of live cells 48 h after plating on nanoridges replicated with various 

photoinitiators. Error bars represent the standard error of the mean. Reprinted with permission 

from reference 142. 

 

2.3. Discussion 

We have demonstrated a method for the mass production of biocompatible, 

nanotopographic surfaces. The method is also capable of replicating complementary 

nanotopographies. The acrylic resin employed in the replica molding not only facilitates the 

subsequent surface functionalization for biological and biomedical applications, but also results 

in a rigid and highly transparent nanotopographic coating that can be used for high-resolution, 

live-cell imaging. We have previously found that the Young’s modulus of this acrylic polymer 

that was cured with UV light is 2 GPa.146 Cells typically deform substrates that have a stiffness 
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in the range of tens of kiloPascals or less,147 so our replica surfaces are rigid enough to resist the 

cellular traction forces and to maintain the original topographies. 2 GPa is comparable to the 

rigidity of collagen fibers,148 making the nanotopographic surfaces relevant to in vivo processes. 

The method is also applicable to replicating nanotopography that covers a large area, allowing 

specific proteins involved in mechanosensing and mechanotransduction pathways to be analyzed 

by techniques such as SDS-PAGE and enzyme-linked immunosorbent assays. In the work 

reported here the master is created using either MAP or RIE, but our replication technique is 

compatible with a wide variety of methods for the production of masters. Each master can be 

molded numerous times, and the resulting PDMS mold can be used more than 30 times without 

discernible damage. Each replica can also serve as a master and be molded repeatedly through 

the same process, allowing the production of a virtually unlimited number of replicas. In addition 

to acrylic resins, a broad range of other materials can be used for replication, although other 

materials require different surface-functionalization chemistries. 

The theoretical resolution limit of nanotransfer molding is determined by the average 

chemical bond length and distance between crosslinks in hard PDMS,149 as well as by the 

interaction between the master and the hard PDMS surfaces.150 The increased wettability of hard 

PDMS prepolymer on the master surface and the increased crosslink density of the cured hard 

PDMS result in an improved molding resolution. The formulation and curing temperature of the 

hard PDMS prepolymer could be further tuned towards an even higher crosslink density. To 

increase the wettability of the hard PDMS, the molecular composition and the roughness of the 

hard PDMS and master surfaces need to be considered. In all the molding experiments we 

performed, the master surfaces were coated with a fluorocarbon to reduce the surface energy, 

facilitating the release of the PDMS mold. However, a low-energy surface is associated with a 
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low wettability, which prevents the hard PDMS prepolymer from conforming perfectly to the 

nanotopography. On a low-energy surface, the cosine of the contact angle increases linearly as 

the surface tension of the liquid decreases.151 Therefore, adding a solvent to the hard PDMS 

prepolymer may reduce the surface tension and improve the conformability. Hexane possesses 

low surface tension (γ = 18.4 mN/m at 20 °C) and low viscosity (0.67 cp at 25 °C). The fact that 

hexane is miscible with the PDMS prepolymer152 prevents phase separation of the mixture, thus 

making this solvent an ideal candidate for improving the molding resolution. Limited by the 

available smallest features on the master nanotopography, we demonstrated a molding resolution 

of ~25 nm with nanograss (Fig. 2.4). However, the actual resolution could be even finer. When 

the features to be molded approach the molecular scale, the thickness of the anti-adhesion 

coating needs to be considered, as this coating will influence the geometry of the underlying 

nanotopography. Fluorocarbon molecules with a shorter chain length can be used, provided that 

the resultant surface energy is low enough to release the PDMS mold. Additionally, in our 

attempts to mold nanotopographies with high-curvature features, such as concentric rings and 

sinusoidal waves, the PDMS mold tended to stick to the high-curvature features. Separating the 

mold from the master while the two are immersed in a solvent that does not swell PDMS (such 

as methanol) substantially alleviates the sticking phenomenon, presumably due to a reduction in 

surface adhesion153 and roughness.154 

An important advantage of using acrylic resin as the replica-molding material lies in the 

unreacted acrylate groups on the polymer surface, which can react readily with the amine and/or 

thiol groups exposed on a protein/peptide, allowing the nanotopographies to be functionalized 

with various biomolecules for cell experiments (Fig. 2.5, Fig. 2.6). Because most mammalian 

cells require a substrate that is chemically similar to the ECM to form integrin-mediated FAs, 
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substrates that are compatible with surface functionalization would be beneficial for studies of 

the effects of physical cues on mammalian cells. For instance, we have functionalized nanoridges 

with fibronectin and B-cell receptor ligand to study the contact guidance of human tumor-

associated fibroblasts (TAFs)155 and the activation of B cells,156 respectively. We found that the 

TAFs and their actin stress fibers align along the nanoridges, and that the actin-wave dynamics 

and calcium signaling in B cells are modulated by the ridge spacing. In the present study, we 

demonstrate that MCF10A epithelial cells adhere to, and align along, the nanoridges/grooves 

(Fig. 2.7A–F). The paxillin stain indicates that the FAs form microdomains preferentially on the 

nanoridges (Fig. 2.7E,G). The fact that paxillin is a downstream component of the integrin-

mediated signaling pathways suggests that the same localization may be observed with integrins. 

Because integrin activation is related to it unfolding, it would be interesting to investigate how 

nanotopography affects the conformational change of integrin, as well as how it affects 

downstream processes such as calcium signaling. Rather than coating the surface with 

collagen/fibronectin to enhance cell–substrate adhesion, coating the nanotopographic surface 

with bovine serum albumin or concanavalin A can decouple the influence of physical cues from 

that of substrate-adherent ligand on the activation of integrin. Furthermore, the unreacted 

acrylate groups on the polymer surface also allow the nanotopography to be functionalized with 

other molecules, such as perfluorocarbons and polyethylene glycol, to study non-integrin-

mediated cell adhesion or migration. For instance, the collective migration of Dictyosteliuim 

discoideum cells has been found to be affected substantially by surface adhesivity.157 Because the 

nanotopography fosters reproducibly controlled cytoskeletal dynamics (esotaxis),130,131 coupling 

nanotopography with different surface adhesivity may reveal how the actomyosin cortex 
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coordinates with the weak adhesion molecules to regulate the cell–substrate and cell–cell 

adhesion. 

The replicated nanotopographic surfaces may find use in an even broader range of fields. 

For instance, as shown in Fig. 2.7B, MTs naturally align along the nanoridges. Therefore, 

nanotopographic surfaces can be used to study activities related to MT alignment, such as cell 

division and intracellular trafficking. Additionally, given that our method possesses a molding 

resolution of ~25 nm or even better, surfaces coated with nanoparticles and nanowires can be 

replica-molded with acrylic resin, providing nanotopography with features that approach 

molecular scale. These small features can be exploited to study the dynamics of curvature-

sensing proteins such as the BAR-domain proteins. Although we only demonstrate single-cell 

studies on the nanotopographic surfaces, these surfaces can also be applied to study the effects of 

physical cues on cell sheets, tissues or even organoids, to elucidate the mechanisms of 

mechanosensing in processes such as embryonic development, immune responses, wound 

healing, and cancer metastasis. 

2.4. Conclusions 

In conclusion, we have demonstrated a method for the replication of biocompatible, 

complementary nanotopographies and for the functionalization of the topographies with 

adhesion-promoting molecules. This approach may be an attractive alternative to other methods 

in terms of simplicity, low cost, the range of materials that can be used, and the ease of surface 

functionalization. As such, this approach should facilitate the investigation of phenomena such as 

the effects of physical cues on the dynamics of intracellular proteins and the role of 

mechanosensing in processes such as cell migration, phagocytosis, division, and differentiation. 
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These nanotopographic surfaces can be applied to studies on single cells, as well as cell sheets, 

tissues and organoids, to help elucidate mechanisms in pathology and provide diagnostics for 

diseases. 

2.5. Materials and Methods 

2.5.1. Fabrication of Master Nanotopographic Surfaces. 

 To improve the adhesion of nanostructures, glass slides were treated with an 

oxygen plasma (Harrick plasma cleaner, PDC-32G) at 200 mTorr for 3 min, and immersed 

overnight in a solution composed of 4 mL of (3-acryloxypropyl)trimethoxysilane (SIA0200.0, 

Gelest), 10 mL of deionized water, and 196 mL of ethanol. The acrylate-functionalized slides 

were then rinsed in ethanol for 1 h and baked at 90°C for 1 h. The acrylic resin was composed of 

49 wt% tris (2-hydroxyethyl) isocyanurate triacrylate (SR368, Sartomer), 49 wt% 

dipentaerythritol pentaacrylate (SR399, Sartomer), and 2 wt% Lucirin TPO-L (Ciba). The resin 

was mixed overnight to ensure homogeneity. A drop of resin was applied to the acrylate-

functionalized glass slide and the slide was mounted on a piezoelectric stage (Physik 

Instrumente). Master nanotopographic surfaces were fabricated via MAP106 using a commercial 

Ti:sapphire laser (Coherent Mira 900-F, 200 fs pulsed, 800 nm). The beam was focused on the 

sample through a 100× objective (NA 1.4). The power was 4 mW as measured at the sample. 

Upon completion of fabrication, the sample was developed in N,N-dimethylformamide and 

ethanol to remove the unpolymerized resin. Master nanograss158 was created by subjecting 

nanoridges to RIE in a gas mixture of O
2
 (5 sccm) and CHF

3
 (15 sccm) at 150 W and 50 mTorr 

for 10 min. 
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2.5.2. Solvent-Assisted Nanotransfer Molding. 

The method of molding the nanotopographies is adapted from prior work.119 Briefly, the 

master surface was functionalized with ethylenediamine (E26266, Sigma-Aldrich) and then 

reacted with perfluorooctadecanoic acid (L16837, Alfa Aesar) to reduce the surface energy and 

facilitate the release of cured PDMS. The hard PDMS mixture was composed of 1.7 g of vinyl 

PDMS prepolymer (VDT-731, Gelest), 9 μL of Pt catalyst (SIP6831.2, Gelest), 0.05 g of 

modulator (87927, Sigma-Aldrich), 0.5 g of hydrosilane (HMS-301, Gelest), and 1 g of hexane. 

The mixture was spin-coated on the master surface (1000 rpm, 40 s), allowed to sit at room 

temperature for 2 h, and prebaked at 60 °C for 1 h. Soft PDMS was prepared by mixing the base 

and curing agent (Sylgard 184, Dow Corning) in a 10:1 mass ratio. After degassing, the uncured 

soft PDMS prepolymer was poured onto the precured hard PDMS to form a layer of roughly 5 

mm thick, and was then baked at 60 °C for 1 h. After curing, the composite PDMS was peeled 

off of the master surface. In the double-molding process, the first mold served as a master. The 

mold was treated with an oxygen plasma at 200 mTorr for 30 s. The mold was then transferred 

into a desiccator and was exposed to the vapor of (tridecafuoro-1,1,2,2,-

tetrahydrooctyl)methyldichlorosilane (SIT8172.0, Gelest) for 1 h. The master was molded in the 

same manner as described above. Unless otherwise noted, the acrylic resin for replicating the 

nanotopographic surfaces was made by mixing 49 wt% tris (2-hydroxyethyl) isocyanurate 

triacrylate (SR368, Sartomer), 49 wt% ethoxylated trimethylolpropane triacrylate (SR499, 

Sartomer), and 2 wt% Lucirin TPO-L (Ciba). Replicas of nanotopographic surfaces were created 

by sandwiching a drop of acrylic resin between the mold and an acrylate-functionalized coverslip 

and then UV curing for 5 min (Blak-Ray, B-100AP, 100 W, 365 nm; samples were cured 254 

mm from the source). 
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2.5.3. Uniform Coating of Proteins. 

Replicas were soaked in ethanol and then in ultrapure water for 12 h each to allow the 

unreacted photoinitiator and byproducts of polymerization to diffuse out. For collagen IV 

coating, replicas were immersed in 25 μg/mL collagen (354233, Corning) in 0.05 M HCl atop ice 

for 1 h, and then rinsed two times by aspirating in and out ultrapure water. To image the coating 

using a confocal fluorescence microscope, the surfaces were treated with 0.5 mg/mL Alexa Fluor 

594 NHS ester (A37572, Thermo Fisher Scientific) in 0.1 M NaHCO
3
 for 1 h, and then rinsed 

three times by aspirating in and out phosphate buffered saline (PBS). For fluorescent fibronectin 

coating, replicas were coated with 10 μg/mL HiLyte Fluor 488 fibronectin (FNR02-A, 

Cytoskeleton) in Hank’s balanced salt solution (HBSS) at 37 °C for 1 h and rinsed three times by 

aspirating in and out HBSS. 

2.5.4. Surface Characterization. 

Master and replica surfaces were imaged using a Hitachi S-4700 SEM. The surfaces were 

sputter-coated with Pt/Pd in argon plasma at 20 mA for 25 s (Cressington sputter coater 108). 

The height/depth of the structures was characterized by a Veeco Multimode AFM in tapping 

mode using aluminum-coated silicon probes (TAP300AL-G, Ted Pella). 

A collagen-coated surface treated with Alexa Fluor 594 NHS ester was imaged in PBS 

using a Leica SP5 X confocal microscope with a 100× objective (NA 1.4) and a scanner zoom 

factor of 4. Images were obtained in a 512 × 512 pixel format. The fluorescent-fibronectin-

coated surface was imaged in HBSS in the same manner. The orthogonal view is a single slice 

reconstructed from z-stack images. 
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2.5.5. Cell Culture, Fixing, and Staining. 

MCF10A cells were cultured in DMEM/F-12 medium (11330-057, Thermo Fisher 

Scientific) supplemented with 5% horse serum (26050-088, Invitrogen), 10 μg/mL insulin 

(12585-014, Thermo Fisher Scientific), 10 ng/mL EGF (AF-100-15, PeproTech), 0.5 μg/mL 

hydrocortisone (H0888, Sigma-Aldrich) and 100 ng/mL cholera toxin (C8052, Sigma-Aldrich). 2 

mL of MCF10A cells with a density of 1 × 104 cells/mL were plated on collagen-IV-coated 1.5-

μm-spaced ridges and were incubated at 37 °C overnight. To stain tubulin and actin, the cells 

were fixed with 4% paraformaldehyde in DMEM/F-12 containing 50 mM PIPES for 10 min and 

permeabilized with 1% Saponin for 10 min. The samples were blocked in 1% bovine serum 

albumin (BSA) for 1 h, incubated with 1:400 anti-tubulin primary antibody (MAB1864, rat host, 

EMD Millipore) at 4 °C overnight, and washed three times in PBS for 5 min each. Next, the 

samples were incubated at room temperature for 1 h with 1:250 goat anti-rat IgG secondary 

antibody conjugated to Alexa Fluor 568 (A-11077, Thermo Fisher Scientific), and 1:200 

phalloidin conjugated to Alexa Fluor 488 (A12379, Thermo Fisher Scientific), and then 

incubated at room temperature for another 15 min with 1:40000 DAPI (4’,6-diamidino-2-

phenylindole, D1306, Thermo Fisher Scientific). Finally, the samples were washed three times in 

PBS for 5 min each. A standard protocol was adopted to stain paxillin and actin. Briefly, the cells 

were fixed with 4% paraformaldehyde in PBS and permeabilized with 0.2% Triton X-100 in 

PBS. The samples were blocked in 1% BSA for 1 h, incubated at 4 °C overnight with 1:500 

phospho-paxillin pTyr118 primary antibody (44–722G, rabbit host, Thermo Fisher Scientific), 

and then incubated at room temperature for 1 h with 1:250 goat anti-rabbit IgG secondary 

antibody conjugated to Alexa Fluor 568 (A-11011, Thermo Fisher Scientific) and 1:200 

phalloidin conjugated to Alexa Fluor 488 (A12379, Thermo Fisher Scientific). Finally, the 
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samples were imaged using a Perkin Elmer spinning-disk confocal microscope with a 100× 

objective (NA 1.49). 

2.5.6. Evaluation of Cytotoxicity. 

Resins were made by mixing SR368, SR499, and photoinitiators at the weight 

percentages listed in Table 2.1. The systematic names of the listed photoinitiators are (going 

from the top to the bottom of Table 2.1): 1-hydroxycyclohexyl-phenyl-ketone, 2-benzyl-2-

(dimethylamino)-4′-morpholinobutyrophenone, 2,2-dimethoxy-2-phenylacetophenone, 

phenylbis(2,4,6-trimethylbenzoyl) phosphineoxide, 2,4,6-trimethylbenzoylphenyl phosphinate. 

6.4-μm-spaced ridges were replicated on acrylate-functionalized coverslips and coated with 

collagen IV. Collagen-coated glass and tissue-culture-treated culture dish (CLS430165, Corning) 

served as control surfaces. MCF10A cells were plated in four separated 18-μL drops on each 

surface at a density of 1.67 × 106 cells/mL and were given 1 h to adhere to the surfaces in the 

incubator. Non-adherent cells were then washed off and fresh medium was added to the plate. 

The cells were cultured on the surfaces for 48 h before being washed with PBS and incubated in 

0.25% trypsin (25200056, Invitrogen) at 37 °C for 10 min. The culture medium, washing buffer, 

and cell-enriched trypsin were collected and centrifuged at 200 g for 4 min. Cells were then 

resuspended in 50 μL of PBS and incubated with 50 μL of 0.4% Trypan Blue (15250–061, 

Thermo Fisher Scientific) at room temperature for 5 min. Finally, cells were loaded into a 

hemocytometer. The numbers of dead (blue) and live cells were counted under a microscope. 

2.5.7. Image Analysis. 

A custom MATLAB (MathWorks) script was used to determine the angle between the 

ridges and the horizontal axis from maximum intensity projection of the z-stack images. The 3D 
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stack was then rotated by this angle using ImageJ159 plugin VolumeViewer to create an average 

image of the cross section along the ridges using the fluorescence intensity as weight for the 

voxels. 

2.6. Acknowledgments 

This work was supported by National Institutes of Health (R01GM085574) and the Air 

Force Office of Scientific Research (FA9550-16-1-0052). We thank C. A. Parent (National 

Cancer Institute, National Institutes of Health) for sharing the MCF10A epithelial cell line with 

us, and D. Park (Laboratory for Physical Science, University of Maryland, College Park) for his 

help with the reactive ion etching. 



 

 

82 

 

Chapter 3: Actin Cytoskeleton and Focal Adhesions Regulate the Biased 

Migration of Breast Cancer Cells on Nanoscale Asymmetric Sawteeth 

This chapter is adapted with permission from Chen, S.; Hourwitz, M. J.; Campanello, L.; 

Fourkas, J. T.; Losert, W.; Parent, C. A. Actin cytoskeleton and focal adhesions regulate the 

biased migration of breast cancer cells on nanoscale asymmetric sawteeth. ACS Nano 2019, 13, 

1454-1468. Copyright 2019 American Chemical Society. Chen cultured the cells, imaged cell 

migration and live-cell actin fluorescence, immunostained the cells, and analyzed cell migration 

and actin kymographs. Hourwitz fabricated and replicated surfaces. Campanello analyzed actin 

kymographs. Everyone contributed to writing and editing the manuscript. 

3.1. Introduction 

The ability to migrate is conserved in a wide variety of cell types throughout the 

phylogeny, and plays a pivotal role in many cellular processes.123,160-162 Cells typically undergo 

directional migration with a relatively high persistence163 rather than moving 

randomly.164 However, the biological and physical mechanisms governing directed cell 

migration in many physiological and pathological processes are still poorly understood. In 

addition to the intrinsic characteristics of cells, the extracellular environment plays an important 

role in the guidance of cell movement. Cells can be guided by single or multiple extracellular 

cues, including chemoattractant gradients (chemotaxis),20,165 stiffness gradients of the underlying 

substrate (durotaxis),166 electric fields (electrotaxis),167 and topographic structures on the surfaces 

(contact guidance).168,169  
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Cancer invasion and metastasis, processes in which active primary tumor cells migrate to 

adjacent tissues and eventually colonize distant organs, are major life-threatening events in 

cancer patients. Contact guidance is known to regulate cell adhesion, intracellular signaling, and 

directed migration,126,170,171 and as such is a key component of cancer invasion. The role of the 

extracellular matrix (ECM) in guiding the three-dimensional (3D) migration of cancer cells in 

vivo has been studied extensively.126,171-174 For example, the directional migration of carcinoma 

cells can be enhanced by aligned collagen fibers, especially for breast cancer stem-cell 

populations.173 Furthermore, Alexander et al. suggested that cancer-cell dissemination patterns, 

including individual cell invasion, diffusively collective invasion, and strand-like invasion, are 

governed by the ECM structures that tumor cells encounter.172 However, the topographic features 

dictating the invasion pattern remain unknown, as do the mechanisms by which tumor cells sense 

topographic features on a subcellular level. Nanofabrication techniques have inspired the rapid 

growth of materials that mimic natural in vivo topographies or 3D environments.175 Recent 

studies have shown that engineered nanotopographies can not only cause cells to recapitulate in 

vivo migrational behaviors176-178 but also influence various cell functions.179-181 Thus, 

nanopatterned substrates have the potential to provide insight into the physical and molecular 

mechanisms that regulate contact guidance during cancer progression. 

The ability of patterned topographies to induce directional cell migration is a complex 

process that requires coordination between distinct cellular machineries, such as the assembly 

and disassembly of focal adhesions (FAs), the polymerization and depolymerization of actin 

filaments, and even the reorganization of organelles.182 The formation of a FA is initiated by the 

engagement of integrins with their corresponding ligands on the substrate, followed with the 

recruitment of FAK, paxillin, vinculin, and other associated proteins.183 The FA-associated 
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proteins not only link the integrin receptors with the actin cytoskeleton49 but also regulate actin 

polymerization and contractility through Rho GTPase signaling.36 Furthermore, the actin 

cytoskeleton controls the protrusive activity of migrating cells, which in turn mediates the 

formation of adhesions. Recent studies from our group on Dictyostelium discoideum (D. 

discoideum) cells and neutrophils have shown that actin polymerization occurs preferentially 

near nanoridges, leading to guided traveling waves that can bias cellular movement 

bidirectionally.130 In the case of asymmetric nanotopographies this motion can be biased 

unidirectionally.131 It is also well established that various cell types elongate and exhibit aligned 

stress fibers when placed on ridges or grooves with widths and repeat distances on a subcellular 

scale.184-186 Ray et al. reported that the anisotropic force originating from local FAs and the 

concomitant alignment of actin fibers induces the polarization and migration of carcinoma cells 

along ridges, and that the guidance response varies considerably among different types of 

carcinoma cells.178 However, the link between the intrinsic heterogeneity of cancer cell lines and 

its influence on FA and actin dynamics during contact guidance is poorly understood. 

Here, we study the migrational phenotypes of multiple breast-cancer cell lines plated on 

aligned ridges and asymmetric sawtooth architectures. Data from long-term live-cell imaging 

enable us to perform extensive analysis of cell migration, actin polymerization dynamics, and FA 

distributions. Our findings elucidate the connection between the overall cell motility phenotype 

of breast-cancer cells and their intracellular scaffolding architectures, adhesion complexes, and 

actin cytoskeleton, and also provide insights into the biophysical mechanisms underlying contact 

guidance during cancer metastasis. 
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3.2. Results and Discussion 

3.2.1. Nanoridges Provide Bidirectional Guidance for Both Benign and Metastatic Breast 

Cancer Cells 

We compare the migration phenotypes of two cell lines belonging to the MCF10A cell 

series, a breast-cancer progression model,187-189 to explore contact guidance in cell lines sharing a 

similar genetic background but with distinct metastatic abilities. MCF10A (also referred to as 

M1), a benign epithelial human cell line, and its metastatic mutant cell line counterpart 

MCF10CA1 (also referred to as M4) were studied on flat surfaces and on nanoridges composed 

of the same material. The M1 and M4 cells are negative for receptors for estrogen, progesterone, 

and HER2 (i.e., triple negative).190 Compared to immortalized epithelial M1 cells, the invasive 

M4 cells form tumors in the lungs of immunocompromised mice after tail-vein injection.189,191  

Arrays of parallel nanoridges or nanogrooves (where nano implies that their widths are 

on the nanoscale) have been used in previous contact guidance studies.176,192,193 Here, we use 

nanotopographies composed of an acrylic resin.142 Each nanoridge has a width of ∼250 nm and a 

height of ∼1 μm, and the spacing between the centers of adjacent nanoridges is 1.5 μm (Figure 

3.1A). By tracing cell boundaries over time and generating spider plots of the cell tracks, we 

found that both M1 and M4 cells move in a random manner on a flat acrylic surface (Figure 

3.2Ai,ii,Ci,ii). Polar histograms of the directions of both M1 and M4 cells demonstrate that there 

is no preferred direction of motion, as expected for a microenvironment in which no 

chemoattractant gradient nor other guidance cue is present (Figure 3.2Aiii,Ciii). However, M1 

and M4 cells migrating on nanoridges move preferentially parallel to the nanoridges (Figure 

3.2Bi,ii,Di,ii), as is also seen in polar histograms (Figure 3.2Biii,Diii). This finding is consistent 
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with previous results showing that parallel micro- or nanoscale grooves and ridges induce 

bidirectional guidance in a variety of cell types.130,192-195 M1 cells exhibit a notably stronger 

guidance response to the nanoridges than do M4 cells (Figure 3.2Biii,Diii), suggesting that the 

ability of cells to follow guidance cues is cell-type-dependent. We also found that although the 

nanoridges provide guidance for cell migration, they do not increase the mean cell speed 

compared to the flat resin surface and, in the case of M4 cells, actually decrease the mean speed 

(Figure 3.2E). To explore this behavior in more detail, we measured the mean value of all 

velocities within a given angle range relative to the orientation of the nanoridges. We define the 

angle of motion as ranging from −180 to +180°, with the ridge direction along the x axis. 

Because the ridges are aligned horizontally in our images of ridges, on flat surfaces, the 

horizontal direction in images was also defined as the x axis. We found that on flat surfaces, the 

mean velocity value is independent of angle for both cell types, within our experimental 

uncertainty (Figure 3.2F). However, on nanoridges, both M1 and M4 cells exhibit a mean 

velocity when migrating along the ridge orientation that is higher than the mean velocity when 

migrating perpendicular to it (Figure 3.2F). To confirm the significance of this trend, we fitted 

the experimental results with a horizontal line model and a one-phase decay model, and 

compared the robustness of two models for each curve. We found that for M1 and M4 cells on 

flat surfaces, the fit of the horizontal line model is preferred; however, the fit of the one-phase 

decay model is preferred for the two cell lines on nanoridges (P < 0.0001 and P = 0.001 for M1 

and M4 cells, respectively). Together, these findings show that cells not only migrate 

preferentially along nanoridges, but also migrate faster along nanoridges than perpendicular to 

nanoridges. 
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Figure 3.1. Nanotopographies used in this study. Top-view and side-view SEM images of (A) 

nanoridges and (B) asymmetric sawteeth used in this study. The scale bars in the top- and side-

view images are 10 μm and 1 μm, respectively. (C) Schematic depicting a sawtooth row (blue 

box) and a sawtooth column (red box), as well as the direction defined as positive. Reprinted 

with permission from reference 196, © 2019 American Chemical Society. 

 

Scanning electron microscopy (SEM) provides further insights into how cells interact 

with the nanoridges. On nanoridges, the lamellipodia of M1 cells form along nanoridges on both 

sides of the cell and are anchored on top of the nanoridges, without much penetration into the 

regions between nanoridges (Figure 3.2G). One possible explanation for this phenomenon is that 

the nanoridges guide M1 cells bidirectionally because lamellipodium formation is promoted 

along the ridge direction and/or is suppressed perpendicular to the ridge direction. In contrast, 

M4 cells form lamellipodia that curve over nanoridges and into the bottom of the regions 

between nanoridges, and typically span several nanoridges (Figure 3.2G, white arrows). Because 

contact guidance relies upon the spatial control of cell protrusions,177 the behavior of the 

lamellipodia of M4 cells likely contributes to their lower contact guidance as compared to M1 

cells. 
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3.2.2. Asymmetric Sawteeth Bias the Movement of Breast Cancer Cells in a Cell-Type-

Dependent Manner 

We next consider the ability of breast-cancer cells to respond to asymmetries in texture 

using sawtooth-shaped asymmetric nanotopographies. Each sawtooth has a maximum height of 

∼2 μm, a length of ∼6.2 μm, and a width of ∼700 nm at the head and ∼500 nm in the center 

(Figure 3.1B). The height of an individual sawtooth increases gradually from its tail to its head 

and then drops rapidly. The pitch of the sawteeth is 8 μm along the sawtooth direction and 2 μm 

perpendicular to the sawtooth direction. We define a line of sawteeth along the sawtooth 

direction as a row. As all of the rows are in registry, we define a line of sawteeth perpendicular 

to the rows as a column (Figure 3.1C). We define the direction from the tail of a sawtooth to its 

head (up the slope) as the positive direction along the x axis. 

 

Figure 3.2 (next page). Nanoridges provide bidirectional guidance for benign and metastatic 

breast cancer cells. (A–Di) Bright-field images of M1 or M4 cells on a flat surface (A,C) and on 

nanoridges (B,D). The colored outlines depict how the cell morphology changes over time, 

which increases from blue to red. The scale bar is 10 μm. (A–Dii) Centroid motion tracks of M1 

and M4 cells, respectively, on a flat surface (A,C) and on nanoridges (B,D); n = 56 tracks (Aii); 

94 tracks (Bii); 49 tracks (Cii); 68 tracks (Dii). The scale bar is 60 μm. (A–Diii) Probability 

distributions of cell motion directionality. The scale at the bottom corresponds to the horizontal 

axis in each rose plot. (E) Average cell speed of M1 and M4 cells on flat surfaces and on 

nanoridges. The middle solid line in each column is the mean value, and the bar is standard error 

of the mean; ***p < 0.001 (unpaired t test). (F) Average instantaneous speed of M1 and M4 cells 

relative to the orientation of ridges (0° along ridges, 90° perpendicular to ridges). Squares and 

triangles are experimental results, and solid lines are the fits to the experimental results. Blue 

solid line was fitted to a horizontal line, and the pink solid line was fitted to a one-phase decay 

model. (G) Representative SEM images of M1 (top) and M4 (bottom) cells on nanoridges. The 

magnified image highlights the anchoring of M1 cell lamellipodia on top of the nanoridges. 

White arrows indicate sites where M4 cell lamellipodia curve over the nanoridges. The scale bar 

is 10 μm. Reprinted with permission from reference 196, © 2019 American Chemical Society. 



 

 

89 

 

 



 

 

90 

 

 

We found that M1 cells plated on the sawteeth move preferentially in the positive 

direction with an anterior lamellipodium (Figure 3.3Ci,ii). A polar histogram of directionalities 

shows a higher percentage of orientation angles around 0 than 180° (Figure 3.3.Ciii). In contrast, 

M4 cells exhibit amoeboid-like migration, with ellipsoidal cell shapes and multiple pseudopods 

(Figure 3.3Ei).197,198 Furthermore, the majority of the M4 cell tracks face in the negative 

direction (Figure 3.3Eii), as do the cell velocities (Figure 3.3Eiii). The preference of the M4 cells 

to move in the negative direction is considerably stronger than that of the M1 cells to move in the 

positive direction. Unlike M1 cells, M4 cells are more likely to move perpendicular to the 

sawteeth than to move in the positive direction. 
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Figure 3.3. Asymmetric sawteeth bias the movement of various breast-cancer cell lines. (A–Ei) 

Bright-field images of (A) MDA-MB-231, (B) HS578T, (C) M1, (D) BT549, and (E) M4 cells 

migrating on sawteeth. The colored outlines illustrate how the cell morphology changes over 

time, which increases from blue to red. The scale bar is 10 μm. (A–Eii) Centroid motion tracks 

of (A) MDA-MB-231, 62 tracks, (B) HS578T, 151 tracks, (C) M1, 143 tracks, (D) BT549, 126 

tracks, and (E) M4, 122 tracks cells on sawteeth. The scale bar is 60 μm. (A–Eiii) Probability 

distributions of cell motion directionality. The scale at the bottom corresponds to the horizontal 

axis in each rose plot. (A–Eiv) Average cell velocity components of the cell lines along the 

positive direction (+) and the negative direction (−) and paired speed difference for each cell. 

The middle solid line is the mean value, and the bar is standard error of the mean. The shaded 

areas represent standard errors in paired speed difference plots; *p < 0.05, **p < 0.01, ****p < 

0.0001. Reprinted with permission from reference 196, © 2019 American Chemical Society. 
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We also measured the behavior of three other triple-negative human breast cancer cell 

lines, HS578T, MDA-MB-231, and BT549. HS578T and BT549 are carcinoma cell lines derived 

from primary tumors. MDA-MB-231 is a metastatic carcinoma cell line from pleural 

effusion.199 We found that MDA-MB-231 and HS578T cells exhibit a mesenchymal migration 

mode on the sawteeth, with multiple competing protrusions (Figure 3.3Ai,Bi).198,200 Spider plots 

of cell tracks and polar histograms indicate that these cells tend to move in the positive direction 

(Figure 3.3Aii,iii,Bii,iii). In contrast, BT549 cells migrate in a blebby (and slightly elongated) 

manner on the sawteeth (Figure 3.3Di). The BT549 cells preferentially move along the sawteeth, 

with a somewhat greater probability of moving in the negative direction than in the positive 

direction (Figure 3.3Dii,iii). We also found some motion of BT549 cells perpendicular to the 

sawteeth (Figure 3.3Diii), as was the case for M4 cells. To assess the behavior of the cells on the 

sawteeth further, we grouped the velocity component along the sawtooth axis into motion in the 

positive and negative directions, + and −, respectively. The velocities in each group were then 

averaged separately for each cell, and a paired speed difference for each cell was determined. We 

found that MDA-MB-231, HS578T, and M1 cells have higher mean speeds in the positive 

direction than in the negative direction, but the difference is smaller for M1 cells than for the 

other two cell lines (Figure 3.3Aiv,Biv,Civ). For the BT549 and M4 cells, the mean speeds in the 

positive direction are lower than those in the negative direction (Figure 3.3Div,Eiv). BT549 cells 

exhibit less paired speed difference and less unidirectional contact guidance than do M4 cells. 

Together, these results show that the sawteeth provide both contact guidance and unidirectional 

bias in migration and speed for the breast cancer cell lines studied here. Both of these phenotypes 

are dependent on the cell type. 



 

 

93 

 

We previously reported that D. discoideum cells and neutrophils exhibit biased 

directional migration when plated on asymmetric sawteeth.131 This unidirectional topographic 

guidance, which is achieved by an asymmetric textures on a subcellular scale, is termed 

microthigmotaxis.201 Topographic gradients represent another way to guide cell migration 

unidirectionally—a phenomenon called topotaxis.25 Kim et al. reported that individual 

fibroblasts are able to sense the anisotropic gradient of ridged patterns and modify their 

morphology and migration in response to the local pattern density.184 On a 2D-gradient-lattice-

patterned substrate, the fibroblasts preferentially migrated toward the denser area, and ultimately 

accumulated at the denser zones.202 Anisotropic variation of the density of nanoposts along one 

direction has also been reported to lead to the biased migration of melanoma cells.203 Recent 

work from Comelles et al. showed that large asymmetric ratchet-like structures (at the scale of 

single cells) biased the motion of fibroblasts toward the positive direction of the ratchet pattern, 

and that this ratchet guidance was improved by superimposing a fibronectin 

gradient.204 Interestingly, even without the topographic ratchet pattern, aligned ratchet-shaped 

adhesive fibronectin patches were able to induce a biased long-term motion that was determined 

by asymmetric protrusion formation.205,206 In contrast with ratchet-like topography, the 

asymmetry induced by the nanoscale sawteeth in our study is at the subcellular level, suggesting 

that directed migration can stem from the accumulation of small biases in intracellular elements. 

Furthermore, we show that breast-cancer cells exhibit microthigmotactic behavior that depends 

strongly on cell type. Although the underlying mechanism remains to be determined, it is likely 

that the distinct mutation patterns and intrinsic heterogeneities of the different cell lines are 

reflected in the cells’ contact guidance and directional bias behaviors. We speculate that such 



 

 

94 

 

significant differences may be related to the metastatic potential of the different cancer cell 

lines in vivo. 

3.2.3. Degree of Bias in Cell Migration Is Related to Cell Speed and Long-Term Persistence 

Cell migration is a heterogeneous process, in which different cells move with distinct 

velocity and persistence. Indeed, the direction and speed of any given cell also vary over time. 

To study how cell speeds influence unidirectional guidance on sawteeth, we divided histograms 

of the cell speeds into four quartiles (see insets of Figure 3.4Ai–Ei). We also plotted the 

normalized probabilities of the angle of cell motion relative to the sawtooth positive direction for 

each quartile (Figure 3.4Ai–Ei). For HS578T and MDA-MB-231 cells, there is no observable 

directional preference at low speeds, but migrational bias increases with increasing cell speed 

(Figure 3.4A,Bi). This trend is similarly robust for these two cell lines. In contrast, the level of 

directional preference of M1 cells remains low even at higher speeds, suggesting that speed and 

contact guidance are not strongly coupled in these cells (Figure 3.4Ci). BT549 and M4 cells 

behave like HS578T and MDA-MB-231 cells: unidirectional guidance increases with increasing 

speed (Figure 3.4Di,Ei). The trend is less evident for BT549 cells because the probability curves 

are considerably overlapping. Nevertheless, the probability of BT549 cells migrating along the 

sawtooth negative direction (∼180°) keeps increasing with speed, whereas the probability for 

migration along intermediate angles decreases. 

Using a similar segmentation approach, we investigated the effect of long-term 

persistence of cell motion on the unidirectional guidance of migration. We define the long-term 

persistence of cell motion as the ratio of the total displacement of the cell to the total length of 

the cell track for a chosen time interval. A cell moving in a straight line has a long-term 
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persistence of 1. In the case of random motion, each step of an N-step 1D random walk increases 

the expected value of the mean squared displacement (MSD) by 1, resulting in a root-mean-

squared distance of √𝑁. Based on this approximation, the long-term persistence of a cell moving 

randomly is proportional to 1/√𝑁. In this case, the long-term persistence approaches zero as N 

approaches infinity. Cells were separated into three equal fractions based on their distributions of 

cell persistence (see insets of Figure 3.4Aii–Eii). The normalized probabilities of the cell motion 

direction were then calculated by using all velocities from the cells in each of the three fractions. 

We found that cells with the greatest long-term persistence show the strongest contact guidance 

and bias toward the preferred direction of each cell line (Figure 3.4Aii–Eii). However, the 

directional preference is similarly vague for cells with low and intermediate long-term 

persistence across all cell lines (Figure 3.4Aii–Eii). For BT549 cells, the probability curves from 

all three fractions greatly overlap within the estimated uncertainty, suggesting that the correlation 

between contact guidance and cell persistence is weak in these cells. Together, we conclude that 

the propensity of cells to migrate in a biased fashion increases when the cells move with higher 

speeds or with higher directional persistence. Recently, a universal coupling between cell speed 

and cell persistence (UCSP) was discovered, and proved to be valid across a variety of cells and 

dimensional settings.207 To test whether this UCSP law can be applied to our system, we plotted 

the persistence time versus mean instantaneous speed for all cell lines by following the definition 

of persistence time and the quantification method in Maiuri et al.207 We also found a correlation 

between the persistence time and mean instantaneous speed at low speeds and a rapid saturation 

at high speeds for all of the breast-cancer cell lines studied here except for M4 cells, for which 

we observed a second rising phase at high speeds (Figure 3.5). We speculate that the rapid 

saturation has several causes. First, in our experimental setup, the cell density is higher and cell 
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trajectories are not long compared with the plating conditions of Maiuri et al. Second, the UCSP 

law assumes a linear coupling between cell speed and actin flow, which may not be valid in our 

setup due to the complexity induced by the sawteeth. Nevertheless, it will be interesting to 

examine further whether the UCSP law holds for microthigmotaxis. 

 

Figure 3.4 (next page). Level of biased cell motion increases with cell speed and long-term 

persistence. Column (i) shows the probability of the direction of motion based on speed for (A) 

HS578T, (B) MDA-MB-231, (C) M1, (D) BT549, and (E) M4 cells. The insets show the speed 

distributions of the cell lines and the ranges of four sections which were equally divided based on 

the total counts of cell speeds. The cell speed increases from light red to dark red in both the 

plots and the insets. Column (ii) shows the probability of the direction of motion based on 

migrational persistence for the same cell lines. The insets show the long-term persistence 

distributions of the cell lines and the ranges of tertiles based on the total counts of cells. The 

long-term persistence increases from light blue to dark blue in both the plots and the insets. All 

error bars represent the standard error of the mean. Reprinted with permission from reference 

196, © 2019 American Chemical Society. 
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Figure 3.5. Persistence time versus mean instantaneous speed plots for MDA-MB-231 (A), 

HS578T (B), M1 (C), BT549 (D) and M4 (E) cells. The definition of persistence time in 2D 

geometry and the calculation method have been described previously.207 The black dots are the 

mean for the data in each bin and the shaded gray lines are standard error of the mean. The 

shaded red lines are fits following an exponential equation 𝜏 = 𝐴𝑒𝜆𝑣.207 The fitting parameters 

are listed in Table 3.1. Reprinted with permission from reference 196, © 2019 American 

Chemical Society. 
 

 

Table 3.1. Fitting parameters for persistence time versus instantaneous speed plots. Adapted with 

permission from reference 196, © 2019 American Chemical Society. 

 

 

 

 MDA-MB-231 HS578T M1 BT549 M4 

A (min) 41 ± 2 61 ± 3 43 ± 3 24 ± 2 27 ± 1 

λ (min · μm-1) 1.6 ± 0.2 2.6 ± 0.2 4.7 ± 0.4 4.1 ± 0.3 0.84 ± 0.04 
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3.2.4. Unidirectional Actin Polymerization Drives Biased Cell Migration 

During migration and metastasis, each cancer cell dynamically reorganizes its 

cytoskeleton, including actin structures and microtubules, to maneuver and to adapt to complex 

and changing environments. Filopodia and lamellipodia are actin-rich structures that act as 

dynamic sensors with which cells detect their surrounding microenvironment.177,192,208 The 

formation of filopodia and lamellipodia requires extensive rearrangement of cytoskeletal 

elements. Driscoll et al. found that actin polymerization in D. discoideum migrating on 

nanoridges is nucleated near the nanoridges, after which actin polymerization proceeds in a 

wave-like manner along the ridges (a process called esotaxis).130 Further, it has been established 

previously that the unidirectionally guided motion of D. discoideum cells on lines of sawteeth is 

a consequence of esotaxis, which shares the same direction as cell motion.131 We therefore 

explored the correlation between the directional bias in actin polymerization and cell motion for 

the MDA-MB-231 and M4 cell lines, as these cells represent two opposite extremes of contact 

guidance and bias. To assess actin dynamics, we used cells infected with a fluorescence-tagged 

protein (Lifeact-eGFP), which associates with polymerizing F-actin. Time-lapse recordings of 

Lifeact-eGFP/MDA-MB-231 cells reveal that these cells preferentially form distinct F-actin 

structures surrounding the nanosawteeth at the leading edges of cell protrusions. Actin 

polymerization bursts occur occasionally in the middle of migrating cells and then diffuse across 

the nanosawteeth. We used an optical-flow algorithm that will be described in detail elsewhere 

(see chapter 4) to examine the local direction of the actin polymerization flux. Zooming in on 

one representative sawtooth (Figure 3.6A,B), we see that actin polymerization was initiated at 

the tail of the sawtooth and propagated toward the head on both sides of the sawtooth in a wave-
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like manner. The black arrows in Figure 3.6B represent optical-flow vectors, which are related to 

the local directionality of the actin waves. The optical-flow analysis indicates that actin 

polymerization is nucleated at the back of the sawtooth, after which the polymerization front 

moves forward on both sides of the sawtooth. Finally, the waves terminate at the front of the 

sawtooth (Figure 3.6B), which is consistent with our previous findings in D. discoideum.131 

 

Figure 3.6 (next page). Sawteeth trigger unidirectional actin polymerization in the same direction 

as the cell motion in a cell-type-dependent manner. (A,E) Fluorescence images of Lifeact-

eGFP/MDA-MB-231 (A) or Lifeact-eGFP/M4 (E) cells on sawteeth. The colors indicate the 

intensity of fluorescence. The scale bar is 20 μm. (B,F) Actin flux at different time points around 

a single sawtooth highlighted by the boxes in (A) and (E), respectively. The boundary of the 

sawtooth was generated based on the corresponding bright-field image and, due to diffractive 

effects, does not correspond to the actual shape of the sawtooth. The different colors represent 

different fluorescence intensities. The black arrows illustrate the direction of actin 

polymerization flux. The scale bar is 5 μm. (C,G) Averaged kymograph of actin intensity along 

one sawtooth boundary over time for (C) Lifeact-eGFP/MDA-MB-231 and (G) Lifeact-

eGFP/M4 cells. The x axis is the relative time difference from defined time point, tw, when the 

actin polymerization wave initiates or reaches the sawtooth position 0. The length of the x axis is 

71 frames (11.83 min). The y axis is the scaled position along one sawtooth boundary, for which 

0 represents the front and ±25 represents two symmetric points near the tail. The different colors 

represent different fluorescence intensities. (D,H) Space/time plots of actin polymerization along 

two adjacent sawteeth in a sawtooth row for (D) Lifeact-eGFP/MDA-MB-231 and (H) Lifeact-

eGFP/M4 cells. Reprinted with permission from reference 196, © 2019 American Chemical 

Society. 
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To assess the average actin flow around a sawtooth, we extracted the boundary of every 

sawtooth from the bright-field images, measured the average intensity at each of the 51 boundary 

points of each sawtooth, and generated a kymograph representing all boundary points (on 

the y axis, −25 to +25) over time (on the x axis). The average kymograph for all of the sawteeth 

shows that the average fluorescence intensity is higher at the tails of the sawteeth (position ± 25) 

at time tw – 6, suggesting that the initiation of actin polymerization occurs there. After time tw – 

6, the average actin fluorescence slowly increases at the sides of the sawteeth, peaking at 

position 0 around time tw. These findings support the conclusion that actin polymerization is 

nucleated at the tails of the sawteeth and moves toward the heads (Figure 3.6C). A space–time 

plot also shows that the actin waves propagate from one sawtooth to the adjacent one in the 

positive direction with a speed of ∼1 μm/min (Figure 3.6D). Thus, the unidirectional guidance of 

actin polymerization is in the same direction as that of the cell motion. 

In Lifeact-eGFP/M4 cells, actin polymerization structures form not only at the cell 

protrusions but also in the middle of each cell. The actin polymerization intensity is always 

higher at the front of the sawteeth (Figure 3.6E). Data from a representative sawtooth reveal that 

actin polymerization is nucleated at the head of the sawtooth, after which the wavefront flows 

toward the tail of the sawtooth (Figure 3.6F). The average kymograph of actin polymerization 

activity around the sawteeth confirms that actin polymerization is nucleated at the heads of 

sawteeth and flows toward the tails along both sides (Figure 3.6G). The average kymograph also 

shows that the sawteeth heads maintain a relatively higher level of actin fluorescence intensity 

compared to other locations on the sawteeth after time tw. This observation may indicate that the 
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curvature of the sawteeth heads promotes actin polymerization. The actin waves also are 

observed to travel from one sawtooth to the adjacent one in the negative direction (Figure 3.6H). 

Microtubules are another essential cytoskeletal component of cells. Microtubules have 

been shown to be the first cytoskeletal element to be aligned by micron-scale grooves during the 

spreading of fibroblasts.209 This process is followed by the alignment of focal contacts, actin 

filaments, and finally cells.209 Microtubules were found to align with ridges on ridged 

substrates.142 Because microtubules regulate FA disassembly through integrin recycling and 

trafficking,54,210 it is natural to consider that microtubules play an important role in cell 

polarization and migration during contact guidance. To investigate this idea, we fixed MDA-

MB-231 and M4 cells migrating on sawteeth and stained for microtubules using an antibody 

against tubulin. We found that the microtubules of MDA-MB-231 cells align with the sawtooth 

patterns. This alignment is particularly evident at the cell protrusions, where microtubules coil 

around the sawteeth (Figure 3.7A, arrows). This phenomenon was not observed in M4 cells 

(Figure 3.7B), suggesting that the mechanisms that regulate microtubule dynamics differ in cells 

that respond differently to a specific nanotopographic surface. 
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Figure 3.7. Influence of sawteeth on microtubules in MDA-MB-231 cells and M4 cells. (A, B) 

From left to right, fluorescence images of microtubules, actin, and merge of these two with the 

bright-field image and DAPI labeling for MDA-MB-231 (A) cells and M4 (B) on sawteeth. The 

arrows highlight the locations where microtubules coil around nanosawteeth. The scale bar is 10 

m. Reprinted with permission from reference 196, © 2019 American Chemical Society. 

 

These findings show, as previously observed for D. discoideum and neutrophils,131 that 

there is a direct connection between the migrational response to sawteeth and the underlying 

cytoskeletal dynamics. In other words, the esotactic guidance of the actin cytoskeleton plays an 

important role in microthigmotaxis. Actin waves are known to be important in cell-membrane 

dynamics and motility. It has previously been shown that actin polymerization drives the wave-

like movement of its upstream nucleator through an autoinhibitory mechanism,211 which can 

further generate the directional motion of cells.212,213 By using asymmetric sawtooth surfaces, we 

expand this concept to show that an asymmetric topography can induce esotactic (actin) and 
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microthigmotactic (migrational) behaviors in a cell-type-dependent manner. This dependence of 

the direction of these phenomena on cell type suggests that multiple regulatory nodes contribute 

to the fine control of actin dynamics. Some of these nodes may be intrinsic, including the 

antagonistic interplay between GTPase signaling and the activation of different actin 

nucleators,211,214 whereas others may be extrinsic, such as the use of integrin-based complexes to 

interact with the underlying topographic guidance cues. 

3.2.5. Distinct FA Patterns and Cortical Plasticity Promote Biased Cell Migration 

In addition to the actin and microtubule cytoskeletal networks, FAs are key components 

in contact guidance. FAs transduce extracellular forces from the ECM and induce a wide range 

of biochemical signals that go on to regulate cell adhesion and motility.36 In this context, Ohara 

and Buck first proposed that the polarization and alignment of cells on ridges results from the 

need to maximize the area of focal contacts.215 Several studies have now suggested that FA 

formation represents one plausible mechanism by which contact guidance is 

regulated.178,185,186,216,217 We examined the distribution pattern of FAs for both MDA-MB-231 

and M4 cells on sawteeth using high-resolution fluorescence imaging of actin and paxillin, the 

latter of which is an important scaffold protein of FAs that recruits and integrates numerous 

structural and signaling proteins for the transduction of ECM signals.218  

To capture the paxillin fluorescence signal around each sawtooth on the z axis (i.e., along 

the surface normal), we imaged cells at z positions ranging from below the bottom of the surface 

to above the top of each sawtooth, resulting in each sawtooth falling into a range of 1.2 to 3.2 μm 

on the z axis. A montage of paxillin and/or actin labeling of a MDA-MB-231 cell is presented 

in Figure 3.8A. The paxillin signal is first observed at a z of approximately 1.2 μm, which is at 
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the bottom of the cell. The majority of the FAs are located around the cell periphery, at the tips 

of filopodia (Figure 3.8A; paxillin and merge channels). FA complexes are also seen in the gaps 

between adjacent sawtooth columns that connect with stress fibers (Figure 3.8A; see white 

arrows in merge channel). Above z = 2.0 μm, no obvious FAs are observed. The actin filament 

network starts to show up in cell lamellipodia and becomes obvious at z = 2.8 μm (Figure 3.8A; 

see white arrow in actin channel). Surprisingly, above z = 2.8 μm, the FA punctae are well 

organized, with a spacing similar to that of adjacent rows of sawteeth (Figure 3.8A; paxillin 

channel). To show the spatial positions of the FAs precisely in different z slices, we selected FA 

complexes from either the bottom layer (Figure 3.8A,B; 1–3, blue arrows) or the tips of the 

sawteeth (Figure 3.8A,B; 4–6, red arrows) and generated x–z and y–z projections (Figure 3.8B). 

The FAs from the bottom layer reach a peak intensity at a z of approximately 1.3 μm (Figure 

3.8B; blue dashed lines and Figure 3.9B; top panel). In contrast, the ordered FA complexes from 

the top layer are located near the tips of the sawteeth and exhibit a maximum intensity at a z of 

approximately 2.9 μm (Figure 3.8B; red dashed lines and Figure 3.9B; bottom panel). Notably, 

strong fluorescence signals are not observed in the gaps between two adjacent FAs on the top of 

the sawteeth, suggesting that there is little membrane penetration into the grooves of the 

structures (Figure 3.8B; 4–6 y–z view). Because FA complexes are indicators of the cell–ECM 

interfaces, we speculate that the MDA-MB-231 cells primarily interact with the tips of the 

nanosawteeth and that the FAs and stress fibers sustain most of the cortex above the grooves. 

Indeed, SEM images of MDA-MB-231 cells on sawteeth show that the entire cell body 

remains on top of sawteeth like a “floating rigid blanket” (Figure 3.8C). The leading lamellipodia 

spread across multiple sawteeth in the same column, whereas the membrane rests on the top of 

the sawteeth with no penetration into the grooves between rows of sawteeth. This behavior is 
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further highlighted by zooming in at the front of the cell lamellipodium (Figure 3.8C; zoomed-in 

image). This bridging behavior is in agreement with our results on M1 cells on nanoridges 

(Figure 3.2G; top panel), as well as with many previous reports.176,186,215,217 Bridging is thought 

to promote cellular alignment and anisotropic traction forces because of confined FA growth.178 

In fact, this bridging effect may provide an explanation for our previous observation that M1 

cells preferentially form FAs on ridges.142 At the front of a sawtooth, the cell membrane curves 

somewhat and wraps around the head (Figure 3.8C; white arrow heads). M1 cells, whose 

migration bias is in the same direction as that of MDA-MB-231 cells, exhibit a similar phenotype 

(Figure 3.9A). When the cell lamellipodia extend from one sawtooth column to another, the 

membrane can either bridge the gap (Figure 3.8C; see cross-hatch symbol) or droop down to the 

bottom surface (Figure 3.8C; see asterisk). We envision that cell areas in which the cell interacts 

with the bottom ECM (marked by ∗) provide support for the cell body, as observed by 

fluorescence imaging of actin and paxillin (Figure 3.8A). 
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Figure 3.8 (next page). MDA-MB-231 and M4 cells exhibit distinct cortical plasticity and focal 

adhesion patterns. (A,E) Fluorescence image montage of paxillin (top), actin (middle), and the 

merge of the two (bottom) at different z positions for (A) MDA-MB-231and (E) M4 cells. Blue 

and red arrows highlight the focal adhesions chosen for further analysis in (B) and (F). The white 

arrows in the actin channel of (A) highlight the actin filament network. The white arrows in 

merge channel of (A) indicate focal adhesions located between two sawtooth columns. The scale 

bar is 10 μm. (B,F) The x–z and y–z views of representative FAs from the lowest and 

highest z positions in (A) and (E), respectively. The white stars indicate the representative FAs in 

the images in the x–z and y–z views. The single red and blue dashed lines in (B) mark the 

center z positions of the chosen FAs and the double red dashed lines in (F) indicate the expansion 

ranges of the chosen FAs. The scale bar is 2 μm. (C,G) Representative SEM images of (C) 

MDA-MB-231 and (G) M4 cells migrating on sawteeth. Magnified images of the areas are 

highlighted by the boxes with black dashed lines. White arrows point out the places showing 

distinct cell cortical plasticity of MDA-MB-231 and M4 (G). The scale bars are 10 μm in the 

zoomed-out images and 1 μm in the magnified images. (D,H) Schematic representation of the 

biased contact guidance for (D) MDA-MB-231 and (H) M4 cells on sawteeth. The purple arrow 

represents the direction of motion. Reprinted with permission from reference 196, © 2019 

American Chemical Society. 
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Figure 3.9. Cortical plasticity of M1 cells on sawteeth. (A) A representative SEM image of an 

M1 cell on sawteeth (top) and a zoomed-in image of the area in the box (bottom). The scale bar 

is 10 m. Fluorescence intensity of x-z projections of FAs in Figure 3.8B,F for MDA-MB-231 

(B) and M4 (C) cells. The top panels in (B) and (C) are for FAs 1-3 and bottom panels are for 

FAs 4-6. The solid line is the average intensity of three FAs and the shaded area represents the 

standard errors. Reprinted with permission from reference 196, © 2019 American Chemical 

Society. 

 

Profoundly different FA patterns are observed for M4 cells than for MDA-MB-231 cells. 

At the interface between an M4 cell and the bottom ECM, large FA complexes are formed at the 

front of the cell protrusions and also in the grooves between adjacent rows of sawteeth (Figure 

3.8E; paxillin channel). These FAs display a maximum intensity at a z of approximately 1.4 μm 

(Figure 3.8F, 1–3 blue dashed lines, and Figure 3.9C, top panel). Above z = 2.0 μm, the M4 cells 

exhibit organized FA patterns surrounding each sawtooth, resulting in brighter outlines of the 

sawteeth (Figure 3.8E; paxillin channel). Furthermore, thick actin structures are seen around the 

sawteeth through the entire z section (Figure 3.8E; actin channel). This phenomenon is visible in 

a 3D reconstruction, which clearly shows the outlines of sawteeth.196 In contrast to FAs in MDA-
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MB-231 cells, FAs of M4 cells interact with the ECM on the side walls of the sawteeth (Figure 

3.8F; 1–3 y–z view). Furthermore, the FA complexes are located along the slopes of the 

sawteeth, extend from the bottoms to the tops of the sawteeth (Figure 3.8F, 4–6 x–z view). This 

finding is further substantiated by the quantification of fluorescence intensity, which shows a 

broad distribution over the entire z depth (Figure 3.9C; bottom panel). The y–z view of FAs 4–6 

further illustrates that FA complexes are assembled on the side walls of the sawteeth for a range 

of z values. SEM images provide further evidence that the cortical plasticity of M4 cells is 

distinct from that of MDA-MB-231 cells (Figure 3.8G). Multiple protrusions are formed around 

M4 cells, compared with only one lamellipodium for MDA-MB-231 cells (Figure 3.8C,G). The 

cell boundary of M4 cells is also highly dynamic, with extensive membrane ruffling and 

blebbing (Figure 3.8G). Zooming in on one dominant protrusion indicates that the cell boundary, 

especially at the front of the protrusion, is able to wrap around individual sawteeth (Figure 3.8G; 

see white arrows in the zoomed-in image). This observation is consistent with the ability of M4 

cells to assemble FA complexes surrounding sawteeth. Based on these experimental results, we 

summarize the primary differences in actin cytoskeleton and FA patterns between MDA-MB-

231 and M4 cells on sawteeth in a schematic (Figure 3.8D,H). For MDA-MB-231 cells, the high 

cortical rigidity limits the contact of membranes to the sawtooth structures. As a result, the 

majority of the FAs are located on the top of the sawteeth (Figure 3.8D). In contrast, the distinct 

cortical plasticity of M4 cells allows maximum contact with the sawteeth structures and FA 

formation throughout the sawteeth (Figure 3.8H). 

Although it has been shown that the application of cytoskeletal force generated by cells 

on the ECM directly affects FA assembly,63,219 the overall cell shape or distortion of the cell 

shape are also known to modulate the size and distribution of FAs.220 Here, we found that 
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various cell types exhibit both distinct cell-boundary deformability and FA organization. It has 

been suggested that FA size and distribution determine the adhesion strength221 and FA 

composition,222 spatially control the activation of downstream messengers,223 and determine the 

balance among ECM-activated signaling pathways.203 Thus, the distinct FA organization patterns 

we observed in breast-cancer cells migrating on sawteeth may play an important regulatory role. 

Topography-induced membrane curvature could represent another critical factor. Indeed, instead 

of being passively determined by the actin cytoskeleton, membrane shape and deformation have 

been shown to drive the active regulation of the recruitment of curvature-sensitive proteins and 

activators of actin polymerization.224,225 The recruited curvature-sensitive proteins can further 

promote membrane deformation; however, the triggered actin polymerization limits this positive 

feedback process by stiffening the cortex.224,225 This antagonistic interplay generates propagating 

waves of both curvature-sensing proteins and actin polymerization with changes in local 

membrane curvature.224-226 In addition, it has been determined that out-of-plane curvature 

provided by microscale wires or tubules also regulates the collective behavior of epithelial cell 

monolayer.227,228 This observation raises the possibility that the different membrane 

deformability we observed in MDA-MB-231 and M4 cells results in the distinct recruitment of 

curvature-sensing proteins and actin nucleators, thereby leading to the generation of actin-

polymerization waves in opposite directions. We hypothesize that differences in the balance 

between cortex deformation and FA formation ability in MDA-MB-231 and M4 cells promote 

distinct cytoskeletal dynamics and migration behaviors. 
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3.3. Conclusions 

Contact guidance plays a critical role in cancer invasion and metastatic processes. Using 

multiple breast-cancer cell lines and symmetric and asymmetric nanotopographic designs, we 

examined the biophysical and molecular mechanisms behind contact guidance and directional 

bias. We showed that all of the breast-cancer cell lines we studied are able to sense and respond 

to physical guidance cues, yet do so in distinct ways. We envision that this behavior is dependent 

on distinct intrinsic characteristics of the cancer cell lines. Consistent with prior findings, the bias 

in cell migration we measured is in the same direction as, and likely arises from, asymmetries in 

the direction of actin polymerization. Furthermore, we identified distinct local cell cortical 

plasticity and heterogeneity in FA patterns as key differences between breast-cancer cell types. 

We hypothesize that this difference in FA patterns, and the associated difference in the 

deformation ability of cell boundaries into the valleys of the textures, are both driven by, and 

ultimately regulate, the bias in actin polymerization and cell migration. Because we can average 

observations over identical nanotopographic elements (Figure 3.6), our approach is well suited 

for in-depth investigations of intracellular signaling to identify the molecular mechanisms 

underlying the distinct FA patterns, actin dynamics, and cell-boundary shapes. 

3.4. Materials and Methods 

3.4.1. Surface Fabrication and Replication 

The nanoridge and sawtooth topographies that were employed to study migratory and 

cytoskeletal responses were designed and fabricated using MAP. More details regarding this 

method can be found elsewhere.106,229 Briefly, the output of an ultrafast Ti:sapphire laser 

(Coherent Mira 900) tuned to 800 nm was passed through a high-numerical-aperture objective 
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(Zeiss alpha-Plan Fluar 100×; numerical aperture 1.45) and focused onto a photopolymerizable 

resin ((1:1 w/w tris (2-hydroxy ethyl) isocyanurate triacrylate (SR368)/ethoxylated (6) 

trimethylolpropane triacrylate (SR499) (both from Sartomer), 3 wt % Lucirin TPO-L (BASF)) 

that was sandwiched between a glass coverslip and a microscope slide. Based on the 

experimental conditions, the photoinitiator undergoes efficient two-photon absorption only in the 

focal region of the objective, allowing for the fabrication of three-dimensional structures with 

arbitrary shape. The sample was mounted on a motorized stage that can be controlled by a 

computer. A LabVIEW program (National Instruments) was used to control the stage movement 

to fabricate the desired patterns. The same program controlled a shutter to dictate when and 

where polymerization should occur. After fabrication was completed, the sample was soaked in 

two containers of ethanol for 3 min each to remove the unreacted monomer resin. The MAP-

fabricated “master” structure was then baked/dried in oven at 110 °C for at least 1 h. 

To reproduce nanotopographic surfaces, we used solvent-assisted nanotransfer 

molding142 to make a negative-relief mold of the master structure fabricated with MAP. A film of 

hard PDMS119,142 was spin-coated onto the original pattern. This PDMS mixture included 

hexanes to decrease viscosity to allow the film to conform optimally onto the structures being 

coated, thereby improving the resolution of the mold. After sitting at room temperature for 2 h, 

the patterned microscope slide and coated film were baked at 60 °C for 1 h. Sylgard 184 (10:1 

w/w elastomer base/curing agent; Dow Corning) was poured on top of the baked sample to form 

a layer approximately 1 cm thick. The sample was then returned to the oven for 70 min. Once 

baking was completed, the mold was peeled from the master in the direction parallel to the 

ridges. For the sawteeth mold, peeling should occur from the tail to the head of the sawteeth to 

prevent damage to the pattern. 
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Molds can be used to make replicas of the original MAP structure. A drop of the same 

resin used for MAP was sandwiched between a functionalized coverslip and the mold, and the 

sandwich was exposed to UV light for 5 min. Using this process, many replicas of an original 

pattern can be produced in a short amount of time. 

3.4.2. Cell Culture 

Benign epithelial cell line MCF10A (M1) and its corresponding metastatic mutant cell 

line MCF10CA1 (M4) from the MCF10A cell series were used (Barbara Ann Karmanos Cancer 

Institute, Detroit, MI). Cells were cultured in DMEM/F12 (Invitrogen, Carlsbad, CA) 

supplemented with 5% horse serum (Invitrogen) at 5% CO2 in humidified culture incubators, as 

previously described. The medium for M1 cells was additionally supplemented with 10 μg/mL 

insulin (Invitrogen), 10 ng/mL EGF (Peprotech, Rocky Hill, NJ), 0.5 μg/mL hydrocortisone, and 

100 ng/mL cholera toxin (both from Sigma, St. Louis, MO). HS578T and BT549 cells, kind gifts 

from Dr. Stanley Lipkowitz, were cultured in RPMI supplemented with 10% fetal bovine serum 

(both from Invitrogen). MDA-MB-231 cells were cultured in DMEM/high glucose supplemented 

with 10% fetal bovine serum. 

The pTK92_Lifeact-GFP plasmid was a gift from Iain Cheeseman (Addgene plasmid 

#46356). To generate M1 and MDA-MB-231 cells stably expressing Lifeact-eGFP, phoenix cells 

(human kidney epithelial) were transfected with the plasmid with Lipofectamine 2000 (Thermo 

Fisher Scientific) according to the manufacturer’s protocol, then the cell-culture medium 

containing retroviral particles was collected at 48 h after transfection. After the collected medium 

was filtered with 0.22-μm filters, viral particles were added to M1 and MDA-MB-231 cells. 

Stably infected cells were selected and maintained in puromycin-containing media (2.5 μg/mL). 
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3.4.3. Individual Cell Migration and Time-Lapse Imaging 

Prior to cell seeding, nanoridges or nanosawteeth surfaces were coated with 20 μg/mL 

collagen IV (BD Biosciences) at 4 °C for about 1 h and then mounted back to a homemade 6-

well plate. Cells were trypsinized and resuspended to 1 × 104 cell/mL each in their own growth 

medium, and then 2 mL of cell suspension was added to each well. After the cells were allowed 

to adhere for approximately 1 h, nonadherent cells were washed off and each well was refilled 

with 2 mL of fresh medium. The cells were then cultured overnight. Two h before imaging, fresh 

growth medium was replaced for each cell line. For time-lapse imaging, the plate was placed in 

the incubator chamber (37 °C, 5% CO2) of a Zeiss Observer 2.1 microscope with an automated 

stage. Phase-contrast images were collected every 3 min for approximately 20 h. 

3.4.4. Live-Cell Actin Fluorescent Imaging 

Similar to the protocol for individual cell migration experiments, a nanosawtooth surface 

was coated with 20 μg/mL collagen IV at 4 °C for about 1 h, then mounted in a homemade 35 

mm Petri dish. Lifeact-eGFP/MDA-MB-231 and Lifeact-eGFP/M4 cells were harvested 

following the same protocol as in the individual cell migration experiments. On the second day, 

cells were imaged with a Zeiss LSM 880 laser-scanning confocal microscope. Both fluorescent 

and bright-field images were collected every 10 s using an oil-immersion, 63× objective and a 

zoom-in factor of 2.5. 

3.4.5. Immunostaining 

Cells were fixed in 4% formaldehyde without (paxillin) or with (tubulin) 2 mM EGTA 

(bioWORLD, Dublin, OH) and 2 mM MgCl2 (Quality Biological Inc., Gaithersburg, MD) for 15 



 

 

117 

 

min, followed by permeabilization in 0.1% Triton X-100 for 15 min and blocking of unspecific 

antibody binding with 1% bovine serum albumin (BSA) for 1 h. Targets were labeled with either 

antitubulin (1:200, MAB1864, Millipore) or antipaxillin (1:200, 612405, BD) primary antibody 

in 0.1% BSA at 4 °C overnight. On the second day, the primary antibodies were detected by 

secondary, fluorescently labeled antibodies (1:200, Invitrogen). Meanwhile, F-actin was labeled 

with phalloidin-TRITC (1:200, Invitrogen), and nuclei were labeled with DAPI (Invitrogen). 

Super-resolution images of the specimens were obtained with a Zeiss LSM 880 confocal 

microscope in Airyscan mode, and 3D reconstruction movies were generated using ZEN 

software (Zeiss, Germany). Further image analysis, such as generating x–z/y–z view images, was 

performed in ImageJ (NIH, Bethesda, MD). 

3.4.6. Quantitative Analysis of Cell Migration 

After time-lapse images were postprocessed, cell tracking was performed using Manual 

Tracking in ImageJ, and cells were outlined manually in MATLAB (Mathworks). The files 

containing all cell tracks were imported into MATLAB for further analysis. Cell tracks were 

smoothed with a 10-frame (30 min) unweighted sliding window. This period is sufficient to 

allow cells to move about one nuclear diameter. Using the smoothed center positions, cell 

velocities were determined by calculating the displacement between two frames: 𝑣𝑖⃗⃗⃗  (𝑡) =

 𝑥𝑖⃗⃗  ⃗(𝑡) − 𝑥𝑖⃗⃗  ⃗(𝑡 − ∆𝑡), where Δt is the interval between the frames. Assuming the uncertainty in 

finding the cell center is 1 pixel (0.625 μm) for both the x and y directions, a velocity was only 

counted if the net displacement between two frames was above 1.4 pixels. The direction of the 

motion at each frame was determined by the angle between 𝑣𝑖⃗⃗⃗  (𝑡) and the x axis, based on which 

histograms of direction of motion were created. All cell instantaneous velocities within a certain 

angle range relative to ridges were averaged to plot the velocity profile with respect to 
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orientation. To calculate the mean velocity components relative to the nanosawtooth orientation 

for each cell, the velocity components along the x axis were separated based on their signs, with 

positive being the same as the nanosawtooth orientation and negative being the opposite 

orientation. 

The velocity direction distribution was also plotted for each speed quartile and each long-

term persistence tertile. The angles were determined relative to the sawtooth orientation, 

meaning that angles that are left–right symmetric about the sawtooth orientation are considered 

to be the same. This process transforms the original range of velocity direction from −180–180° 

to 0–180°. To estimate the variations in our distributions, we adapted a random resampling 

Bootstrap method.230,231 First, we randomly divided all velocities into ten groups for each speed 

quartile or persistence tertile. To distribute the velocities randomly, we then selected a random 

seed between 2
0
 and 2

32
 for each of the five cell lines. The seeds are 418932850, 1196140743, 

2348838240, 4112460544, and 4144164703 for MDA-MB-231, HS578T, M1, BT549, and M4 

cells, respectively. The velocities whose speed values are zero were discarded because their 

directionality cannot be determined. The velocity direction distribution was then calculated for 

each of the groups. We considered the measurement from each of the groups as independent and 

calculated the average velocity direction distribution and standard error of the mean from the 

measurements of the groups. 

3.4.7. Averaged Actin Kymograph Analysis 

We measured the mean actin fluorescence and actin dynamic around one sawtooth by 

averaging across all sawteeth in either a single movie or multiple movies. First, the images with 

both bright-field and fluorescence channels were rotated in ImageJ such that all sawteeth were 
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aligned horizontally with their positive direction (tail to head) facing right, and the image edges 

were discarded. The sawtooth regions and boundaries were subtracted from the bright-field 

channel. Because the light aberration caused by cells resulted in the inability to recognize some 

sawteeth, sawteeth that appeared to be connected with others or smaller than a certain threshold 

were excluded from the analysis. After subtraction, the sawtooth outlines were superimposed on 

the actin fluorescent channel, and 51 points were placed evenly about the circumference of each 

outline. For each sawtooth, the sawtooth centroid was used as the origin point, and the horizontal 

row passing the centroid was used as the x axis with its positive direction facing right (same as 

the sawtooth positive direction). Then, the angle of each of the 51 points was calculated relative 

to the axis positive direction, and the position 0, which is the head of the sawtooth, was identified 

as the point with the smallest angle. The 25 points from position 0 in the clockwise direction 

were assigned indices 1 to 25 with position 1 near the sawtooth head and position 25 near the 

sawtooth tail. Similarly, the 25 points from position 0 in the counterclockwise direction were 

given indices −1 to −25. As the 51 points were evenly placed, positions ±1 are nearly symmetric 

to the sawtooth head and positions ±25 are nearly symmetric to the sawtooth tail. The actin-

fluorescence intensity within a constant radius around each point was averaged. Then, we 

aligned the 51 points linearly so that position 0 was in the middle and positions ±25 were in the 

two sides. To quantify the actin dynamics for two cell lines in an unbiased way, we first 

calculated averaged intensity for position 0 for all frames and then made a plot of 

intensity versus time. The time point tw was determined as the frame of the first peak, which has 

the average intensity above 90% of the maximum intensity in the plot. A kymograph showing the 

actin dynamic around one sawtooth was then generated by measuring the actin intensity profile 
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as mentioned for 6 min before and after time point tw. The kymographs from different sawteeth 

were averaged by using the position 0 and time tw as the center. 

3.4.8. Scanning Electron Microscopy Imaging 

For SEM imaging, cells were washed with 0.1 M Sorensen’s sodium phosphate buffer 

three times to remove any growth medium, and then were fixed with 2.5% glutaraldehyde in the 

same buffer at 4 °C overnight. After rinsing, the cells were postfixed with 1% osmium tetroxide 

for 1 h. Then, the cells were dehydrated through a series of 35, 50, 85, 95, and 100% ethanol 

solutions for 10 min each, followed by chemically drying with hexamethyldisilazane (Sigma-

Aldrich) for 5 min. The samples were then sputter-coated with gold and imaged using an 

AMRAY 1910 microscope. 

3.4.9. The Principle of the Optical-Flow Algorithm 

Optical-flow algorithms of florescence images capture translational motion on a frame-

by-frame basis. For each pixel in a fluorescence image, the algorithm assumes that the pixel 

undergoes a translation from its initial coordinate (𝑥, 𝑦) to a new coordinate (𝑥 + ∆𝑥, 𝑦 + ∆𝑦).232 

Therefore, each two-dimensional frame in an image series is denoted by: 

𝐼𝑡(𝑥, 𝑦) =  𝐼(𝑡 + ∆𝑡)(𝑥 + ∆𝑥, 𝑦 + ∆𝑦)     (3.1) 

In other words, the objective is to find the translations ∆𝑥 and ∆𝑦 that map the intensity 

profile in 𝐼𝑡 to what is observed in 𝐼𝑡+ ∆𝑡. 

Expanding the right side of this equation assuming small ∆𝑥, ∆𝑦, and ∆𝑡, and neglecting 

second-order and higher order terms, yields the master optical-flow equation. 
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𝐼𝑡(𝑥, 𝑦) =  𝐼𝑡(𝑥, 𝑦) + 
𝜕𝐼𝑡

𝜕𝑥
∆𝑥 + 

𝜕𝐼𝑡

𝜕𝑦
∆𝑦 + 

𝜕𝐼𝑡

𝜕𝑡
∆𝑡   (3.2) 

0 =  
𝜕𝐼𝑡

𝜕𝑥
∆𝑥 + 

𝜕𝐼𝑡

𝜕𝑦
∆𝑦 + 

𝜕𝐼𝑡

𝜕𝑡
∆𝑡      (3.3) 

−
𝜕𝐼𝑡

𝜕𝑡
∆𝑡 =  ∇⃗⃗  ∙  (

∆𝑥

∆𝑡
,
∆𝑦

∆𝑡
)      (3.4) 

−
𝜕𝐼𝑡

𝜕𝑡
= ∇⃗⃗  ∙  𝑣         (3.5) 

Equation (3.4) is underdetermined (one equation and two unknown variables) so the 

Lucas-Kanade technique was used to apply an additional constraint.233 
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Chapter 4: Quantifying Topography-Guided Actin Dynamics across Scales 

Using Optical Flow 

This chapter is reproduced with permission from Lee, R. M.; Campanello, L.; Hourwitz, 

M. J.; Alvarez, P.; Omidvar, A.; Fourkas, J. T.; Losert, W. Quantifying topography-guided actin 

dynamics across scales using optical flow. Mol. Biol. Cell 2020, 31, 1753-1764. Copyright 2020 

Lee, Campanello, et al. and distributed by The American Society for Cell Biology. It is 

reproduced here under an Attribution–Noncommercial–Share Alike 3.0 Unported Creative 

Commons License (https://creativecommons.org/licenses/by-nc-sa/3.0/) with permission 

conveyed through Copyright Clearance Center, Inc. Lee, Campanello, Fourkas, and Losert 

analyzed the data; Campanello developed the optical flow-based analysis code; Hourwitz 

fabricated the nanoridge surfaces and optimized conditions for surface coating and cell viability; 

Omidvar and Alvarez collected the time-lapse images; and all authors contributed to interpreting 

the data and writing and editing the manuscript. 

4.1. Introduction 

Understanding the rearrangements of the cytoskeleton is essential to developing a 

complete picture of the dynamic forces involved in cellular processes such as migration, 

division, and differentiation. Cytoskeletal dynamics, and in particular actin dynamics, have been 

shown to be important for the growth of cell junctions and focal adhesions234 and for immune-

cell activation.235 The formation of actin waves through directional polymerization and 

depolymerization of filaments drives many types of cell migration,236 and has been associated 

with the establishment of polarity in a variety of cell types.237 
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Forces from the extracellular environment are an important modulator of actin dynamics. 

Physical and chemical characteristics of the extracellular environment, such as rigidity, 

biochemical composition, and topography, have been shown to influence actin dynamics and 

associated cell behavior.238-241 One mechanism for this modulation is mechanosensing via focal 

adhesions.156 In addition, actin waves respond when cells encounter obstacles.211 It has been 

established that ridges of width comparable to fibers in the extracellular matrix (ECM) can alter 

actin dynamics significantly130,131,156 and bias the localization of focal adhesions.142,186 Thus, in 

vivo, the topography of the ECM, such as collagen networks,242,243 is likely to modulate actin 

dynamics. 

Periodic nanotopographic surfaces provide the opportunity to obtain systematic data on 

the modulation of such intracellular dynamics. In prior work, we have shown that actin waves 

can be nucleated near, and guided along, periodic nanotopography, in a phenomenon termed 

esotaxis. Actin-wave guidance has been observed in cell types that exhibit distinct physiological 

functions and migration phenotypes, including Dictyostelium discoideum,130,131 neutrophil-like 

HL60 cells,131 B cells,156 and breast-cancer cell lines.196 However, there are clear differences in 

the responses of each of these cell types to nanotopography. For example, although both D. 

discoideum and HL60 cells exhibit esotaxis, these two types of cells have been found to move 

preferentially in different directions on specific nanoscale asymmetric sawtooth textures.131 

Furthermore, different breast-cancer cell lines preferentially move in different directions on 

asymmetric sawtooth nanotopography.196 

Here we introduce a method for performing quantitative measurements of the influence 

of nanotopography on intracellular dynamics at both the submicron and the micron scales. This 
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approach enables the detection of subtle differences in cytoskeletal dynamics, and allows for in-

depth analysis of both the differences and the similarities of these dynamics across cell types and 

phyla. Our method of quantification of actin dynamics across scales is based on optical flow, an 

image-analysis technique developed in the fields of robotics and navigation control that uses 

changes in pixel intensities to detect motion in image sequences.232,233 Because of the popularity 

of particle image velocimetry (PIV), optical flow has seen limited use on biological images. 

However, PIV is poorly suited for the variety of features that can be exhibited in fluorescence 

images of amorphous concentration fields. Indeed, a recent study indicated that optical flow may 

be better suited for analysis of fluorescence images, as this technique provides a more accurate 

estimate of ground-truth flow fields.244 Here, we use optical flow to measure the dynamics of 

actin polymerization with submicron precision, and we further expand the utility of optical flow 

by introducing modeling and fitting approaches to the analysis of optical-flow vector fields. 

Clustering of the optical-flow data further allows us to quantify actin dynamics on the micron 

scale. Thus, this optical–flow-based analysis enables the identification of similarities and 

differences between esotaxis in neutrophil-like HL60 cells and human breast epithelial MCF10A 

cells across length scales. 

4.2. Results 

Esotaxis has been observed in a wide range of cell types that are known to respond to 

their in vivo microenvironment through processes such as directed migration or immune-system 

activation.130,131,156 More recently, esotaxis has also been observed in epithelial cells, which are 

less motile.196 Here we contrast the actin dynamics of epithelial MCF10A cells with those of 

neutrophil-like HL60 cells. 
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LifeAct–GFP-labeled epithelial MCF10A cells were plated on a 900 µm × 900 µm region 

patterned with parallel nanoridges with a spacing of 1.5 µm, as well as on the surrounding flat 

region. Confocal imaging near the surface revealed distinct actin morphologies on nanoridges as 

compared with the flat region (Figure 4.1). On the flat region the phenotype is a common one for 

these cells on such surfaces, with a broad lamellipodium at the cell front and stress fibers 

throughout the cell body (Figure 4.1A). In contrast, MCF10A cells on nanoridges exhibit actin 

streaks aligned with the ridges throughout the cell area (Figure 4.1B). The local nature of the 

response of actin to surface texture is illustrated in Figure 4.1C, which shows a cell that is 

partially on the nanoridges and partially on the flat region. On the nanoridged region, the cell 

shows the same actin streaks as a cell that lies fully on a ridged surface, whereas the same cell 

maintains a broad lamellipodium on the flat region. 

Ridged and flat regions also engender distinct actin dynamics. Kymographs can be used 

to visualize dynamics in a region of interest in one spatial direction over time. The left side 

of Figure 4.2A compares an MCF10A cell on a flat region with one on a nanoridged region. The 

cell on the nanoridged region shows actin streaks that are characteristic of esotaxis. Actin 

kymographs from two perpendicular regions (Figure 4.2A) in an MCF10A cell on a flat surface 

show oscillatory dynamics in all directions at the cell boundary. These oscillations in the 

kymographs indicate the presence of fanlike protrusions and retractions across each region over 

30 min (Figure 4.2B). In contrast, on the nanoridged region, the actin dynamics parallel and 

perpendicular to the ridges are different (Figure 4.2C). Parallel to the nanoridges, MCF10A cells 

show oscillatory actin dynamics. As shown in the bottom left of Figure 4.2C, a representative 

kymograph of a region perpendicular to the ridges shows actin structures that persist for tens of 

minutes and do not move perpendicular to the ridges. This behavior is typical for kymographs 
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perpendicular to the ridges, although perpendicular motion is observed in some cases as 

discussed below. 

 

 

Figure 4.1. Surface topography prompts distinct actin morphology. The actin cytoskeleton of an 

epithelial MCF10A cell on (A) a flat surface has an actin morphology that is distinct from that of 

a cell on (B) a nanoridged surface. (C) A cell that is partially on a nanoridged region and 

partially on a flat region exhibits local actin morphologies that are driven by the underlying 

topography. The blue line in C indicates the boundary between the flat region and the nanoridged 

region. All scale bars are 10 µm. Reprinted with permission from reference 245. 

 

Figure 4.2 (next page). Surface topography leads to distinct actin morphodynamics. (A) Optical 

micrographs of MCF10A cells in (left) bright-field and (right) fluorescence on (top) a flat region 

and (bottom) a nanoridged region. All scale bars are 10 µm. Kymographs for the areas denoted 

in A are shown in B for the flat region and in C for the nanoridges. D–F are the same as A–C, 

respectively, but for HL60 cells. Reprinted with permission from reference 245. 
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The behavior of motile, neutrophil-like HL60 cells on flat and nanoridged regions is 

illustrated in Figure 4.2D-F. Figure 4.2D illustrates the regions from which kymographs were 

generated. In HL60 cells on flat regions, actin is concentrated near the cell front. This 

localization is largely preserved on the ridged surfaces, although the morphology of the actin 

changes such that streaks of actin are aligned with the ridges. On flat surfaces, the HL60 cells 

show regions of protrusions and retractions (Figure 4.2E) similar to the actin dynamics seen in 

MCF10A cells (Figure 4.2B). We note that protrusions occur on the scale of seconds in HL60 

cells and on a scale of minutes in MCF10A cells. Kymographs of the HL60 cells in the direction 

parallel to the nanoridges show protrusive dynamics, although often in the form of a single 

persistent wave (Figure 4.2F, top), in contrast to the oscillatory behavior seen on flat surfaces 

(Figure 4.2E). A representative kymograph of an HL60 cell in the direction perpendicular to the 

nanoridges shows streaks (Figure 4.2F, bottom) that indicate that actin waves do not move 

perpendicular to the ridges, but the streaks are shorter in duration than those in a typical 

MCF10A cell (Figure 4.2C). This behavior is typical for kymographs of actin in HL60 

perpendicular to the ridges. Unlike in MCF10A cells, in which actin streaks on the ridges 

localize throughout the cell (Figure 4.2C, bottom), in the HL60 cells the streaks occur near the 

cell front (Figure 4.2F, bottom). Groups of actin streaks propagate together at the front of the 

HL60 cells, suggesting that there may be large-scale organization of actin dynamics (spanning 

many ridges) in these cells. It is unclear whether there is large-scale organization of actin 

dynamics in the MCF10A cells. 

The full range of actin dynamics is more complex than is revealed by kymographs. 

MCF10A cells on the ridged regions exhibit actin dynamics throughout the substrate contact 
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area, whereas actin dynamics on flat surfaces are largely confined to the cell boundary. In both 

cell types, nanoridges stimulate reproducible, dynamic, linear actin structures. 

Time-lapse fluorescence images of actin waves are difficult to interpret by visual 

inspection or kymographs alone, because the observed dynamics arise from a complex spatio-

temporal concentration field. To measure these wavelike dynamics quantitatively, we must first 

define a wave (size and shape) and then capture its propagation (splitting, recombination, and 

changes in direction). Here, we address these challenges by introducing an automated approach 

to quantify actin-wave dynamics across length scales for unbiased comparison in different cell 

types and extracellular environments. 

Our method is based on a computer-vision algorithm from robotics and navigation 

control called optical flow,232,233 which provides pixel-based information about the direction and 

magnitude of intensity flux in a series of time-lapse images. Fields of optical-flow vectors are 

calculated by integrating changes of intensity in space and time, as shown schematically 

in Figure 4.3. For example, two images of a migrating HL60 cell taken 8 s apart are shown with 

changes in time highlighted by a green-to-magenta montage (Figure 4.3A). The magenta region 

indicates growth of the actin front (which, as expected, occurs at the leading edge of the cell), 

and the green region indicates a decrease in actin intensity. 

The general objective of calculating optical flow is to solve for the unknowns Δx and 

Δy in 

𝐼(𝑥, 𝑦, 𝑡) = 𝐼(𝑥 + ∆𝑥, 𝑦 + ∆𝑦, 𝑡 + ∆𝑡)    (4.1) 
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where I(x,y,t) represents the actin fluorescence intensity at frame t. The intensity I that exists at 

point (x,y) at time t translates to a new point (x + Δx,y +Δy) at some future time t + Δt. 

Expanding about small Δx and Δy and neglecting second-order derivatives yields the master 

optical-flow equation 

−∇⃗⃗ 𝐼 ∙  𝑣 =  
𝜕𝐼

𝜕𝑡
        (4.2) 

 

Figure 4.3 (next page). Optical-flow calculations capture the dynamics in movies of actin 

fluorescence. (A) Two frames of a representative HL60 cell obtained 8 s apart and a merged 

image show the dynamics of the cell’s behavior over time. The schematic in B illustrates how the 

procedure used to carry out optical-flow calculations combines the spatial gradient of an image 

(left) and the difference image/temporal gradient (right) to yield the optical-flow vector field 

(center). These calculations are applied to the images in A and shown in the images of C. The 

spatial gradient field (left) and temporal gradient (right) result in the output optical-flow vector 

field (center). Blue pixels in the right panel of C indicate a positive change (increase) in the pixel 

brightness from the first frame to the second frame, and red pixels in the right panel indicate a 

negative change (decrease) in the pixel brightness from the first frame to the second frame. All 

scale bars are 5 µm. Reprinted with permission from reference 245. 
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This governing equation is underdetermined, and so the Lucas–Kanade optical-flow 

constraint233 was applied to calculate flow fields. This constraint prescribes that all pixels in a 

small window centered at (x,y) each have the same translational optical-flow vector. The 

equation can then be solved using the least-squares criterion (an explicit derivation is given 

below) to yield the intensity flow, 𝑣  (Figure 4.3B, center panel). Solving for 𝑣  requires use of the 

negative spatial gradient, −∇⃗⃗ 𝐼 (Figure 4.3B, left panel), which forms a vector field oriented away 

from regions of highest local intensity, and the time derivative, ∂I/∂t (Figure 4.3B, right panel) as 

shown in Eq. 4.2. Using the pair of images from Figure 4.3A as a representative example, the 

spatial and temporal gradients are used to calculate the optical-flow vector field, which 

approximates the flow of actin between the two frames. In this example, the vector field captures 

the translational motion on the leading edge of the cell (Figure 4.3C). 

Optical-flow measurements of actin intensity translation enable the quantification of the 

pixel-scale response of actin dynamics to nanoridge topographies (Figure 4.4). The green-to-

magenta montages of representative HL60 and MCF10A cells show dynamic and protrusive 

actin behavior at the leading edge of the cell (Figure 4.4A). Coloring the calculated flow fields 

based on direction relative to the nanoridges (Figure 4.4B) reveals the clear bias of actin wave 

guidance in the direction parallel to the ridges, which is consistent with the qualitative features of 

the montage images in Figure 4.4A. Measurements of the optical-flow directions on all HL60 

and MCF10A cells on both flat and ridged surface topographies are shown in the histograms 

of Figure 4.4C. In both cell types, the cumulative distribution of flow in cells on flat surfaces 

shows no appreciable bias in any direction. However, cells on ridges exhibit a clear preference 

for flow along the ridge direction. 
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For further quantification, we fit the distribution of flow directions from each cell to a 

bimodal von Mises model with a constant offset. The distribution used consists of a uniform 

component and two peaked components that are 180° apart. The five parameters of the bimodal 

model are illustrated in Figure 4.4D. The angle θµ indicates the direction of the main component, 

and 1/κ is proportional to the width of the distribution. The values of κ on ridged regions are 

significantly higher than those than on flat regions for both the MCF10A and the HL60 cells 

(Figure 4.4E, p = 0.0001583 and p = 0.0040), indicating that the ridges strongly guide the actin 

flows in a bidirectional manner. A comparison of κ and θµ shows that cells with a bidirectional 

actin flow (i.e., high κ values) are more likely to be guided along the ridge direction (Figure 

4.4F). 

 

Figure 4.4 (next page). Using optical flow to measure pixel-scale guidance. (A) Representative 

merged time-lapse images of an MCF10A cell (top, 100 s apart) and an HL60 cell (bottom, 8 s 

apart). (B) Optical-flow vector fields colored by direction relative to the horizontal ridges. Blue 

indicates motion aligned with the ridges and yellow indicates motion perpendicular to the ridges. 

All scale bars are 5 µm. (C) Cumulative distributions of the directions of optical-flow vectors for 

multiple HL60 and MCF10A cells on flat and ridged surfaces; all cells are weighted equally in 

the distribution. (N = 4 MCF10A cells on flat surfaces from three independent experiments, N = 

19 MCF10A cells on ridges from four independent experiments, N = 14 HL60 cells on flat 

surfaces from two independent experiments, and N = 17 HL60 cells on ridges from three 

independent experiments.) (D) The distribution of angles can be fit to a mixture of two von 

Mises distributions with five fitting parameters: θµ (primary direction of motion), κ (inversely 

related to distribution width), and three coefficients indicating the component of motion in the θµ 

direction, the component in the θµ + 180° direction, and the component that is uniform. (E) In 

both MCF10A and HL60 cells, the distribution width, parameterized by κ, shows significant 

differences (p = 0.0001583 and p = 0.0040) on flat versus ridged surfaces. (F) For each cell, the 

mean direction of motion (angular axis) is plotted vs. κ (radial axis). Values of κ less than 2 

(indicated by the dashed line) indicate cells with direction distributions that are statistically 

indistinguishable from a uniform distribution. We note κ = 19.6 for one HL60 cell, and this point 

is not visible in this figure. Reprinted with permission from reference 245. 
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Although the optical-flow vector field indicates preferred directions of actin flow, it does 

not yield propagation speeds of actin polymerization waves directly. The magnitude of an 

optical-flow vector incorporates both the shift of actin in space and the change in actin intensity 

over time. This submicron-scale (i.e., pixel-scale) flux of intensity does not translate directly into 

characteristics of the dynamics that are notable on the micron scale (i.e., tens of pixels), such as 

the organization of waves across ridges seen in neutrophils in Figure 4.2F or the speed of wave 

propagation. To quantify these micron-scale characteristics, we combined similarly oriented 

optical-flow vectors into clusters (Figure 4.5A), which were then tracked over time. To ensure 

that we tracked robust clusters, we applied additional constraints, such as requiring sufficiently 

large intensity changes. The result of this clustering was the identification of broad regions of 

actin that moved collectively (Figure 4.5B). 

 

Figure 4.5 (next page). Clustering of optical-flow vectors to measure micron-scale dynamics. (A) 

Similar flow vectors are grouped into clusters. (B) Clusters contain optical-flow vectors with a 

wide array of orientations, resulting in micron-scale structures. All scale bars are 5 µm. (C, D) 

Particle-tracking algorithms are applied to the tracked clusters. The cluster tracks are consistent 

with the motion at the leading edge of the actin waves seen in the kymographs in both HL60 (C, 

left) and MCF10A (D, left). Panels to the right of each kymograph show the same track in the 2D 

context of the cells; clusters found throughout the cell over time are indicated by colored regions. 

(E) The cluster tracks are used to determine speed distributions of actin waves on the ridges in 

the MCF10A and HL60 cells, which show no significant difference (p = 0.5529 and p = 0.0586) 

between flat surfaces and ridges. (F) Cumulative angle distribution of cluster track directions for 

multiple HL60 and MCF10A cells on flat and ridged surfaces; all cells are weighted equally in 

the distribution. (N = 4 MCF10A cells on flat surfaces from three independent experiments, N = 

17 MCF10A cells on ridges from four independent experiments, N = 9 HL60 cells on flat 

surfaces from two independent experiments, and N = 16 HL60 cells on ridges from three 

independent experiments.) Reprinted with permission from reference 245. 
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We applied peak-finding and tracking algorithms246 to follow the locations of maximum 

alignment of these optical-flow clusters on the micron scale. Although the optical-flow results 

shown in Figure 4.4 follow motion on the pixel scale, by following the peak alignment of the 

optical flow, we are able to track larger coordinated clusters of actin. Our tracking is consistent 

with the actin dynamics seen in kymographs, as shown by representative kymographs of 

MCF10A (Figure 4.5C) and HL60 (Figure 4.5D) cells overlaid with the tracked location of actin 

waves. Unlike kymographs, which are sensitive to motion along a chosen direction, tracks of 

clustered flow vectors reveal the micron-scale motion of actin in two dimensions. The benefits of 

our approach are illustrated in Figure 4.5C for an MCF10A cell. For the initial frames, the 

kymograph indicates a stationary actin structure (Figure 4.5C, left), but when the actin dynamics 

are viewed in two dimensions (Figure 4.5C, right), it is evident that in the early frames this wave 

is moving perpendicular to the ridges, a motion that cannot be captured in this one-dimensional 

kymograph. Thus, the combination of optical flow, clustering, and tracking allows us to follow 

actin waves without being limited to tracking only motion that occurs along a straight line. 

The speeds of the tracked actin clusters (Figure 4.5E) are similar to speeds derived from 

actin kymographs (Figure 4.5C and D, and Figure 4.6), despite an approximately order-of-

magnitude difference in speed between the two cell types that is consistent with their distinct in 

vivo functions and with previously reported cell-migration speeds.247,248 For both cell types we 

find no significant difference (p = 0.5529 and p = 0.0586) between actin-wave speeds on flat and 

ridged surfaces (Figure 4.5E), implying that nanoridges steer actin dynamics but do not alter 

wave speeds in these two cell types. On flat surfaces, the directions of the clusters are distributed 
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uniformly for MCF10A cells but show distinct peaks in multiple directions for HL60 cells 

(Figure 4.5F). This observation is consistent with the polarized character of actin in several of 

the HL60 cells on flat surfaces, corresponding to κ values greater than 2 in Figure 4.4E,F. 

4.3. Discussion 

Extracellular texture, which is an important component of the 3D, in vivo environment, is 

capable of spatially patterning actin and modulating actin dynamics. Using nanoridge structures 

in conjunction with optical-flow approaches, we are able to probe and quantify this intracellular 

response to extracellular textures in a systematic manner. 

Previous studies of D. discoideum,130,131 B cells,156 and tumor-associated fibroblasts155 

showed similarity in actin response to texture, which suggests that guidance of actin driven by 

texture (esotaxis) is broadly conserved across cell types. Controlled textures are thus a useful 

model microenvironment for the systematic, reproducible, and quantitative study of intracellular 

dynamics and force regulation. Here we demonstrated the analysis of time-lapse images of two 

cell types that have distinct physiological function. Neutrophil-like HL60 cells are polarized and 

highly motile, and respond to a variety of cues as they fulfill their role in the immune system. 

Epithelial MCF10A cells, however, have a nonmotile physiological function. Nevertheless, both 

cell types show clear, and quantitatively similar, actin dynamics in response to surface textures. 

Consistent with our prior results,130,155 we find that nanoridges lead to persistent streaks of actin 

that are not seen on flat surfaces. 
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Figure 4.6. Actin-wave speeds. Actin-wave speeds were calculated from the kymographs shown 

in Figure 4.2 by manually selecting two points on the kymograph (using the ginput function in 

MATLAB) and calculating the slope between them. The speeds shown here agree with the 

distribution of speeds found using optical-flow-based tracking (Figure 4.5) for a MCF10A on a 

flat surface (A), an HL60 cell on a flat surface (B), a MCF10A cell on a ridged surface (C), and 

an HL60 cell on a ridged surface (D).The bottom panel of (C) shows a saturated version of the 

underlying kymograph to emphasize the protrusions being tracked. Reprinted with permission 

from reference 245. 
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Optical flow enables the quantification of both the reproducible streaks of actin seen on 

nanoridged surfaces and the more chaotic actin waves seen on flat surfaces. The latter waves are 

typically much wider than guided actin waves. On flat surfaces the waves often change direction 

and can also grow wider and split. Such motion phenotypes are not easily captured with standard 

techniques such as kymographs. Optical flow enables us to follow these dynamics and thus 

yields insights beyond those derived from kymograph-based techniques. 

We note that optical flow is suitable for comparisons of systems imaged under different 

conditions (e.g., 60× vs. 100× objectives), enabling comparisons of widely varying cell sizes and 

migration speeds. The use of varying acquisition rates (i.e., 2 and 10 s) in this work was based on 

the differences in cell migration speeds of the two cell lines studied. In general, optical flow 

requires using a frame rate such that changes in fluorescence intensity between frames are small, 

but larger than noise. Our use of the Lucas–Kanade optical-flow constraint also makes the 

assumption that there is a smoothness to the flow field over a certain neighborhood, which is a 

length-scale parameter in the optical-flow analysis. This assumption is met by a wide variety of 

biological imaging data sets, and thus the use of our optical-flow approach is not limited to actin 

dynamics. Optical flow could provide insights into the motion of other cytoskeletal proteins, 

such as tubulin, or into the dynamics of other fluorescent markers that exhibit a spatially and 

temporally changing intensity field. Our use of clustering to study larger-scale actin dynamics 

could similarly be adapted to other fluorescent markers under the assumption that there are 

larger-scale dynamics that move together in similar directions. In this work, we used a spinning-

disk confocal microscope for image acquisition, but our analysis pipeline would also be 

appropriate for other imaging techniques, such as epifluorescence. When working with other 

imaging modalities or fluorescent markers, the size of the Lucas–Kanade neighborhood and the 
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threshold for vector reproducibility (Figure 4.7) can be adapted to only include robust results in 

further analysis. 

Using submicron-scale optical flow and associated micron-scale analysis, we have shown 

that both MCF10A and HL60 cells have actin flows that are biased along nanoridges. By 

clustering similarly oriented optical-flow vectors, we are able to measure the speed of actin 

waves within the cell. The measured speeds are comparable to speeds calculated from actin 

kymographs. Optical-flow analysis allows us to determine that the speeds do not differ 

significantly on flat versus ridged regions. This finding indicates that nanoridges guide, but do 

not fundamentally alter, the speed of actin dynamics in these two cell types. We measure actin-

wave speeds on the order of 1 µm/min in the MCF10A cells, consistent with previously reported 

cell migration speeds of approximately 0.5 µm/min.248 In the HL60 cells we find actin speeds 

ranging from approximately 8 to 14 µm/min, consistent with the 8 µm/min speed for cell 

migration previously reported.247 

 



 

 

142 

 

 

Figure 4.7. Cluster-finding workflow. Input time-lapse images (upper left) are used to generate a 

series of masks along two independent workflows: 1) To generate the difference image mask, 

images are smoothed and then subtracted from adjacent frames. The difference image mask is 

calculated by applying a threshold (in this work, the threshold is set to 0). 2) To generate the 

alignment and reliability mask, spatiotemporal intensity gradients are calculated and used to 

calculate optical flow and reliability. Alignment is calculated by taking the dot product between 

vectors and their local neighborhood (in this work, the neighborhood is a Gaussian with a 

standard deviation of 0.63 µm). The reliability mask is calculated by applying a threshold (in this 

work, the threshold is set to 10× the median of the reliability distribution. Taken together, the 

difference image mask, alignment, and reliability mask are multiplied in an elementwise fashion 

to generate the final cluster image. In this work, the cluster image is used as an input to peak 

finding and tracking algorithms. Scale bar is 5 µm. Reprinted with permission from reference 

245. 

 

Fitting the optical-flow vectors to a bimodal von Mises distribution enables quantification 

of the differences in the directionality of actin flows on flat and ridged surfaces in both cell lines. 
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The fit parameters also show differences in actin polarization in these two cell lines. HL60 cells 

occasionally exhibit coordinated and directed actin flows even on flat surfaces, whereas 

MCF10A cells on flat surfaces show uniform direction distributions of actin waves. On the 

micron scale, actin-wave tracks from individual HL60 cells on flat surfaces generally polarize 

and have a preferred direction, consistent with the behavior of immune cells, which tend to 

polarize and migrate in a directed manner. Tracks from MCF10A cells on a flat surface, on the 

other hand, are more directionally uniform for each cell. In both cell types, ridges guide actin 

waves in a bidirectional manner. 

The quantitative actin responses in MCF10A and HL60 cells support a model in which 

surface texture provides a symmetry-breaking cue that leads to nucleation of actin 

polymerization. Under flat tissue-culture conditions, which lack symmetry-breaking cues, actin 

polymerization relies on spontaneous nucleation or edge effects.249 Edge effects may lead to 

morphological features such as the lamellipodia seen in HL60 cells on flat surfaces in Figure 

4.2B. By changing the landscape on which nucleation occurs, surface texture can lead to actin 

polymerization in other locations of the cell, such as the persistent streaks seen in the center of 

MCF10A cells on ridges in Figure 4.2A. 

There are multiple mechanisms by which cells may respond to local forces and 

geometry,250 including sensing mechanisms that can respond to membrane curvature on a variety 

of scales.251 Our finding that nanoridges change the direction, rather than the speed, of actin 

waves suggests that growth of existing actin filaments away from the surface is the rate-limiting 

step in actin polymerization wave propagation. In some cases, sensing mechanisms may rely on 

the preferential formation of focal adhesions. This hypothesis is consistent with previous results 
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on focal-adhesion localization and orientation in response to surface texture.142,186 Although 

MCF10A cells form strong focal adhesions that may align with texture cues,142 the HL60 cells 

form weaker adhesions, and the previously studied D. discoideum cells130,131 are not known to 

form integrin-mediated focal adhesions. Thus, the dominant mechanism of surface texture 

response likely depends on both the cell type and the extracellular environment. 

Known surface-sensing mechanisms also include cytoskeletal components such as 

septins, which respond to micron-scale curvatures,252 and BAR domains, which sense nanoscale 

curvature.253 Proteins with BAR domains have been linked to actin assembly254 as well as to key 

components of actin-regulating pathways, such as WAVE and Rac.255,256 Recent work has 

suggested that nucleation of new actin filaments is enhanced by nanotopography. Specifically, 

curved nanopillars activate the nucleation-promoting factors Arp2/3 and N-WASP through 

enhanced binding of an F-BAR domain containing protein.257 Additionally, evidence suggests 

that topography is capable of shifting multiple gene-expression pathways,98 which implies that 

longer-term exposure to topography may mediate additional surface-sensing pathways. As in 

vivo microenvironments contain a variety of textures, it is likely that multiple mechanisms 

respond to distinct features of extracellular texture, and future work on the response of actin 

regulators to controlled topographies such as those investigated here will help elucidate the 

contributions of distinct signaling pathways in esotaxis. 

Although the systematic modulation and interrogation of all possible molecular factors of 

esotaxis is beyond the scope of this chapter, our analysis yields two remarkable constraints on 

the molecular sources of esotaxis. First, the speed of actin waves is not altered by esotaxis in 

these two cell types. Second, the directional guidance provided by nanotopography is 
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comparable in the two cell types investigated, despite their disparate functions and migratory 

phenotypes. Quantitative analysis of esotaxis as a physical phenotype could yield crucial 

prognostic disease insights, especially in the case of cancer, in which changes in the texture of 

the microenvironment correlate with disease progression. 

 

4.4. Materials and Methods 

4.4.1. Cell Culture and Imaging 

HL60 YFP-actin cells were a gift from Orion Weiner of the University of California, San 

Francisco. The cells were cultured in RPMI 1640 medium, Glutamax (Life Technologies) 

supplemented with 10% heat-inactivated fetal bovine serum (Gemini Bio). Cells were passaged 

every 2–3 d and kept between 3 × 105 and 1 × 106 cells/ml. For differentiation, cell media was 

additionally supplemented with 1.3% dimethyl sulfoxide Hybri-Max (Sigma Aldrich) for 5 d 

before imaging. Actin dynamics of HL-60 YFP-actin cells were observed by confocal 

fluorescence and bright-field time-lapse imaging using a PerkinElmer spinning-disk confocal 

microscope with a water immersion 60× objective (0.21 µm/pixel). Images were recorded every 

2 s. We note that this method of plating resulted in the imaging of some multicellular clusters of 

HL60 cells; these clusters were not considered further. 

Preparation for imaging included a 10 µg/ml coating of fibronectin on the substrates. 

Cells were plated and allowed to settle. After approximately 30 min, N-Formyl-Met-Leu-Phe 

(fMLF; Sigma Aldrich) was added to 1 μM. HL-60 cells were imaged on flat resin and ridged 
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nanotopographies beginning between 10 and 15 s after fMLF stimulation. All images analyzed in 

this work were obtained after fMLF stimulation. 

MCF10A LifeAct-EGFP cells were a gift from Carole A. Parent (National Cancer 

Institute, Bethesda, MD). These cells were cultured in DMEM/F12 media supplemented with 5% 

horse serum, 10 μg/ml insulin (ThermoFisher Scientific), 10 ng/ml EGF (Peprotech, Rocky Hill, 

NJ), 0.5 μg/ml hydrocortisone, and 100 ng/ml cholera toxin (both Sigma, St. Louis, MO). The 

media were additionally supplemented with 2 μg/ml puromycin dihydrochloride (ThermoFisher 

Scientific) to select for EGFP-positive cells. Before imaging, cells were plated on a nanoridged 

surface coated with collagen IV and were allowed to adhere to the surface overnight. Actin 

dynamics were studied by confocal fluorescence and bright-field, time-lapse imaging using a 

PerkinElmer spinning-disk confocal microscope with a 100× objective (0.14 µm/pixel). Images 

were recorded every 10 s. 

For both cell types, data were collected using PerkinElmer’s Volocity software (version 

6.4.0). The spinning-disk confocal microscope was equipped with a Hamamatsu ImagEM X2 

EM-CCD camera (C9100-23B), which recorded 12-bit images. Cells used in this study tested 

mycoplasma negative using the MycoAlert (Lonza) testing system. 

4.4.2. Surface Fabrication 

The nanotopographies were designed and fabricated using MAP, as described 

previously.142 A drop of prepolymer resin (1:1 wt/wt Tris [2-hydroxy ethyl] isocyanurate 

triacrylate [SR368]: ethoxylated (6) trimethylolpropane triacrylate [SR499], both from Sartomer; 

3% Lucirin TPO-L [BASF]) was sandwiched between a coverslip and a plasma-treated 
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microscope slide that had been functionalized with acrylate groups.106,107,142 The coverslip was 

mounted onto the stage of an inverted microscope (Zeiss Axiovert 135). A beam of 150-fs pulses 

centered at 800 nm from a Ti:sapphire oscillator (Coherent Mira 900) was directed into the 

microscope and through a high-numerical-aperture objective (Zeiss alpha-Plan Fluar 100×; NA 

1.45). The stage motion and shutter were controlled using a program written in LabVIEW 

(National Instruments). Once the pattern was fabricated, the sample was developed in ethanol 

and baked at 110°C for 1 h. 

A replica molding approach was then used to mold the chemically functionalized 

pattern.142 This step included the initial casting of a hard-poly(dimethylsiloxane) (h-PDMS) layer 

(1000 rpm, 40 s) to better resolve nanoscale features of the topographical pattern. This layer was 

allowed to sit on the pattern at room temperature for 2 h and was then baked at 60 °C for an 

additional 1 h. Finally, Sylgard 184 was mixed (10:1 elastomer base:curing agent) and poured 

onto the initial h-PDMS layer. The PDMS was cured at 60 °C for 1 h 10 min. 

The MAP-fabricated structure was then reproduced through a soft-lithographic technique. 

A drop of the aforementioned resin was sandwiched between the PDMS mold and an acrylate-

functionalized coverslip and was then exposed to UV radiation from a lamp for a desired amount 

of time. After the resin cured, the coverslip was peeled off the mold. This process was repeated 

many times to produce enough replicas to perform the necessary experiments. The replicas were 

soaked in ethanol for at least 4 h and subsequently baked/dried in an oven at 110 °C for 1 h. 

Samples used to study MCF10A cells were also soaked in UltraPure water (ThermoFisher) for 

approximately 12 h. 



 

 

148 

 

4.4.3. Kymographs 

Kymographs were created in MATLAB by manually selecting a rectangular region in an 

actin image. Fluorescence intensities inside the region were averaged across the short axis of the 

region; this process was repeated for each image in the time-lapse sequence, and the resulting 

intensity data were combined into the kymographs shown in Figure 4.2 and Figure 4.6. 

 

4.4.4. Optical Flow 

The Lucas–Kanade optical-flow method233 was used to capture the direction and strength 

of intensity flow of fluorescent actin and to produce vector fields indicating actin motion. The 

optical-flow vector field of an image series is the field of apparent translation in the image plane, 

as is shown schematically in Figure 4.3B. Calculating the optical flow for two adjacent 2D 

images in an image series requires solving for the unknowns Δx and Δy in Eq. 4.1, as described 

above. The Lucas–Kanade method uses a least-squares regression approach to solve for the best 

optical-flow vector on a pixel-by-pixel basis under the assumption that all pixels within a 

“neighborhood” move in a similar direction.233 If solving for the optical-flow vector of some 

point p with coordinate (xp,yp,τ), the master optical-flow equation requires that the optical flow 

vector of point p and all points in the neighborhood about p (points 1,2,…,p,…, N) follow the 

underdetermined relation 
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Under the Lucas–Kanade assumption, the vector for point p is assigned to all points in the 
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The least-squares solution to equations of this form, 𝐴𝑥 =  𝑏⃗ , is 𝑥 =  (𝐴𝑇𝐴)−1𝐴𝑇𝑏⃗ . 

Furthermore, we implement a scheme using a Gaussian weight matrix centered at point p to 

ensure that pixels near p have more influence over the result. The equation then becomes 
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where w is a √𝑁  × √𝑁 centered Gaussian matrix. The equation then takes the form √𝑤𝐴𝑥 =

 √𝑤𝑏⃗  and has solution 

𝑥 =  (𝐴𝑇√𝑤
𝑇
√𝑤𝐴)

−1

𝐴𝑇√𝑤
𝑇
√𝑤𝑏⃗ =  (𝐴𝑇𝑤𝐴)−1𝐴𝑇𝑤𝑏⃗ .   (4.6) 

Optical-flow reliability is defined as the smallest eigenvalue of the A
T
wA matrix,258,259 

and was used to remove flow vectors that were created by noise or an ill-defined least-squares 

calculation. The threshold used can be adapted to best suit the experimental data and scientific 

questions of interest by only keeping the most reliable vectors while measuring the motion of 

more regions of the cell. The optical-flow weight matrix for MCF10A cells was a 27 × 27 pixel 

Gaussian with a SD of 4.5 pixels (0.63 µm). The optical-flow weight matrix for HL60 cells was 
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19 × 19 pixel Gaussian with a SD of 3 pixels (0.63 µm). With other imaging modalities, 

magnifications, or fluorescent markers, it may be appropriate to change the size of this weight 

matrix based on the size of features of interest and noise in the image. 

4.4.5. von Mises Model of Flow Distribution 

Optical-flow distributions were modeled with a modified bimodal von Mises distribution 

(von Mises distributions are a continuous and differentiable analogue of normal distributions on 

a circle with similar statistical properties). The model was defined as 

𝑓(θ|θμ,κ) =  𝑝1  ∗ 𝑉𝑀(θ|θμ,κ) + 𝑝2 ∗  𝑉𝑀(θ +  𝜋|θμ,κ) + (1 − 𝑝1 − 𝑝2) ∗  
1

2𝜋
  (4.7) 

where VM (θ | θμ,k) is the von Mises distribution 

𝑉𝑀(θ|θμ,κ) =  
𝑒κcos(θ− θμ)

2𝜋𝐼0(κ)
       (4.8) 

and 𝐼0(κ) is the modified Bessel function of the first kind. The maximum likelihood estimates of 

the parameter k were used for statistical analyses. 

4.4.6. Cluster-Tracking Analysis 

Regions of actin fluorescence were clustered using the direction of optical-flow vectors 

together with an optical-flow reliability threshold and by requiring that actin intensity change 

over time (see Figure 4.7 for a visualization of this workflow). The dot products between optical-

flow vectors around a point p (i.e., vectors v1,v2,…,vp-1, vp+1,…,vN) were calculated and 

accumulated using a Gaussian weighting scheme to a single scalar alignment metric. The 

alignment metric is defined as 
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𝑎𝑝 = ∑ 𝑤𝑖 ∗  (𝑣 𝑝  ∙  𝑣 𝑖)
𝑁
𝑖=1        (4.9) 

where w is a renormalized √𝑁 × √𝑁 centered Gaussian matrix with a center manually set to 0. 

This calculation was carried out for each pixel. 

To require that the actin intensity change over time, a mask of the thresholded difference 

image between subsequent frames was calculated. For every pair of adjacent frames, It and It+Δt, 

the resulting mask took value I where It+Δt > It and 0 otherwise. For our analysis, Δt = 30 s for 

MCF10A and 6 s for HL60. 

To calculate the final clustered regions, the alignment metric ap, optical-flow 

reliability λp, and difference-image mask were multiplied in an element-wise manner to create a 

final cluster image. The cluster image was inputted into a peak-finding algorithm to locate peaks 

in the resulting intensity profile, and the Crocker-Grier particle-tracking algorithm246,260 was used 

to track coordinates of the resulting peaks over time. 

The clustering weight matrix for MCF10A was a 27 × 27 pixel Gaussian with a SD of 4.5 

pixels (0.63 µm). The clustering weight matrix for HL60 cells was 19 × 19 pixel Gaussian with a 

SD of 3 pixels (0.63 µm). The diameter of the peaks used in pkfnd.m246 was 15 pixels (2.1 µm) 

for MCF10A cells and 10 pixels (2.1 µm) for HL60 cells. The maximum displacement used 

in track.m246 was 11.5 pixels (1.54 µm) for MCF10A cells and 7 pixels (1.47 µm) for HL60 

cells. Tracks measured in the movies of MCF10A cells were considered only if they were 

tracked for more than three frames (30 s) and tracks measured in movies of HL60 cells were only 

considered if they were tracked for more than three frames (6 s). 
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4.4.7. Statistical Methods 

Measurements of κ for MCF10A cells (Figure 4.4E) and actin-wave speeds for both cell 

types (Figure 4.5E) were compared on flat versus nanoridged surfaces using two-sample t tests 

with unequal variances. A two-tailed t distribution was used to calculate the reported p values. 

As the measurements of κ for HL60 cells violated the normality assumption for a t test, we used 

a nonparametric Wilcoxon rank sum test to compare these values. A full description of the 

statistical parameters involved in these tests is available.245 

4.4.8. Data and Software Availability 

Our optical-flow analysis code is available on GitHub at 

https://github.com/losertlab/flowclustertracking. Imaging data from this study is available in a 

Mendeley Data repository on publication.261 
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Chapter 5: Guided Actin Dynamics Regulate Directed Cell Motion along 

Nanoridges Regardless of the Availability of Collagen IV 

 

Hourwitz, M. J.; Herr, C.; Bull, A. L.; Losert, W.; Fourkas, J. T. 

Hourwitz planned the project, performed the experiments, organized and annotated the imaging 

data, visualized the data, prepared the original draft, and reviewed and edited the chapter. Herr 

performed analysis of cell shapes and tracks, developed and implemented the relevant analysis 

code, prepared figures showing the analysis of that data and the comparison of trajectory types to 

optical flow data, wrote first drafts of captions for those figures and descriptions of the analysis, 

edited the figure of the optical flow analysis, and reviewed and edited the chapter. Bull 
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5.1. Introduction 

The ability to control cell migration with cell-type specificity is a focus of research and 

development for disease treatments,262 but such control requires profound knowledge of the 

target cell, as well as its environment. Cell motion may be controlled by any of its governing 

internal components and processes, such as the cytoskeletal network,263,264 molecular signaling 

pathways,265-271 gene expression,265,272,273 protein synthesis,274,275 and post-translational 

modifications,26,276-278 all of which coordinate to regulate cell migration.17 In some cases, the 
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influence of specific genes and proteins on cell migration varies across cell types.64 Many of 

these internal components can be impacted by external factors, including chemical and physical 

stimuli.13 In natural environments, these cues are generated by neighboring cells and the 

extracellular matrix (ECM), and can be strong enough to influence disease progression, including 

cancer metastasis.18 Thus the characteristics of cell motility can be changed in response to 

external factors.7,13,14 Such control is found in nature, e.g., in neural crest cells that undergo the 

epithelial-to-mesenchymal transition (EMT),3 a process that entails changes in expression of 

cell–cell adhesion, as well as molecules capable of digesting proteins in the ECM and the cell 

surface. At the same time, an EMT can also facilitate the progression of cancer, by similarly 

altering the adhesion and motility characteristics of cancer cells3 and increasing ECM 

detachment.71 Controlled changes in migration state also often involve additional feedback: for 

example, the transcription factors (TFs) produced during the EMT program promote DNA 

repair279 and inhibit apoptosis.279,280 Therefore, treatments that involve external stimuli impacting 

cellular pathways can be developed to promote healthy cell migration, or to inhibit deleterious 

cell migration. 

Cells perpetually sense their physical environment to determine whether to maintain or 

adapt their behavior and to execute necessary functions. Differentiation, for example, can be 

induced through sensing of topography.180,281-284 Changes in the physical interactions with the 

environment or the ability of cells to sense their physical can have dramatic implications for cell 

health. For instance, detachment from the ECM induces anoikis in endothelial and epithelial 

cells, with some physiologically relevant exceptions. This sensing of the physical environment is 

altered in cancer cells, which often have altered signaling networks that inhibit anoikis driven by 

the physical environment.71,285-288 Cells can sense a variety of facets of their physical 
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environment, including substrate stiffness,238,289,290 and topography,291-298 primarily through the 

detection of gradients.13,299 Physical stimuli are often sensed by inducing changes in the 

conformation and distribution of biomolecules near the plasma membrane, which then initiate 

signaling.300,301 Protrusions, such as filopodia, can provide information about the physical 

surroundings, including the presence (and location) of neighboring cells and nearby changes in 

topography.302,303 Sensing of the physical environment can also enable chemical signals. Cancer 

cells have demonstrated the ability to exploit physical stimuli to create chemical gradients.300 

Similarly, nanoscale topographical organization of membrane protrusions, invaginations, 

receptors, or channels on the cell surface enables efficient antigen recognition and immune 

response.156,304-308  

The ability to sense a given physical cue depends on molecules at or near the surface of 

the cell, as well as on the properties of the cue. A cell must be able to orient itself such that 

sensitive molecules can detect changes in the physical landscape. Integrins often serve as sensors 

on the membrane surface. Depending on the biomolecular nature of the ECM, specific integrins 

can sense stretching of the substrate or shear stress from blood flow309 (as can other membrane 

proteins310), and allow activation of transcription factors and molecular pathways that result in 

changes in cell function and behavior.73,309 Other proteins, especially membrane-bound or 

membrane-associated proteins, e.g., those in BAR domains, can sense curvature.311-313 Curvature 

can also influence myosin contractility314 and stress-fiber organization.315 

Our recent work has shown that the dynamic architecture of the cell, the actin 

cytoskeleton, also acts as a primary sensor of the physical environment, specifically electric 

fields and nanotopography. Although the involvement of the actin cytoskeleton in sensing has 
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often been considered as part of the transduction network attached to transmembrane sensors 

such as integrins316 (and other adhesion molecules), it has recently been suggested to have a 

more active role in force detection.317 We discovered that the sensitivity of actin dynamics to 

both electric and nanotopographic cues can be modulated by tuning the properties of these 

combined cues, generating distinct actin wave behavior in response.318,319 We have found that the 

dynamic response of F-actin to nanotopographic cues can vary by cell line,196 and many studies 

have shown that changes in the dimensions of nanotopography prompt distinct cytoskeletal 

organization.130,131,142,155,156,320-322 Cytoskeletal dynamics drive shape changes involved in 

processes such as motion and migration33 and cell division,323-325 and can also impact DNA 

repair and replication,326,327 and protein transport.328 The organization of the dynamic actin 

network is achieved by a multitude of other proteins that are responsible for further 

polymerization/filament formation, branching, anchoring/tethering, contraction, and 

depolymerization.16 Luo et al. found that different forces applied on cells can prompt specific 

actin-associated proteins to respond, thereby influencing the cytoskeletal change resulting from 

the applied force.62 Additionally, it remains unclear which proteins near the membranes must be 

guided to accomplish directed migration. 

Many of the transmembrane proteins involved in extracellular sensing are responsible for 

(or are involved with those responsible for) adhesion. Although integrins are the membrane 

proteins most often discussed with regard to matrix adhesion, others, such as polycystins, are 

capable of binding to ECM proteins329 and are important for pressure sensing.330 The spatial 

density and organization of integrins on the membrane control the strength and duration of 

adhesion to the ECM.16 Integrins that cluster into focal adhesions form sites of strong adhesion.15 

The organization of integrins and the formation of adhesions are modulated by actin and actin-
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binding proteins, myosin, microtubules, GTPases, and kinases.17,34,35 Similar relationships have 

been observed between GTPases and actin-binding proteins and other sensory and adhesion 

proteins.331 

The nature of the cellular environment can determine how strongly a cell adheres to the 

ECM. Cells respond to changes in substrate stiffness, with the organization, size, and strength of 

adhesions generally increasing on stiffer substrates,22 although not all cells follow this trend.332 

The ECM can also promote distinct adhesion characteristics depending on its molecular 

composition,68 due to the organization of protein components and the presence of ligands to 

which specific integrins preferentially bind.332,333 Adjusting the ECM protein concentration can 

change the substrate stiffness without modifying the biomolecular composition, and this selective 

tuning of environmental properties has been shown to modify epithelial cell behaviors, such as 

the degree of proliferation, migration, adhesion, and signaling pathway activation.67 Structural 

characteristics of ECM components can vary depending on anatomical location,83 and 

topographical properties have been shown to influence the localization of adhesion 

complexes.142,196,334 However, the state of the cell can also dictate its adhesion, as well as alter 

the properties of the surroundings, such as by producing matrix metalloproteinases to degrade the 

ECM. Cancer cells with lower expression of collagen genes (and thus lower production of 

collagen) exhibit less adhesion to the ECM and more tumorigenicity.335 Even cells without 

integrin-modulated focal adhesions, such as the ameoboid Dictyostelium discoideum, can sense 

and respond to nanotopography.130 The local characteristics of the ECM and the unique 

properties of the various cells encountering the environment determine the nature of adhesion to 

the substrate, which, in turn, affects cell function and behavior,336 such as migration. 
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Adhesivity is a property that is often used to classify cellular migratory behavior. Cell 

types are frequently categorized as employing either amoeboid or mesenchymal migration, with 

adhesion as one of the primary characteristics used for distinction.337,338 Amoeboid migration 

features a more rounded morphology, non-adhesive protrusions, and fast motion.339 Cells 

exhibiting mesenchymal migration have a more elongated morphology, extend lamellipodia 

stabilized by focal adhesions, and move slowly.14 However, these properties are really part of a 

continuum.340 It has been determined that cells can simultaneously exhibit characteristics of both 

categories, and can also switch between migratory behaviors either with or without encountering 

changes in the extracellular environment.13,341 Cancer cells can undergo transitions between 

amoeboid and mesenchymal modes, as determined by the contractility of the actomyosin 

network, the availability of signaling molecules, and the expression of membrane proteins and 

proteases.342-347 Switching between migratory phenotypes serves to promote disease progression 

when cancer cells encounter three-dimensional ECM environments with distinct properties, some 

of which might better suit the compact shape of a round cell or the ability to grasp or break down 

individual ECM fibers.342,348 The properties of the ECM itself can also induce the change 

between mesenchymal and amoeboid modes.339,344,346,349,350 Confinement of the cell within the 

ECM promotes the transition from elongated to round morphology that is often used to 

demarcate migratory categorization,344,349,350 and the nucleus provides guidance through the close 

quarters.351 Adjusting the surface chemistry of nanotopographic substrates offers another 

mechanism to modulate the migratory behavior of cells. 

How strongly is directed migration that is induced by topographic cues dependent on 

actin and adhesion guidance? Topographical cues can elicit a morphological response, based on 

how actin senses, that is uncharacteristic of directed motion on flat substrates in vitro and still 



 

 

160 

 

achieve guided migration due to texture sensing from integrins. For example, small-amplitude 

wavy ridges influence lamellipodial actin to organize at the wave peaks away from the leading 

edge of the cell, yet focal adhesions form in the direction of the nanoridges.334 Although 

adhesions are often necessary for accurately directed migration,352 some of the actin-binding 

proteins are also required for guidance.65 Previous studies of T cells indicated that both actin 

polymerization and adhesion are necessary for cells to follow the guidance cues of 

nanoridges.353,354 The conditions and limitations of actin sensing must continue to be probed. 

In this study, we examine how F-actin can sense a combination of cues on the substrate, 

as determined through changes in the actin organization and dynamics, and the ability of F-actin 

to influence cell guidance in a complex extracellular environment. Specifically, we studied how 

the cellular response to a specific nanotopographic cue is affected by surface chemistry. A 

pattern of aligned nanoridges was fabricated using a technique known as multiphoton absorption 

polymerization (MAP),107 which allows for three-dimensional control over pattern features and 

dimensions. The nanoridges contained individual features with dimensions on the scale of 

collagen fibers. The substrates were coated with varying amounts of collagen IV to determine 

how chemical cues on the artificial matrix modulate cellular response to the ridges. MCF10A 

cells, a human breast epithelial cell line, labeled with LifeAct-GFP, were plated on these 

substrates. We then imaged the migration behavior of these cells over three distinct time periods: 

shortly after plating, 18 to 30 hours later, and another 20 to 30 hours after that. After each 

migration imaging session, individual cells were selected for imaging of the dynamics of their 

fluorescently labeled actin. Collecting data at the different time points enabled the determination 

of the temporal dependence of the migratory behavior and characteristic actin dynamics.  
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A shape-detection algorithm was used to quantify cell spreading on the nanoridges as a 

function of collagen IV coating density. Tracks of cell motion were also collected. To quantify 

the motion of actin, we employed a computer vision algorithm known as optical flow (OF),232 

which detects gradients of fluorescence intensity within a given image frame and compares 

changes in the distribution in consecutive frames to determine the flux of actin polymerization. 

The algorithm identifies and groups small regions of fluorescence intensity and maps the 

magnitude and direction of motion of actin polymerization within the cell. The actin dynamics 

were compared across the different collagen coatings on the nanoridges. The shape detection, 

cell-tracking, and OF data also provide information on how well the cells aligned with the 

orientation of the ridges. 

We found that cells on collagen-coated ridges were more likely to spread and migrate. 

The amount of collagen did not affect these tendencies dramatically, though any difference 

decreased as time elapsed during the experiments. Cells that spread and migrated on uncoated 

ridges were also relatively well guided, and, again, this guidance improved over the course of the 

experiment. In general, the nanoridges provided strong guidance for migrating cells, with many 

cells maintaining alignment with the ridge axis while traveling over tens or even hundreds of 

microns. The preferred orientation of actin polymerization was also along the ridges, although 

some actin flux swept out nearly perpendicular to this direction. More densely coated ridges and 

the passage of time both increased the likelihood of aligned actin. The ability of polymerizing 

actin to sense the topography and orient accordingly did not influence the migratory behavior of 

cells. Persistent, turning, and random motion all exhibit similar actin kymographs. 
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5.2. Results 

5.2.1. Collagen IV Facilitates Cell Spreading on Nanoridges 

We examined cell shape and motion to develop a better understanding of how the 

availability of ECM ligands for integrins and adhesion affects guidance by topography. We first 

quantified the morphological response of the MCF10A cells. Based on a description of the 

mechanism of fibroblast cells spreading on fibronectin, the organization of adhesion proteins 

initiates spreading.355 Therefore, we varied the surface coating density of collagen IV to observe 

the effect on the rate and extent of cell spreading. The cell shape was monitored, and the 

eccentricity was calculated to determine the degree of spreading and provide a measure of the 

ability of the cells to sense and respond to the topographic cues of the nanoridges. Specifically, 

we measured the eccentricity of the cells on the ridges, and how the eccentricity changed when 

different amounts of collagen were coated onto the surface (Fig. 5.1A-D). We found that the 

expected cell eccentricity was higher on collagen-coated surfaces than on uncoated surfaces at 

each experimental timepoint (Fig. 5.1E). The majority of cells on uncoated ridges remained 

round throughout the period of observation. Despite this preponderance of round cells, the 

proportion of cells that elongated or spread (eccentricity > 0.5) on uncoated ridges increased 

after approximately 24 h. A similar, although greater, increase in the fraction of elongated cells 

with time was observed on ridges that were coated with collagen. MCF10A cells are known to 

deposit their own ECM proteins,356 which likely explains why the average cell eccentricity on 

uncoated nanoridges increased over time. The population of eccentric cells did not differ greatly 

on nanoridges coated with distinct densities of collagen IV. Cell spreading on the nanoridges was 
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dependent on the presence of the ECM protein coating, but could be achieved across a range of 

coating densities. 

 

Figure 5.1 (next page). Collagen promotes cell spreading and nanoridges cause cells to elongate 

along the ridge axis. A. Schematic showing eccentricities for different ellipses. B-D. Histograms 

of the eccentricities of cells on nanoridges with approximate collagen IV coating densities of 0 

(0%), 0.65 (20%), and 3.25 μg/cm2 (100%) at different experimental timepoints. The green plots 

are the probability densities for the time window with an approximate midpoint of 2.75 h after 

plating (early), the orange plots are probability densities for the window centered at 

approximately 21.5 h after plating (middle), and the blue plots are probability densities for the 

time window centered at approximately 40.5 h after plating (late). E. The proportion of cells 

exhibiting an eccentricity greater than 0.5 on ridge surfaces for different collagen coating 

densities as a function of experimental timepoint for no collagen (blue), 20% collagen (orange), 

and 100% collagen (purple) F-H. Rose plots of the proportion of cells oriented at angles with 

respect to the ridge axis at different times after plating. The ridges are aligned with 0°/180° line. 

The color coding is the same as in panel E. 
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5.2.2. Availability of Collagen IV Is Not a Strong Determinant of Cell Alignment with 

Nanoridges 

We next examined how cell shape responds to nanoridges when different amounts of 

adhesive cues are available for the cell to sense by analyzing the distribution of cell alignment 

with respect to the ridge direction (Fig. 5.1F-H). Our goal was to determine whether ridges orient 

spreading, and whether collagen influences the extent of any such alignment. We denote the first 

time window with an approximate midpoint of 2.75 h after plating the “early” timeframe in our 

experiments. Cells on uncoated nanoridges did not respond to the topographic cues within this 

time window (Fig. 5.11F). However, the discrepancy in alignment with the ridge axis between 

cells on uncoated and collagen-coated surfaces is smaller than might be expected. Indeed, in the 

early timeframe, the density of collagen does not seem to influence the distribution of cell 

alignment. After approximately 24 h after plating (the “middle” timeframe), the cells exhibit a 

significant degree of alignment with the ridges, but there is little distinction in the degree of 

alignment among the different coating conditions (Fig. 5.1G). Similar results were observed in 

the “late” timeframe, nearly 2 days after plating (Fig. 5.1H). 

5.2.3. Cell Migration Is Guided Well by Nanoridges Regardless of Collagen Density 

Although most of the cells that we observed spread on collagen-coated substrates, few of 

the cells migrated. The limited number of migrating cells might be a result of the stiffness or 

adhesive nature of the combination of collagen IV and the acrylic ridge material. On ridges 

coated with collagen, cells can take on an exaggerated, spindly mesenchymal shape, which is 

indicative of stable and well-organized adhesions that are induced by both surface chemistry and 
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nanotopography. Indeed, on surfaces with a high enough coating of collagen, some cells can 

stretch to a length of hundreds of microns and tear themselves apart (data not shown).  

Migration was observed more frequently on coated substrates than on uncoated substrates 

(Fig. 5.2A). For cells whose displacement reached a minimum threshold over the course of 

observation, we used a tracking algorithm to trace the cell trajectory. As shown in Fig. 5.2B, the 

motion of most of the cells follows the ridges, which are oriented along the horizontal axis. 

Migrating cells were guided by the ridges over tens of microns. Although there are a few 

exceptions, most cells that migrate on the nanoridges travel along the ridge direction. Previous 

studies have shown the role of focal adhesion organization in the ability of cells to sense and 

follow nanotopographic cues during migration.196,334 In analogy to our results for cell spreading 

on the ridges, in which the surface density of ECM ligands for adhesion influenced cell 

eccentricity (Fig. 5.1A-E), but had a limited impact on alignment with the nanotopography over 

the course of the experiments (Fig. 5.1F-H), we found that adhesive cues affect the likelihood of 

migration (Fig. 5.2A), but do not appear to be predominantly responsible for directed migration, 

as shown in the histograms of the direction of motion with respect to the ridges (Fig. 5.2D-F). 

The exception, in both the case of cell spreading and guided motion, occurred within a few hours 

after plating the cells. Across all coating densities, there were more occurrences of instantaneous 

motion away from the ridge axis (more aligned with the normal) during this time period (Fig. 

5.2D-F, green curves). However, the frequency of these unaligned movements was higher on the 

uncoated substrates, with several peaks oriented perpendicular to the ridges on the polar 

histogram (Fig. 5.2D, green curve). Cells that are motile on the uncoated ridges exhibit 

instantaneous motion at all angles relative to ridge direction. However, in the middle timeframe, 

it became difficult to distinguish the prevalence of aligned motion for cells on surfaces that were 
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uncoated and surfaces with 20% collagen coating (Fig. 5.2D,E, orange curves). The guidance on 

the nanoridges with 100% collagen coating was slightly stronger, based on the greater 

prominence and narrower width in the polar histogram (Fig. 5.2F, orange curve). The strength of 

directed migration became even less distinct during the late timeframe (Fig. 5.2D-F, blue 

curves). 

 

 

Figure 5.2. Cell migration on nanoridges is modulated by the surface density of collagen IV. A. 

Fraction of cells that are motile on the nanoridges as a function of collagen coating density. B. 

Tracks of cells migrating on, or adjacent to, the nanoridges. C. Distributions of populations of 

cells as a function of migration velocity on nanoridges with different coatings. D-F. 

Instantaneous orientation of cells migrating on nanoridges at different experimental times with 

no collagen, 20% collagen, and 100% collagen, respectively. 
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Overall, the nanoridges were capable of guiding cell motion, regardless of the availability 

of adhesive cues. There were, nevertheless, many moments at which cells on collagen-coated 

nanoridges appeared to be oriented away from the ridge direction, although this phenomenon 

became somewhat rarer with increasing time following plating. The relatively large occurrence 

of instantaneous motions at angles deviating from the ridge axis on all nanoridge surfaces makes 

the overall fidelity of the cell tracks to the ridge axis even more remarkable. 

5.2.4. Collagen Promotes Faster Migration on Nanoridges 

We next examined how adhesion to collagen affected the velocity at which cells migrated 

on the ridges. An early study by DiMilla et al. surmised that the maximum speed of smooth 

muscle cells occurred within an optimal range of ECM-ligand surface density, and thus is related 

to the adhesion strength between the cell and ECM.357 If adhesion to the substrate is too strong, 

there will be fewer motile cells, and those cells that do migrate will move more slowly. A more 

recent study by Keely and coworkers investigated how fiber alignment, ligand density, and 

stiffness combine to impact how rapidly breast-cancer cells travel in collagen gels and collagen-

coated polyacrylamide gels.358 This group found that cells moved more slowly if the ligand 

density surpassed a threshold, yet fiber alignment did not influence cell speed.358 Interestingly, a 

report by Wang et al. determined that aligned haptotactic cues of fibronectin induced fibroblasts 

to migrate faster than on non-aligned patterns of fibronectin, regardless of ECM ligand 

density.359 

We found that on surfaces both with and without collagen, most of the motile cells 

migrating on the ridges travelled at speeds below 0.5 μm/min (Fig. 5.2C). We note that this 

relatively low average velocity is, in all likelihood, influenced by the material composition of the 
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nanoridges. The velocity distributions broaden with increasing coating density, such that a larger 

proportion of the population has a speed between 0.5 and 1 μm/min. All of the surfaces were 

essentially equally unlikely to promote cell speeds beyond 1.25 μm/min. 

5.2.5. Surface Density of Collagen IV Has Limited Influence on Esotaxis 

Considering the essential role of actin in cell motion, we studied how actin dynamics 

varied on ridges with different surface coating densities of collagen IV. Nanoridges have been 

shown to lead to enhanced nucleation of actin polymerization130,156,321 and to guide the waves of 

polymerization,130,245,321 in a process called esotaxis.131,142 To quantify esotaxis, fluorescence 

movies of MCF10A LifeAct-GFP cells were analyzed using OF (Fig. 5.3A-B). Images were 

generally collected at a z plane near the basal membrane of the cells, where the cytoskeleton has 

its strongest interaction with the nanotopography. In the representative image in Fig. 5.3A, actin 

streaks can be seen to have a spacing that is approximately equal to that of the ridges, and align 

with and propagate along the ridge axis. The flow vectors determined for the representative 

image in Fig. 5.3A are shown in Fig. 5.3B. The orientations of the flow vectors relative to the 

ridge axis were collected for cells on the different coatings in the different experimental 

timeframes (Fig. 5.3C-E). Cells on ridges with 100% collagen coating exhibited the best 

guidance of actin polymerization throughout the experiments, as well as the lowest occurrence of 

polymerization perpendicular to the ridges. However, a majority of the actin polymerization flux 

was parallel or nearly parallel to the nanoridges, and was least likely to be perpendicular to the 

ridge direction, in all experimental timeframes, regardless of coating. Even cells that were 

recently plated on substrates without collagen exhibited esotaxis. Additionally, the fraction of 

flow vectors aligned with the ridges for cells on the uncoated nanoridges and the nanoridges with 
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20% collagen were consistently similar throughout the experiment. In Fig. 5.3F we plot the 

fraction of actin flux that propagated along the ridge axis (the “mean prominence”) for the 

different coatings and experimental timeframes. In Fig. 5.3G we plot the amount of actin 

polymerization that significantly deviated from the ridges (the “mean width”) for the different 

coatings and timeframes. Both of these plots reinforce the point that there is not a strong 

difference in esotaxis on the various coatings. 

Although the majority of OF vectors are aligned within 30° of the ridge axis on all 

coatings and in all experimental timeframes (Fig. 5.3C-E), there is a quantifiable difference in 

the distribution of OF orientations between cells on the nanoridges with 100% collagen coating 

and the nanoridges under other coating conditions. These histograms provide only a limited 

visualization of how the orientational dynamics of actin polymerization and organization might 

differ in cells on topography with the various coating densities. We therefore examined how the 

angle of actin flux throughout a representative cell varied with time on nanoridges with a given 

collagen coating density. From kymographs of the direction of actin flux with respect to the ridge 

axis and the actin fluorescence intensity as a function of time (Fig. 5.3Hi-iv), the influence that 

collagen coating has on actin guidance is evident. Based on a comparison of actin dynamics in a 

cell on uncoated nanoridges in the early timeframe (Fig. 5.3Hi) with a cell on nanoridges with 

100% collagen coating in the same timeframe (Fig. 5.3Hiii), collagen IV appears to promote a 

consistent sense of, and response to, nanotopographic cues. The cell on uncoated ridges 

experienced intense, unidirectional actin flux (appearing as horizontal bands in the kymograph in 

Fig. 5.3Hi) along the ridges that was interrupted periodically by probing motion at other angles, 

followed by reversal of direction. The cell on the nanoridges with 100% collagen maintained 

intense actin dynamics in both directions along the ridge axis with few fluctuations in intensity 
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and limited probing of other orientations. During the late timeframe, less actin propagated 

perpendicularly to the ridge axis for each coating condition (Figure 5.3Hii,iv) than was observed 

in the early timeframe. In both timeframes, actin polymerization is more confined along the 

nanoridges with 100% collagen coating than on the uncoated nanoridges. These results suggest 

that esotaxis can occur in these cells even without a large supply of ECM ligands available for 

adhesion, but that the adhesive cues help to sustain esotaxis. 

Images of the fluorescently labeled F-actin provide information regarding how the 

dynamic organization of the actin cytoskeleton near the basal surface (the plane of interest in our 

study) responds to the nanoridges (Fig. 5.4A-E). There is a slight decrease in the fluorescence 

intensity at the rear of each cell in this figure. It is evident from these images that the majority of 

actin polymerization occurs at or near the ridges, and takes the form of streaks that extend along 

the ridge axis. Comparing individual frames of actin movies enables visualization of changes in 

the cytoskeleton that occur during motion, including the formation of protrusions. Fig. 5.4E 

shows a cell sensing an approximately 1-μm gap between adjacent nanoridges. We also observed 

one cell that rapidly altered its morphology and took on less common shapes (Fig. 5.4D). These 

results suggest that esotaxis is tied to microthigmotaxis, the preferential migration of cells 

parallel to the nanoridges, as has been observed previously for MCF10A cells.130,131,155,196,321,334 
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Figure 5.3. Nanotopography can guide actin polymerization even in the absence of added ECM 

coating, although collagen IV coating can limit actin-polymerization oscillations perpendicular 

to the ridge axis. A. Representative image of fluorescently labeled F-actin plated on nanoridges 

with 100% collagen coating and imaged in the late timeframe. B. Corresponding image of OF 

vectors depicting the actin flux between adjacent image frames. Scale bars: 10 μm. C-E. Polar 

histograms showing fractions of actin polymerization propagating at different orientations 

relative to the ridge axis (0°) in the early, middle, and late experimental timeframes, respectively. 

F. Histogram of the mean prominence of the polar histograms (i.e., the value along the polar 

axis), as a function of experimental timeframe and the coating condition. G. Histogram of the 

mean width of the polar histograms (i.e., the width normal to the polar axis), as a function of 

experimental timeframe and the coating condition. F and G share the same color coding. H. 

Kymographs showing the actin polymerization flux throughout representative cells as a function 

of the angle relative to the nanoridge axis and of time. i-ii. Heat maps of a cell on uncoated 

nanoridges in the early and late experimental timeframes, respectively. iii-iv. Heat maps of a cell 

on nanoridges with 100% collagen coating in the early and late experimental timeframes, 

respectively. 
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Figure 5.4. Actin distribution at the ventral surface of MCF10A cells migrating on nanoridges. 

Fluorescently labeled F-actin enables visualization of the dynamic cytoskeletal response to the 

nanoridges. The time between successive images is 15 min. A. Cell on uncoated nanoridges. B-

D. Cells on nanoridges with 20% collagen coating. E. Cell on nanoridges with 100% collagen 

coating. Scale bars: 10 μm. 
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5.2.6. The Cell-Trajectory Phenotype Is Not Linked to the Actin-Flow Direction 

The trajectories in Fig. 5.2B fall into three distinct categories: trajectories in which the 

cells move tens or even hundreds of microns in a straight path; trajectories in which the cells 

exhibit no directional bias; and trajectories in which the cells move straight for a period of time 

and then reverse to move the opposite direction. To quantify these trajectories, we use the 

autocorrelation function 𝑅(𝑡′) 

𝑅(𝑡′) =
1

𝑇−𝑡′
∑

𝑣(𝑡) ⋅𝑣(𝑡+𝑡′)

|𝑣(𝑡)| |𝑣(𝑡+𝑡′)|
𝑡=𝑇−𝑡′

𝑡=0  ,      (5.1) 

where 𝑣(𝑡) is the instantaneous velocity of the cell at time 𝑡 and 𝑇 is the total time spanned by 

the trajectory spans. 𝑅(𝑡′) ranges from -1 to 1, and quantifies how similar a trajectory is to itself 

when separated by a timestep of 𝑡′. A completely straight trajectory has 𝑅(𝑡′) = 1 for all values 

of 𝑡’, as seen in Fig. 5.5A. A completely random trajectory has 𝑅(𝑡′) → 0 as 𝑡′ → ∞, as seen in 

Fig. 5.5B. Finally, a reversing trajectory will exhibit a sign change in 𝑅(𝑡′) from positive to 

negative at the time of the turn, as seen in Fig. 5.5C. We classified the trajectories into these 

three phenotypes based on 𝑅̅, the average value of 𝑅(𝑡′). Straight trajectories were defined as 

having 𝑅̅ > 0.9, random trajectories were defined as having 0.25 < 𝑅̅ < 0.9, and reversing 

trajectories were defined as having 𝑅̅ < 0.25. These classifications were chosen based on the set 

of trajectories, and the ranges of 𝑅̅ for each category could change if 𝑇 were different. The value 

of 𝑅̅ is greater for a random trajectory than for a reversing trajectory because even in the case of 

random motion there is a persistence time for directional changes, such that 𝑅(𝑡′) remains close 

to unity for small enough values of 𝑡′. The same holds true for a reversing trajectory, but the fact 

that the dot product changes its sign but maintains its magnitude following a reversal tends to 
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lead to a smaller value of 𝑅̅, as long as the reversal does not occur too early or too late in the 

trajectory. Most reversing trajectories had 𝑅̅ < 0. 

 

 

Figure 5.5. Cells with different trajectory phenotypes have similar actin OF distributions. The 

autocorrelation function 𝑅(𝑡′) is distinctly different for each type of trajectory: A. straight; B. 

random; and C. turning. D. Representative cell trajectories. The trajectories are classified in the 

three categories based on the value of 𝑅̅. The kymographs of actin optical flow for: E. a straight 

trajectory; and F. a random trajectory very similar. G. The overall OF distribution for all 

trajectories classified by trajectory type. The color coding of migratory phenotypes in D is the 

same in A-C and G. There are no significant differences among the distributions. 
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Once the trajectories were classified by phenotype, we compared the actin OF for those 

phenotypes. In representative individual cases, we found that the actin-flow kymographs look 

similar for straight (Fig. 5.5E) and random (Fig. 5.5F) trajectories. Both of these kymographs 

have peaks at 0° and 180°, i.e. along the nanoridges. In fact, Fig. 5.5G shows that the angular 

distribution of actin-flow vectors is essentially indistinguishable among the different trajectory 

phenotypes. 

5.3. Discussion 

This study examined the effect of collagen IV, an ECM ligand, on the cellular response to 

nanoridges. We studied the spreading and migration of MCF10A cells, as well as the guidance of 

these processes, as quantified by shape and motion orientation relative to the nanoridges. We 

investigated how esotaxis was affected during spreading and migration, as well as by the density 

of collagen IV. 

We previously found that when D. discoideum cells are plated on nanoridges, cells that 

are more elongated on the nanoridges are most likely to be oriented along the ridge axis.130 Here, 

elongation and orientation were not strongly linked for MCF10A cells soon after plating. 

Although the distributions for the early timeframe show that cells on the uncoated nanoridges are 

more round and exhibit a greater likelihood of orienting towards the perpendicular direction with 

respect to the ridge axis (greater than 45°) (Fig. 5.1B,E,F), cells on the collagen-coated 

nanoridges frequently deviated from the ridge axis at large angles (but usually less than 45°). As 

time progressed, the correlation between eccentricity and orientation became weaker. After 24 h, 

and continuing through the end of our observations, the proportion of elongated cells remained 
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lower on uncoated nanoridges than on nanoridges coated with collagen, even though the 

proportion of cells aligned with the nanoridges was similar for all coating conditions (Fig. 5.1). 

These results suggest that cell elongation and orientation on nanoridges can be decoupled to a 

certain extent. The extent to which adhesion and nanotopography are responsible for the ability 

of MCF10A cells to be guided with limited cell spreading remains an open question. The protein 

surface density is expected to be lower on uncoated nanoridges than on collagen-coated 

nanoridges throughout the course of our observations, despite the ability of human epithelial 

cells to produce ECM proteins. Although the lower density of adhesive cues on the uncoated 

nanoridges resulted in a larger population of MCF10A cells with lower eccentricity than on 

collagen-coated nanoridges, the uncoated nanoridges did not lead to a greater population of 

misaligned cells. The slight deficiency in orientation of recently plated cells on uncoated 

nanoridges supports the idea that adhesion facilitates a small degree of enhancement of contact 

guidance. However, spreading and migrating cells on uncoated nanoridges exhibited alignment 

with the nanoridges that was similar to the alignment on nanoridges with 20% or 100% collagen, 

especially ~10-15 h after plating. The extent of alignment shortly after plating, both of the cells 

themselves and of the polymerizing actin, suggests that strong, stable adhesive interactions are 

not the main determinant of guidance. These results could be indicative of characteristics of the 

sensing capabilities of the cytoskeletal machinery that can sustain oriented spreading and 

directed migration despite momentary or transient actin flow at an aberrant angle relative to 

ECM cues. The similarity in cell orientation distributions with respect to the topographic cue for 

cells recently plated on uncoated and collagen-coated nanoridges indicates that the initial 

guidance is not influenced by the presence of ECM ligands. In the case of the D. discoideum 

cells, which lack integrins, and are often studied on untreated surfaces, even cells with low 
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eccentricity are apt to orient along the nanoridge axis, although the difference in preference for 

elongated cells was evident.130 Taken together, these studies support the idea that 

nanotopography is capable of driving a directional bias in cells that employ distinct molecules 

and mechanisms for interactions with the underlying substrate. 

The cell tracks we measured illustrate the strong guidance of cell migration by 

nanoridges, often over distances of greater than 100 μm. The majority of cells in this study 

traveled at speeds below 0.5 μm/min (Fig. 5.2C). The cell speeds depend on the properties of the 

substrate, so changes to the topographical cue, the substrate material, or the protein coating 

density (as shown in the figure) will change the velocity distribution of the cells. Cells that 

traveled at higher velocities in this study frequently exhibited a round cell shape. These cells 

were observed on nanoridges with different collagen coating densities (Fig. 5.6A; cell circled in 

yellow). The low prevalence of cells moving at these speeds could be the result of the limited 

ability of MCF10A cells to employ amoeboid migratory characteristics, such as reduced 

adhesion complexes and contractility under the experimental conditions. 

A variety of morphologies were exhibited by migrating MCF10A cells, including a fan-

like shape. We observed cells that spread wider in the dimension perpendicular to the ridge axis, 

yet migrated along the ridges (Fig. 5.6B). Other cells frequently altered their shape, some 

simultaneously exhibiting both concave and convex regions (Fig. 5.6; see also Fig. 5.4D with 

fluorescently labeled actin shown). Several of these morphologies are suggestive of increased 

contractility, demonstrating that a single pair of nanotopographic and chemical cues can elicit 

multiple morphological and migratory responses. These cells were often observed turning while 

migrating on the ridges, with a lower directional persistence than cells of other shapes. However, 
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we did not collect enough data on migrating cells of specific morphologies to determine whether 

cell shape is correlated strongly to specific migratory guidance, speed, or persistence, or that any 

specific coating density drove cells to adapt specific morphologies for migration. It is likely that 

different cell shapes are indicative of different interactions with the ECM or external physical 

cues, and it has also been shown that an individual cell can alter its morphological and migratory 

characteristics within a short period of time.360,361 

 

 

Figure 5.6. Various morphologies during epithelial cell migration on nanoridges. A. Montage of 

movie frames, taken 18 min apart, showing three cells (circled in orange, yellow, and blue) 

migrating on uncoated ridges. The cells circled in orange and yellow move to the right and the 

cell circled in blue moves to the left. The ridges are oriented horizontally in the image. Scale bar: 

50 μm. B. Montage of movie frames, taken 18 min apart, showing a cell migrating on nanoridges 

with 100% collagen coating. The cell moves from right to left. The ridges are oriented 

horizontally in the image. Protrusions are visible at the leading edge of the cell. Scale bar: 25 

μm. 
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The limited availability of strong adhesive cues on the nanotopographical substrates had 

some effect on the morphological and migratory responses of cells, but a less substantial impact 

on guidance, suggesting that cellular components other than just adhesion molecules contribute 

to the sensing of topography. Similar to the morphology data, although fewer cells are migratory 

on the uncoated nanoridges (Fig. 5.2A), the cells that do migrate are strongly biased to move 

along the nanoridge direction during acclimation to the nanotopography (Fig. 5.2D-F). A prior 

study of tumor-associated fibroblasts (TAFs) on nanoridges showed that oriented cell spreading 

was due to the alignment of stress fibers formed along the ridge axis, which, in turn, was 

influenced by the formation of focal adhesions guided by the nanoridges.155 However, that same 

study found that topography guided the actin cytoskeleton directly by influencing the direction of 

motion of an actin crosslinker.155 Rose plots of our OF data reveal that the predominant motion 

of actin polymerization is along the ridges, regardless of the coating condition. The OF data 

further show that after less than 12 h, in cells plated on uncoated nanoridges the actin motion was 

largely guided by the nanotopographic cues (Fig. 5.3C), even though many of the cells had yet to 

spread on the surface. The actin is not as well organized in cells recently plated on uncoated 

nanoridges as in cells recently plated on collagen-coated ridges, which often featured streak-like 

filaments on both sides of a single nanoridge (Fig. 5.3A); however, the F-actin polymerization in 

cells on the uncoated ridges was still biased along the nanoridges. Comparison of the OF 

kymographs of representative cells on uncoated nanoridges and nanoridges with 100% collagen 

coating soon after plating (Fig. 5.3Hi and 5.3Hiii, respectively) illustrates that actin in the cell on 

uncoated nanoridges swept out in other directions in an almost periodic manner, but still largely 

moved along the nanoridge axis. In cells recently plated on uncoated nanoridges, actin motion is 

restricted to one direction on the ridges for several minutes, followed by a 180° switch and a 
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sweep of other angles, before returning to the original direction (Fig. 5.3Hi). This process repeats 

throughout the 30-min movie. Actin in cells on nanoridges coated with 100% collagen showed 

considerably less propensity to explore polymerization in other directions. Actin flux traveled 

along nanoridges with 100% collagen coating in both directions throughout the period of 

observation (Fig. 5.3Hii,iv). These results support the idea that cells can sense nanotopographic 

cues even in the absence of strong adhesion and organized adhesion complexes. The greater 

confinement of actin dynamics along the nanoridges that occurs well after plating on our 

substrates could be the result of expression of additional ECM proteins by the MCF10A cells362 

or progressive adsorption of serum proteins on the substrate. The reorganization of preexisting or 

expressed proteins could also enable enhanced sensing of the nanotopography on the collagen-

coated substrates. The same is true of actin on uncoated nanoridges well after plating (Fig. 

5.3Hiii). From these results, we find that although nanoridges generally guided actin flux, a lack 

of strong adhesion to the substrate causes fluctuations and probing behavior of the actin away 

from the topographic cues. Stronger adhesion seems to restrict cytoskeletal probing, limiting 

fluctuations of actin flux away from nanoridges. 

Earlier work that focused on how substrate stiffness and ECM-ligand density affect focal 

adhesion properties surmised that cytoskeletal organization contributed to traction force and 

focal-adhesion size.363 The maturation of nascent focal adhesions can be advanced (or canceled) 

through the molecular clutch to the cytoskeleton to allow mechanical sensing of the external 

environment and the activation of signaling pathways.44 Our results indicate that nanotopography 

is sufficient to drive the preferential orientation of actin. However, the fluctuations of actin flux 

at angles nearly perpendicular to the ridges on uncoated substrates illustrate that low adhesion 

requires cytoskeletal sensing at all angles as the cell seeks to spread without the adhesions 
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necessary to stabilize the morphological changes. Despite probing that occurs away from the 

ridges, most actin dynamics on uncoated surfaces heed the topographical cues and move along 

the ridge axis. 

Both cell motion and the actin dynamics (of motile and nonmotile cells) were separately 

shown to be bidirectionally guided along the nanoridges (Fig. 5.2D-F and 5.3C-E, respectively). 

Cell migratory characteristics were not explained by underlying differences in actin organization 

or dynamics. Kymographs and rose plots of the dynamics of fluorescently labeled actin collected 

from migrating cells with distinct behaviors (persistent, guided motion, motion in one direction 

followed by a reversal of direction, and random motion) did not reveal distinct actin orientational 

motion. It should be noted that the framework of the experiment meant that actin videos were 

collected hours after the migration videos were recorded. Actin dynamics at the ventral cell 

surface does not appear to determine the classification of migratory behavior. 

The relationship among adhesion, the cytoskeleton, and cell shape has been investigated 

under a variety of substrate conditions.220,364-366 Chen et al. determined that cytoskeletal tension 

spawned from morphological changes regulates focal-adhesion formation, and that the integrin 

ligand density on the substrate does not control the extent of cell spreading.220 Chaudhuri and 

coworkers found that the density of binding sites affects cell spreading on substrates with 

appropriate viscoelastic properties, and that actin polymerization and actomyosin contractility (as 

well as specific integrins)367 modulate this substrate-dependent response.364 A study of 

fibroblasts on fibronectin-coated micropillars revealed that actin localized around the individual 

pillars before, and did not noticeably change after, the gradual formation of adhesions in the 

intervening flat region.365 Our findings regarding the localization of F-actin along the nanoridges 
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and the flow of actin polymerization along the nanoridges indicate that the cytoskeleton can 

organize in response to the nanoridges without strong integrin engagement with the ECM. 

Adhesion formation, regardless of ligand density, enables the morphological changes presaged 

by the cytoskeletal orientation. 

Because our results support the integrin-independence of nanotopography sensing by 

actin, we must consider other possible facilitators of this cytoskeletal capability. The plasma 

membrane senses and responds to nanotopography. Deformation of the membrane results from 

contact with nanotopographic cues, and the membrane experiences increased tension.368 The 

deformation of the plasma membrane usually includes changes in curvature of the lipid bilayer at 

the sites of cell contact with the topographic cues. Membrane curvature depends on the 

organization and packing of lipids that differ in size, shape, and polarity.251 The curvature of the 

membrane can attract curvature-sensitive proteins, but bound proteins can further disrupt 

membrane curvature.369 Changes in membrane curvature as a result of topography-induced 

deformations could lead to corresponding changes in charge distributions on the membrane due 

to the repositioning of negatively charged lipids or positively or negatively charged domains of 

proteins inserted into the lipid bilayer. In fact, a recent study found that tuning the attractive or 

repulsive interactions between membrane proteins facilitated curvature switching (between 

concave and convex).370 Actin polymerization can localize to regions of high membrane 

curvature, aided by the curvature sensitivity of some actin-binding proteins.257,371 Distinct actin 

organization along nanoscale sawteeth among cancer cell lines was suggested to result because 

of differences in membrane deformability.196 Curvature sensing by actin is independent of the 

presence of negatively charged PIP2 at the membrane.371 Although it is likely that membrane 

curvature serves a key role in sensing topography, the importance of actin sensing should not be 
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understated. In fact, the actin cytoskeleton mitigates the tensile stress exerted on the 

membrane.368 Actin dynamics is the primary sensor of texture and does not rely on integrins to 

sense the physical environment of the cell. 

5.4. Methods 

5.4.1. MAP 

The nanoridges were created using MAP, as described elsewhere.107 A drop of a resin 

mixture containing acrylate monomers ethoxylated(6)trimethylolpropane triacrylate (CAS: 

28961-43-5, Sartomer) and tris(2-hydroxyethyl)isocyanurate triacrylate (CAS: 40220-08-4, 

Sartomer) (1/1 w/w), and a small amount of the photoinitiator Irgacure TPO-L (CAS: 84434-11-

7, BASF) (3% w/w total solution) was placed on the surface of a microscope slide that had 

previously been treated with an oxygen plasma and functionalized with acrylate groups. An 

ultrafast, near-infrared laser (Coherent Mira 900-F Ti:sapphire; 200 fs pulses; 76 MHz repetition 

rate; wavelength set to 800 nm) was focused through a microscope objective with high numerical 

aperture (Zeiss α Plan-Fluar 100×, NA: 1.45), enabling multiphoton absorption in the focal 

region. Patterning was achieved using a LabVIEW (National Instruments) program that 

controlled the stage position. Once patterning was complete, the material was developed in 

ethanol twice (3 min. each). The patterned substrate was then baked at 110 °C overnight to 

harden. 

5.4.2. Functionalization and Molding of the MAP-Fabricated Pattern 

The ridges fabricated with MAP were functionalized with ethylenediamine (CAS: 107-

15-3, Sigma-Aldrich) and, subsequently, perfluorooctadecanoic acid (CAS: 16517-11-6, Alfa 
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Aesar), as detailed more extensively in Chapter two. The substrate was rinsed in ethanol after 

each functionalization step, and then was baked at 110 °C for over 1 h. As has been described 

previously,142 a hard polydimethyl siloxane (h-PDMS) mixture was prepared from a mixture of 

vinylmethylsiloxane (CAS: 67762-94-1, Gelest) and methylhydrosiloxane (CAS: 68037-59-2, 

Gelest), each copolymerized with dimethylsiloxane. A platinum catalyst (CAS: 68478-92-2, 

Gelest) and modulator (CAS: 2554-06-5, Sigma-Aldrich) were also added. Hexane was added to 

decrease viscosity and improve the resolution of the molding process. This mixture was spin-

coated onto the patterned substrate and allowed to sit at room temperature for 2 h prior to baking 

at 60 °C for 1 h. A mixture (10:1) of the elastomer base and curing agent of Sylgard 184 (Dow 

Corning) was then poured atop the h-PDMS film, and the pre-mold mixture was baked at 60 °C 

for 70 min. The relief mold was then peeled from the acrylate pattern. 

5.4.3. Replication via Nanoimprint Lithography 

Replicas were produced by placing a drop of the same acrylate resin on the relief pattern 

in the PDMS mold and pressing down on the drop with a coverslip functionalized with acrylate 

groups. After the sandwiched drop was secured, the resin was exposed to ultraviolet light (Blak-

Ray, B-100AP, 100 W, 365 nm). The total exposure time was 5 min and the replica pattern was 

peeled away from the mold. The acrylic replicas were soaked in ethanol for at least 12 h, and 

subsequently dried in an oven at 110 °C for 1 h. The nanotopographic surfaces were then soaked 

in 1 mL of distilled water (Invitrogen, Catalog: 10977015) for at least 12 h. 
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5.4.4. Coating Nanoridge Substrates with Collagen IV 

Nanoridged substrates that were to be left uncoated received no further treatment. For all 

other samples, mouse collagen IV (Engelbreth-Holm-Swarm lathrytic mouse tumor; 0.05 M 

HCl; Corning; Prod.: 354233) was used to coat the surfaces. The density/concentration of the 

collagen stock solution, the area to be coated, and the coating density were the factors used to 

determine the volume of the original collagen solution that should be used. The calculated 

volume of collagen stock was diluted in 0.05 M HCl to a volume that covered the entire area of 

the cover slip that would be in contact with cells during the experiments. A coating density of 

3.25 μg/cm2 was determined by identifying when cell morphology and behavior on flat acrylic 

films coated with collagen resembled those properties on collagen-coated glass. A lower coating 

density of 0.65 μg/cm2 was selected to test how cell shape and migration change on the 

nanoridges. The diluted collagen IV solution was allowed to sit on the substrates, which were 

placed on ice, for approximately 1 h. The solution was then aspirated. The substrates were then 

rinsed with distilled water and aspirated twice. The substrates subsequently sat on ice or were 

stored at 4 °C prior to experiments. 

5.4.5. Cell Culture 

The MCF10A LifeAct-GFP cells were cultured in a cell medium composed of 

DMEM/F12 (Gibco, Catalog: 11330057), 5% horse serum (v/v) (Gibco, Catalog: 26050088), 10 

μg/mL insulin (Gibco, Catalog: 12585014), 20 ng/mL epidermal growth factor (EGF; 

PeproTech, Catalog: AF-100-15), 0.5 μg/mL hydrocortisone (Sigma-Aldrich, Product: H4001), 

and 0.1 μg/mL cholera toxin (Sigma, C8052). Puromycin dihydrochloride (A. G. Scientific; 
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Product: P-1033-SOL) was subsequently added to the medium (0.5 μg/mL). The cells were 

stored in a humidified incubator set at 37 °C and sustained with 5% CO2. 

5.4.6. Imaging 

Prior to plating the cells on the substrates, the cell medium was aspirated and the cells 

were rinsed with Dulbecco’s phosphate buffered saline (Quality Biological, Product: 114-057-

101). The cells were trypsinized (Gibco, Catalog: 25200056) and centrifuged in the cell medium. 

The cell density was adjusted to 104 cells/mL, and 2 mL of cell solution added to the dish or 

plate to which the substrate was attached. 

Cells were imaged within 1.5 h of plating using a PerkinElmer UltraView VoX confocal 

spinning disk system attached to a Nikon Ti inverted microscope. Culture conditions were 

maintained in a Tokai Hit stage-top incubator (37 °C, 5% CO2, humidity). The cells were imaged 

for at least 3 h with a 10× phase-contrast objective (Nikon CFI Plan Fluor, NA 0.3) to monitor 

migration. Images were collected with a rate of 1 frame every 3 min. Next, individual cells were 

selected for imaging at 100× (1.49 NA, oil-immersion objective) in bright-field and fluorescence 

modes (488-nm laser power: 9%) at a rate of 1 frame every 10 s. After imaging individual cells, 

migration data were again collected at 10× in phase-contrast for at least 12 h. Then, actin 

dynamics (fluorescence) data from individual cells were again recorded. The imaging switched 

between migration and actin-dynamics data collection one more time. 

5.4.7. Analysis 

Cell tracking and shape detection were performed on the bright-field movies of MCF10A 

cells on collagen-coated nanoridges, in a manner employed previously.320 To remove the ridges 
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from the image, we thresholded the image in Fourier space and applied a low-pass box filter. An 

inverse Fourier transform was then applied to render an image without any ridges. Next, the 

image was binarized using the Otsu thresholding method.372 Using these binarized images, the 

cell shapes and centroids were captured using regionprops from the Python library scikit-image. 

To obtain cell tracks, the centroid data were processed using a tracking algorithm from the 

Python library, trackpy. 

An OF algorithm, which was described in detail previously,245,319 was used to quantify 

the flux of actin polymerization within cells. This adapted algorithm is based on the Lucas-

Kanade method.233 The algorithm identifies the spatial fluorescence intensity gradient within a 

given image frame as well as the intensity gradient between consecutive image frames, the 

difference image. Combining these two gradients determines the optical flow. Optical flow 

reveals the velocities of regions of intensity in images, allowing us to account for both changes 

in intensity of actin and changes in location. 
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Chapter 6: Conclusion: A Perspective on Esotaxis 

6.1. Introduction 

The responsibilities of cells often include specifications, like time and location, required 

for proper execution of the functions. The inability to satisfy the specifications can lead to 

negative outcomes for the cell or for an entire organism. Many cell functions entail cell motion 

or migration. The importance of directed motion applies to all types of cells regardless of the 

distance they generally travel. Epithelial cells remain stationed in their tissue, yet if they cannot 

follow the cues to close a wound properly, pathogens can enter and infection can spread. 

However, there are cues, usually provided by other cells, to guide cells and to facilitate the 

performance of their roles. There are four important aspects of the cellular processing of a cue: 

generation of a signal; sensing the signal; transmitting the signal (the connection between 

detection of the signal and taking some action in response); and executing the signal (taking 

action in response to the interpreted message of the signal).13 Directed cell migration is the 

guided motion of cells in response to a cue or cues. Many processes affecting the survival of an 

organism, such as development, immune response, and wound healing, depend on the efficient, 

successful migration of cells. However, directed cell migration can also be exploited to drive 

negative health outcomes. 

A variety of cues can guide migrating cells to a target location. Motion driven by soluble 

molecules (chemical signaling, chemotaxis), electric fields (electrotaxis or galvanotaxis), surface 

chemistry (haptotaxis), and surface stiffness (durotaxis) are usually dependent on a gradient. The 
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cue must be strong enough for the cell to continue to sense a change in the intensity of the cue. 

Beyond a certain sensitivity limit, the cell cannot distinguish the strength of the stimulus from 

the front to the rear of the cell. Even topography, the primary focus of this work, can be sensed 

as a gradient, in which a cell can move toward or away from a denser arrangement of 

topographic cues,25 such as ECM fibers. Substrate parameters, including surface chemistry, 

stiffness, and topography, that are amenable to microscale patterning have the potential to be 

used to guide cell motion across long distances.131 

Although the focus of this chapter is the nanotopographic guidance of cell motion and its 

underlying mechanisms, topography impacts other important cell functions, and cellular 

interactions with nanotopography can influence health outcomes. Nanotopography has been 

shown to affect cell differentiation,305 proliferation,373 and gene expression.373 Negative health 

outcomes can result from interactions with nanotopographic cues. The construction and 

arrangement of aligned ECM fibers by fibroblasts promotes the invasion of neighboring tissue.374 

Tumor-associated fibroblasts (TAFs) will be discussed in greater detail later in this chapter. 

The rearrangement of the ECM is an example of the negative impact of topography based 

on aberrant cellular behavior and the manipulation of native biomaterials. Foreign materials can 

also serve as nanotopographic cues that promote disease. Elongate mineral particles (EMPs) are 

generally defined as having an aspect ratio greater than 3.375 Asbestos are also categorized as 

EMPs.375 Asbestos are a family of naturally occurring silicate mineral fibers used in building 

materials that cause diseases of the lungs and potentially other tissues that range in severity but 

include mesothelioma.375 These diseases often affect workers in manufacturing plants and 

construction-related jobs.375 Even if particles do not share certain characteristics with asbestos 
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(they are then referred to as nonasbestiform), they can still be categorized as EMPs if they satisfy 

the aspect-ratio threshold. EMPs have also been associated with mesothelioma-related 

diseases.375 Cancer research with a focus on EMPs determined that longer, thinner particles are 

likely to promote tumorigenesis and shorter, nonfibrous particles are less of a threat.376 Studies 

suggest that particles longer than 5 μm and thinner than 0.1 μm are biopersistent (can remain 

intact within the body for extended time) and are the most dangerous.375 Long fibers drive 

increased cell proliferation, synthesis of growth regulatory proteins, and protein expression of 

protooncogenes.376 EMPs in drinking water are excreted in the urine, although their detection in 

fish kidneys suggests that excretion of the particles is not completely successful.377 It has been 

proposed that interaction with EMPs initiates cellular pathways than involve the release of 

reactive oxygen species and programmed cell death.376 Furthermore, the iron content in 

crocidolite and amosite—two types of asbestiform EMPs—drive iron-related processes in cells 

that lead to oxidative damage that alters deoxyribonucleic acid and lipid properties.376 The fact 

that disease progression depends so strongly on the dimensions and shape of EMPs suggests that 

nanoscale and microscale topography influences cellular responses that promote aberrant health 

outcomes. Cell–EMP interactions will be described in more detail later in the chapter. 

Cells encounter an array of topographic cues in vivo that vary in scale and shape. The 

network of ECM fibers can be sparsely distributed, yet aligned, or an impenetrable knot. The cell 

can respond to the topography of both of the aforementioned stimuli. In the case of the dense 

fiber matrix, if the cell is incapable of, or chooses not to, break down this ECM, the cell can still 

travel along the barrier. Although the cell can potentially turn away from this obstacle, the 

fibrous knot can serve as a directional cue along which the cell can migrate and away from 

which there might be an absence of cues. On the other hand, a cell on an array of aligned fibers 
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would not experience restricted motion in any direction. Several dimensional properties of the 

ECM fibers are much smaller than the cell (many cells are on the scale of tens on microns). 

However, despite the apparent freedom of motion, the cell will often migrate along the oriented 

topographical cue. Microthigmotaxis, is the guided migration of cells through nano- or micro-

topographical cues on substrates. In this chapter, we investigate the sustained motion of cells 

along microscale and nanoscale topography. 

6.2. Fabrication of Nanotopographic Substrates 

There are a variety of methods to produce substrates with micro- and nano-scale 

topographical features, including electrospinning, nanoparticle synthesis and deposition, and 

even heat treatment of films composed of material mixtures. However, perhaps the most 

common techniques, especially for uniform patterning with precise control over topographical 

dimensions, are photolithography-based. These methods include standard photolithography (with 

a photomask), multiphoton lithography, and electron-beam (e-beam) lithography. The properties 

of the desired pattern (as well as the instruments available to construct it) often dictate the 

method by which the pattern is fabricated. Soft-lithography-based approaches are frequently used 

for replication or stamping to consistently and precisely reproduce the same pattern for 

experimental studies. These techniques can be used to mold and replicate complex, 2.5-

dimensional patterns fabricated from an array of methods. The studies of cellular response to 

nanotopography described in detail here employed patterns fabricated using multiphoton 

absorption polymerization (MAP), a technique described in detail elsewhere.107 This technique 

involves a photopolymerizable material, usually containing monomers and a photoinitiator, 

patterned by exposure to an ultrafast laser focused through a microscope objective. The 
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wavelength of the laser must meet the requirement that absorption of two (or more) photons with 

the equivalent energy will excite the photoinitiator to the electronic state that will lead to the 

formation of a radical (or cation) to polymerize the material. The simultaneous absorption of 

more than one photon by a molecule is an unlikely phenomenon, and the pulses of an ultrafast 

laser serve to concentrate the photons temporally. By the same token, the laser is focused 

through a microscope objective with a high numerical aperture to concentrate the photons 

spatially. This setup results in polymerization of the material within the focal region of the 

microscope objective, allowing for 3D control over patterning. Control of the microscope stage 

and of the laser exposure with a mechanical shutter, both operated with computer software, allow 

one to produce arbitrary patterns using MAP. The ability to vary the height of fabricated 

structures without the use of sacrificial layers or multiple rounds of material deposition and 

patterning is an attribute of this technique that most other methods cannot claim. 

Replication of the MAP-fabricated patterns was accomplished by using a soft 

lithography/replica molding technique known as solvent-assisted nanotransfer molding.142 A 

mixture of siloxanes was used to produce a hard polydimethylsiloxane (h-PDMS) elastomer that 

improves upon the stiffness/elasticity and hardness of Sylgard 184141 (the name of a 

commercially available and widely used silicone elastomer produced by Dow Corning). The 

addition of hexane as a solvent to this h-PDMS mixture reduces the viscosity and surface 

tension, and enables replication with high resolution and fidelity.119 The h-PDMS layer spin-

coated onto the original MAP pattern was then combined with Sylgard 184 to produce a mold of 

the nanotopographical pattern.142 To make replicas of the original pattern, a technique known as 

nanoimprint lithography was used, in which a drop of photopolymerizable resin was sandwiched 

between a glass coverslip and the PDMS mold and then exposed to UV light.142 This method 
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enables the replication and production of nanotopographic surfaces on a relatively large scale. 

The resolution of these techniques can be higher than 25 nm.142 

6.3. Nanotopography-Based Directed Cell Migration, Microthigmotaxis 

Across a variety of species—from amoebae through mammals—and cell types, it has 

been demonstrated that cells can orient and migrate along nanotopographical cues. Dictyostelium 

discoideum, a social amoeba also referred to as a slime mold, preferentially spreads and moves in 

the direction parallel to a nanoridge pattern130 that features periodic lines of material with 

uniform thickness separated by grooves or valleys that are also uniformly spaced. Shape changes 

and motion are strongly influenced by the topography; that is, the cells that elongate the most 

and move the fastest are those that were oriented with the ridges.130 In accordance with these 

observations, protrusive motion at the cell front and retraction at the rear of the cell, which often 

seem synchronized in directed migration, were observed more prevalently in cells aligned with 

the nanoridges.130 Although the leading-edge protrusions and rear retractions occur more 

frequently on cells oriented with the nanoridges, the shape changes of cells on topographic 

substrates are wave-like and oscillatory, similar to behavior observed on flat surfaces.130 (The D. 

discoideum cells used in this study were genetically altered to prevent chemical signaling 

between cells, ensuring that the ridges were the only factor that could influence directed 

motion.)130 

Moving from one end of the spectrum of species, describing the guided motion by 

nanotopography of an organism that spends a portion of its life cycle in a unicellular state, we 

have found that human cells can also undergo microthigmotaxis. Cells of a human breast 

epithelial cell line, MCF10A, as well as those of a metastatic mutant line derived from MCF10A 
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(known as MCF10CA1 or M4), exhibit a preference to move parallel to the orientation of 

nanoridges.196 Osteosarcoma cells (U2OS cell line) elongate on, and are strongly aligned with, 

nanoridges, and ovarian tumor cells (HEY-T30 cell line) exhibit persistent migration on these 

nanotopographic substrates.334 Interestingly, these results demonstrate that disease-promoting 

cells can be influenced by nanotopography to undergo directed cell motion. Like D. discoideum 

cells, the breast-cancer cell lines moved faster when migrating along the ridge direction.196  

Directed cell migration is the result of protrusions and retractions of the cell front and 

rear, respectively, that constructively achieve a net cell displacement in response to one of the 

external cues described above. This series of ‘constructive’ protrusions and retractions requires 

the coordination of many biomolecules within the cell, including the cytoskeleton and signaling 

cascades. In fact, various properties of the cellular environment can influence the organization 

and/or motion of these biomolecules to drive cell migration in response to extracellular cues. 

In this brief review, we will describe the concept of “esotaxis,” how this phenomenon 

affects directed cell migration, and how esotaxis can result from cellular interactions with 

nanotopographic cues. The prefix “eso-” is derived from ancient Greek and means “from 

within.” With respect to a cell, eso- refers to subcellular components. Although the ambiguity of 

“within” can be interpreted as describing organelles – for example, the position of the nucleus or 

microtubule-organizing center (MTOC) relative to the leading edge of the cell – for the purposes 

of this discussion, we will generally focus on the scale of the distribution of biomolecules within 

the cell. The suffix “-taxis” is generally accepted to refer to directed motion in fields of study 

relating to biology. This definition was used when the term esotaxis was first applied to the 

wave-like dynamics of actin.131 However, “taxis” was originally used to describe organization or 
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arrangement (of soldiers; also ancient Greek), and this definition is equally fitting in 

understanding how external cues, like nanotopography, affect the cell and can contribute to 

directed migration. 

6.4. Esotaxis Is Ubiquitous 

To explain the directed migration and biased leading-edge protrusions and rear-edge 

retractions of D. discoideum cells oriented along nanoridges, our group examined the 

organization and dynamics of F-actin in cells on these substrates, because virtually all shape 

changes involve at least some cytoskeletal rearrangement, and actin polymerization and 

depolymerization drive migration in Dicty cells. We found that actin polymerization is 

constrained to within 500 nm of each side of a ridge.130 Not only did actin nucleate at these 

nanotopographic cues, but its polymerization was biased along the ridge axis.130 Perhaps most 

surprisingly, even if cell motion was perpendicular to the nanotopography, actin was still 

oriented along the ridge axis.130 From these results, we see that external physical cues in the cell 

environment can direct the organization and orientation of actin inside the cell. The fact that cells 

can move in a direction perpendicular to the nanotopography despite alignment of the actin 

cytoskeleton emphasizes that esotaxis does not compel immediate, complete microthigmotaxis in 

response to the sensing of the ridges. Tracks illustrating the displacement of D. discoideum cells 

on nanoridges show that not every instantaneous motion of the cells is aligned with the 

nanotopography and that migration is not perfectly straight. Additionally, cells are not equally 

influenced by the ridges. Some cells move in a straighter, more aligned path than do others. The 

orientation of actin with the nanotopography biases the direction of cell motion to some extent, 

increasing the likelihood that a cell moving perpendicularly with respect to the ridges will turn to 
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be aligned with the cue and then will move along that axis. The cell tracks also indicate that actin 

polymerization is not the sole determinant of the direction of motion. 

Epithelial cells feature distinct actin organization on nanoridges as compared to on flat 

surfaces. MCF10A cells often form stress fibers throughout the cell body when plated on flat 

surfaces, and branched actin at the cell front leads to the formation of a broad lamellipodium.245 

On nanoridges, actin streaks form near the ridges throughout the region of contact with the 

substrate, and these streaks align with the direction of the nanoridges.245 Perhaps most 

surprisingly, the morphology of actin structures within the cell is locally influenced by the 

nanotopography. In an MCF10A cell that encounters a flat surface on one side and a ridged 

surface on the other, actin will organize in response to the underlying substrate in that region, so 

that half the cell will feature aligned actin streaks and the other will exhibit diffuse stress fibers 

that lack a consistent directional bias.245 Just as lateral proximity to topographic cues influences 

the esotactic influence on actin aggregation, the axial distance from the stimulus also determines 

how much actin concentrates at a specific location, as was observed during imaging of different 

planes of an MCF10A cell in contact with an EMP.378 

6.5. Quantification of Contact Guidance and Esotaxis 

In characterizing and quantifying esotaxis to understand the impact of nanotopography on 

cytoskeletal dynamics, we must also examine the response at the cellular level. Accordingly, 

shape detection and cell-tracking software are often applied to cells in studies of esotaxis. These 

techniques allow cellular properties such as speed and eccentricity to be quantified reliably. 

Orientation is especially important, in that this property explicitly illustrates the extent to which 

the cell responds to nanotopographic cues. In some studies, the orientations of fluorescently-
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labeled cytoskeletal components are quantified using weighted averages across all cytoskeletal 

structures.155 Orientation is generally quantified with respect to the nanoridge direction, but 

several studies quantified the orientation in comparison to all other cytoskeletal structures within 

the cell.155,321 The distribution of speeds of cell migration can provide insight into the migratory 

phenotype – often categorized as amoeboid and mesenchymal, although other terms have also 

been used – that the cells employ . Slow motion is often associated with adhesion-based 

migration, whereas faster movement usually involves weak or no adhesive interactions with the 

substrate. However, even within a given motility phenotype, velocity data can reveal how 

nanotopography affects cell motion. Shape analysis can also distinguish how nanoridges 

influence cells of different migratory phenotypes. Data can be compared among cells or, more 

frequently, across surfaces (patterned and unpatterned). For intracellular proteins, the position 

with respect to topographical features is often an important detail to determine. How far away 

from the nanoridges can F-actin be observed, for instance? Is actin more likely to polymerize at 

the tops of ridges or near the valleys? Fluorescence intensity can indicate regions in the cell 

where the labeled molecule is concentrated, and intensity values can be used to quantify or 

estimate the degree of an esotactic response to topography. The fluorescence intensity within a 

cell in contact with nanotopographic cues can be compared to the intensity elsewhere in the 

cell.378 Image segmentation using binary masks derived from fluorescence and bright-field 

images can separate fluorescence data for cellular regions proximal to and distant from 

topographical cues.378 This image analysis technique produces two separate fluorescence images. 

One image only includes regions near the nanotopography, and the other image omits these 

regions and illustrates all other regions of the cell.378 This technique is especially useful for 

situations in which a large portion of a cell is not in contact with nanotopography, such as a cell 
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at the edge of a nanoridge pattern or one that encounters an elongate mineral particle. 

Quantification of fluorescence differences near and far from a cue facilitates comparisons across 

cell types and nanotopographies.378  

Not all cells of a given type, on a specific topography, and in a single experiment will 

exhibit the same esotactic and microthigmotactic responses. An individual cell is even capable of 

changing its behavior while under observation. Cellular and subcellular data are almost always 

presented as histograms or distributions, and occasionally as averages. Normalization of the data 

to enable comparisons across experimental conditions can be achieved by using the maximum 

observed value or the value obtained from the control. Certain information can be obtained by 

normalizing each cell individually, such as protein activity or ion-flux changes through 

fluorescence intensity fluctuations, using the time- or whole-cell-average value. 

Cell tracks illustrate the characteristics of cell motion, and enable facile visualization of 

displacement and persistence, and possibly of guidance and/or directional bias. The data 

connected to the tracks usually allows for quantification of migratory properties, including speed 

and mean-square displacement, as well uncommon or study-specific analytical values or indices. 

Tracking software is often used to examine motion of the entire cell as a unit. However, there are 

image-analysis techniques that can capture, identify, or quantify isolated motions within specific 

regions of the cell. Principal-component analysis was used to identify types of boundary motions 

and to determine and quantify the likelihood that specific types of boundary motion contribute to 

contact guidance observed in cells on nanoridges.130 

Intracellular proteins and other biomolecules, and even ions, can move in an organized 

manner, and often exhibit wavelike behavior. Improved imaging technology and the 
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development of transient and transduced or transfected cellular and molecular labeling in recent 

decades has enabled the capture of these dynamics. One relatively simple method to illustrate 

dynamics is to create a time-lapse image that merges multiple frames of a video and color-codes 

the fluorescence by frame to show the motion over time. Another popular technique to visualize 

dynamics, whether on the cellular or subcellular scale, is through the creation of kymographs. 

From the collection of a video (or images that can be compiled to form a video) containing the 

dynamics of interest, a kymograph is created by selecting a region of interest. This area is 

generally much larger in one dimension than the other, effectively creating a region of interest 

demarcated by a rectangle in which the width is negligible. The dimensions of the rectangular 

regions used to create kymographs in Fig. 4.2 differed by nearly an order of magnitude. Instead 

of a rectangle, many kymograph programs and plugins require the user to draw a line to select 

the motion for analysis, which further emphasizes the 1D nature of this analysis tool. The frames 

of the movie that feature only this area of highlighted dynamics are then stacked sequentially 

either vertically or horizontally, so that one dimension of this stack is the long side of the 

rectangular region of interest and the other dimension is time. Another version of kymographs 

has been used with color-coding to illustrate how the change in fluorescence intensity depends 

on position. An important limitation of kymographs is that they generally only depict dynamics 

in one dimension.245 If, for instance, fluorescently-labeled actin moved perpendicular to the 

ridges but the kymograph was created by selecting a region parallel to the ridge axis, this 

perpendicular motion would not be captured.245 

Tracking algorithms have also been used to characterize the motion of individual bands 

or clusters of fluorescently labeled proteins. One study used the mean-square displacement of 
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fluorescent bands to fit to an equation in which the parameters characterized the diffusion 

properties of a labeled protein within the cell.155 

Analytical tools can also be applied to identify and quantify the changes in cell shape that 

are captured in videos. Active-contour, or snake, algorithms can be used to detect cell-boundary 

positions following several steps that include object-scale and fluorescence-intensity adjustments 

and spatial-gradient and vector-field determination.130 The active-contour algorithm uses 

multiple parameters to optimize the iterative cell-boundary detection process.130 The cell 

boundary and fluorescence-intensity gradient can be applied together to determine a center-of-

mass of the labeled protein within the cell. Center-of-mass calculations for fluorescently labeled 

molecules have been used for cell tracking and for the determination of a preferred orientation or 

localization. 

Examining the influence of nanotopography on cell behavior as a function of time is an 

important focus of many studies, because the rate at which subcellular processes occur can 

influence the execution of important cellular functions, and changes in these rates can be 

significant. Oscillations of fluorescence intensity can be illustrated graphically for easy 

visualization of its wave-like properties. Mean-normalized autocovariance (MNA) is a pixelwise 

measurement that compares the fluorescence intensity within a region over time.156 This method 

identifies locations at which concentrated actin persists for extended periods of time. Using 

MNA, one can determine whether nanotopographic cues drive prolonged actin polymerization 

and localization. In theory, this technique could also be used to quantify time-dependent cellular 

processes, such as cell division, in which the position of a labeled molecule is important. 
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Advances in the field of computer vision have been applied to identify and quantify these 

coordinated actin dynamics. Optical flow (OF) is one of the techniques that has been used to 

identify and quantify these changes. One approach to quantifying this motion in images was 

formulated by Lucas and Kanade in 1981, the aim of which was to improve image registration 

and minimize the difference between images by using the spatial intensity gradient to iteratively 

improve the estimation of the vector needed to achieve this minimization.233 When optical flow 

is applied to fluorescence intensity, for example, the goal is first to determine the displacement 

of individual sources of fluorescence and the rate at which they move. The calculations to 

determine the flow of fluorescence intensity requires the assumption that all the pixels within a 

narrow window surrounding a specific set of coordinates will share the same flow vector.245 The 

optical-flow vector field is determined using spatial and temporal gradients.245 The spatial 

gradient displays changes in fluorescence intensity throughout the image or region of interest at a 

given time. The negative spatial gradient will map vectors directed away from regions of high 

local intensity.245 The temporal gradient marks how the intensity changes with time. This 

concept is illustrated by the creation of a difference image, produced from a pair of image frames 

from a movie, with regions colored in to indicate positive and negative changes in brightness.245 

OF analysis provides information on the pixel-scale motion of fluorescence intensity over 

time.245 

The OF data includes the orientation of actin flow with respect to the nanoridges and it is 

useful to map the distribution of the angle values. Circular distributions are usually used to map 

angular variables, and the von Mises model is perhaps the most popular for univariate circular 

distributions, but if the system requires it, multivariate generalizations have been attempted.379 

Because the actin motion is bidirectionally guided on the ridges, the angular data was fit to a 
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bimodal von Mises distribution with a constant offset of the two peaks spaced 180° apart.245 

Away from the peaks, the distribution is treated as a uniform distribution.245 The distribution is 

positioned based on the value of the main component, which is equivalent to the mean angle of 

the OF data. The other peak of the distribution is situated 180° away from the main 

component.245 A concentration parameter determines the width of the distribution, which is 

proportional to the inverse of the concentration parameter. Generally, we expect a large value for 

the concentration parameter when analyzing the data for cells on nanoridges because of the 

strong bidirectional guidance, so that the distribution more closely approximates a normal, rather 

than uniform, distribution. 

OF vectors show the changes in position and intensity of the fluorescently labeled 

molecules, with the magnitude of the vectors indicating the magnitude of these changes and the 

colors representing the strength of orientation parallel or perpendicular to the ridges.245 However, 

individual vectors do not provide information on the micron-scale activity of a group of 

molecules that would be relevant for interaction with multiple nanotopographic features.245 The 

OF algorithm that was applied in these studies incorporated a Gaussian weight matrix that was 

applied to each pixel to emphasize neighboring pixels over more distant pixels when determining 

the OF-vector magnitude and direction at a given pixel location within the cell.245 The weight 

matrix is adjustable based on experimental conditions, the scale of the motion of interest, and 

noise.245 Increasing the size of the weight matrix can change the scale of the motion of interest 

from pixels to microns.319 Additionally, by clustering similar OF vectors, micron-scale structures 

can be separated, and the micron-scale dynamics of a collection of molecules can be 

characterized and quantified by tracking the clusters.245 Thresholds placed on the clustering and 

tracking can protect against analyzing non-collective motion of groups of the fluorescently 
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labeled molecules.245 The clusters will still contain OF vectors with an array of orientations, 

which can reveal micro-scale structures.245 Locating clusters that share maximum alignment 

allows the identification of coordinated molecular motion.245 Tracked clusters of actin from OF 

analysis had speeds similar to those of actin waves measured in kymographs for two different 

cell lines.245 OF analysis, clustering, and tracking enable the interpretation of pixel-scale motions 

in fluorescence images to identify and characterize the collective motion of molecules in two or 

even three dimensions. 

6.6. Guidance of Cytoskeletal Dynamics and Wave-Like Motion 

Cytoskeletal localization and orientation relative to nanoridges provide valuable insight 

into how these structures influence contact guidance and directed cell migration. However, cell 

signaling, actin polymerization and depolymerization, focal-adhesion maturation, myosin-

orchestrated contraction, and other cellular processes are dynamic, and characterizing these 

temporal activities might offer a deeper understanding of the response of cells to this 

nanotopography. For example, a model that examined membrane–actin interactions with the 

substrate and response to curvature found that topography can alter the direction of, or fragment, 

actin waves.380 The ability to probe subcellular dynamics is increasingly accessible, with 

improved spatial and temporal resolution in developed and developing microscopy techniques 

and the availability of labels for a library of intracellular molecules. 

Actin polymerization in D. discoideum cells migrating on nanoridges was observed to 

exhibit wave-like behavior, with the F-actin appearing as streaks and propagating in the same 

direction in the grooves along both sides of the ridge.130 These actin waves were coupled with 

cell motion.318 The wave was observed to remain at the leading edge of a D. discoideum cell that 
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turned to change directions.318 MCF10A cells demonstrate similar actin streaks along 

nanoridges, whereas on flat substrates these cells experience oscillations in actin polymerization 

in all directions at the cell boundary.245 Kymographs of actin dynamics in these cells on 

nanoridges show stable polymerized actin that does not move perpendicularly to the ridge 

axis.245 OF analysis showed dynamic actin at the leading edge of the cell that can potentially 

contribute to the formation of protrusions and that confirmed that the preferred direction of actin 

polymerization is along the ridges.245 Although nanoridges guided the motion of actin waves, 

these nanostructures did not alter the speed of the actin waves from those observed in MCF10A 

cells on flat substrates.245 

6.7. Response of Other Cellular Molecules to Nanotopography 

Focal adhesions (FAs) also respond to nanotopographic cues. Signaling pathways that are 

activated during FA formation can influence intrinsic steps in cell motion and can, therefore, 

affect directed migration in response to nanotopography. For example, mouse fibroblasts that 

cannot produce FAK still elongate on nanoridges, but their aspect ratio is significantly smaller 

than that of wild-type fibroblasts.334 Fluorescent labeling of various FA proteins showed that 

nanoridges drive the formation of mature FAs at the leading edge of U2OS cells, and FAs also 

localize near the nanoridges throughout the cell body.334 Another study found that nanoridges 

cause focal adhesions to concentrate at the front and rear of elongated human mesenchymal stem 

cells (hMSCs), as compared to a more uniform distribution on flat substrates.381 Fluorescence 

imaging in U2OS cells also revealed that the FAs orient parallel to the nanoridges.334 

Myosin motors move along actin filaments and can pull together filaments of the actin 

network, effectively contracting the cytoskeleton and regions of the cell. Myosin contributes to 
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certain aspects of cell migration based on this contractile function. However, D. discoideum cells 

in which myosin II is knocked out (myosin II
-
) are still guided in their motion on nanoridges, 

relative to cells in which myosin II is present.130 On the other hand, blocking the contractile 

function of myosin II by inhibiting Rho-associated protein kinase (ROCK), an activator of 

myosin through phosphorylation of its light chain, stopped actin oscillations in B cells on 

nanoridges.156 Furthermore, overall actin accumulation on nanoridges is reduced when myosin 

function is impaired in these cells.156 These results suggest that myosin II modulates some 

aspects of the dynamic actin cytoskeletal response to nanotopography, but does not universally 

govern nanotopography-driven directed migration, which generally requires some degree of 

esotactic guidance of actin. 

Phosphatidylinositol-3,4,5-trisphosphate (PIP3) is a phospholipid involved in cell 

signaling. PI3K produces PIP3 through phosphorylation of phosphatidylinositol-4,5-

bisphosphate (PIP2). Spatiotemporal control of the concentration of PIP2 by PI3K and 

phospholipase C (which cleaves PIP2 to form diacylglycerol and inositol-1,4,5-trisphosphate) 

regulates numerous cellular functions.382 Together with phosphoinositide 3-kinases and 

phosphoinositide-dependent kinases, PIP3 is involved in the activation of Akt (also known as 

PKB),383 which regulates other signaling molecules necessary for a variety of cellular processes, 

including cell migration. 

PIP3 also exhibits wave-like properties.318 The wave behavior of PIP3 in D. discoideum 

is coordinated with actin waves, and also localizes at the leading edge of the cell and is coupled 

with cell motion.318 Fluorescent labeling of the pleckstrin homology (PH) domain of Akt, which 
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can bind to PIP3 and, therefore, serve as a marker for the localization of PIP3, shows strong Akt 

fluorescence throughout U2OS cells on nanoridges.334 

6.8. Immune cells 

Many cells involved in immune response are highly migratory, as they must travel in 

search of pathogens or other immune cells to execute their functions.8,384,385 Beyond its 

involvement in migration, the actin cytoskeleton is also essential for the antigen processing8,386 

and signaling-molecule production8,387,388 and distribution387,388 necessary for the identification 

of targets and recruitment of other immune cells for the activation of the immune response. The 

inability of the cytoskeleton to function properly in immune cells is associated with numerous 

diseases.38 As immune cells must travel throughout the body, the extracellular environments that 

these cells encounter in distinct tissues and organs vary in composition. Additionally, many types 

of immune cells must make contact with other cells, and these interactions can potentially impact 

the immune response. We investigated how nanotopography modulates the behavior and 

function of immune cells.155,156,245,319,321,378 Additionally, studying cytoskeletal response to 

topography in combination with other subcellular components can help to elucidate the 

mechanisms involved in immune response. 

B cells describe several classes of B-lymphocytes that differ in how they are produced 

and where they develop and operate within the body.389 The types of B cells also vary in the 

immunoglobulins or antibodies they produce, the properties of which determine the kinds of 

antigens that can be targeted and whether other cells must participate in antibody production.389 

B cells form from progenitors that are derived from hematopoietic stem cells (HSCs).389 The 

different classes of B cells share the functions of detecting or recognizing antigens and producing 
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antibodies and other chemicals to signal the immune response. However, each lineage of B cells 

also has its own functions and responsibilities regarding specific antibodies or signals and 

regions of coverage.389 

B-cell receptors (BCRs) on the membrane of B cells are transmembrane receptors that 

include the immunoglobulin and molecules and complexes of molecules that transduce the 

signal. The immunoglobulins are glycosylated proteins that contain two light and two heavy 

chains connected by multiple disulfide linkages.389 The antigen-binding region of the 

immunoglobulin is often antigen-specific and, therefore, varies depending upon the antigen 

target.389 The C-terminus regions of the heavy chains are positioned closer to the membrane, and 

distinguish the isotype of immunoglobulin (A, D, E, G, and M).389 BCRs can be activated to 

influence the cell to perform its function. These proteins are responsible for antigen recognition 

and activation of the immune response. 

The arrangement of the BCRs affects the immune response of a B cell. The 

nanotopographic features of other cells, foreign objects, or potential antigens (or even the 

physical properties of the surrounding environment) can influence how B cells respond to 

contact. Flat and nanoridged surfaces were coated with the fragment antigen-binding F(ab’)2 

region of the anti-mouse immunoglobulin M+G (IgM+G) antibody, which can bind to BCRs, to 

test whether the nanotopographic organization of BCR cues influence the B cell response.156 The 

actions taken by B cells during this process involved significant morphological and 

organizational changes, so dynamic actin, as was observed in these experiments, is likely 

necessary to achieve B-cell activation. Although B cells on flat substrates had the highest 

fluorescent actin intensity around the cell periphery, cells on nanoridges exhibited increased 
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actin near the nanoridges,156 similar to the actin localization observed in MCF10A cells.245 There 

was greater fluorescence intensity of the labeled F-actin within 1 μm of the ridges.156 

Additionally, the nanotopographic cues promoted strong radial oscillations of actin-fluorescence 

intensity throughout the cell.156 On the other hand, B cells on flat surfaces had patches of actin 

fluorescence oscillations that lacked a biased, consistent direction of motion.156 The magnitude 

of the intensity fluctuations during these dynamic actin oscillations was much larger in cells on 

the nanoridges than in cells on flat substrates.156 Mean-subtraction and normalization of the 

intensity fluctuations showed that the peak-to-peak oscillations on flat substrates were less than 

half the magnitude of those observed in cells on nanoridges.156 Additionally, the peak 

fluorescence intensity of labeled actin near the ridges, when weighted against the mean 

fluorescence throughout the cell, was higher than the similarly weighted fluorescence intensity 

observed around the periphery of cells on flat substrates.156 Additionally, the dense actin 

accumulations near the nanoridges remained for longer durations compared to actin away from 

the nanotopography and in concentrated regions in B cells on flat surfaces.156 Flat substrates 

coated with the IgM+G antibody did not induce the same organized, periodic actin fluorescence 

intensity oscillations that were promoted on the nanoridges.156 A surface coating that stimulates 

BCRs increases actin dynamics, and nanotopographic cues on these activating surfaces further 

amplified the cycles of actin polymerization and depolymerization.156 Inhibiting signaling 

molecules/proteins associated with BCRs did not influence the same response from the B 

cells.156 These results indicate that B-cell activation (through BCR engagement and the ensuing 

signaling) increases the sensitivity of the actin cytoskeleton to nanotopographic cues in the 

extracellular environment. However, actin also controls the behavior of B-cell receptors390-392 

(and pre-BCRs in pre-B cells).393 Cortical actin controls the clustering of BCRs by restricting 
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motion on the plasma membrane.392 In turn, nanotopography can also modify the organization of 

BCRs. On streptavidin-coated substrates, B-cells labeled with Fab’ fragments further tagged with 

Alexa Fluor 546 exhibited localization of BCRs near the ridges.156 The fluorescence intensity on 

flat surfaces was uniform.156 However, on nanoridged substrates, the fluorescence was most 

intense ~1 μm from the ridges, exhibiting enhanced clustering in proximity to the localization of 

actin polymerization.156 This observation suggests that the responses of actin and BCRs to 

nanotopography are spatially coordinated.156  

Signaling molecules and ions are critical to B-cell activation. It has been shown that 

disruptions in signal delivery in the various pathways can lead to scheduled apoptosis of B 

cells.394 Calcium is a key factor in modulating activation, based on the magnitude and duration of 

its flux, and B-cell fate is likely distinguished by characteristic operation of calcium channels 

and signaling pathways.395 Calcium concentrations available from specific channels are crucial 

for the proper function of other signaling molecules and transcription factors, and defects in 

these calcium supplies can impair B-cell activation upon BCR stimulation.396 Additionally, 

calcium is known to regulate actin dynamics indirectly through the modulation of 

phosphatidylinositol-4,5-bisphosphate at the plasma membrane, which in turn recruits neural 

Wiskott-Aldrich syndrome protein (N-WASP).397 N-WASP then promotes cortical actin 

polymerization.397 B cells loaded with a fluorescent calcium sensor exhibited a nanotopographic 

dependence on Ca2+ oscillations when plated on antibody-coated substrates.156 Cells on flat 

surfaces experienced periods between Ca2+ flux peaks that were approximately four times shorter 

than those of cells on nanoridges.156 This observation indicates that physical cues can potentially 

disrupt, distort, or delay signaling in activated B cells. Inhibiting actin polymerization further 

slowed Ca2+ oscillations on all substrates.156 Meanwhile, inhibition of Ca2+ GTPase, a protein 
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involved in regulating transport of calcium across the cell, decreased oscillations/dynamics and 

the overall concentration of F-actin.156 These results reinforce the idea that the behavior and 

activity of the cytoskeleton, membrane receptors, and signaling molecules/ions are 

interdependent, and that nanotopographic cues in the cell environment can further modulate 

these cellular components and, thus, the overall response of immune cells. 

Like B cells, T cells also form from progenitors that arise from HSCs.398 Early 

progenitors derived from HSCs have the potential to form various types of immune cells, and 

multiple differentiation steps occur that eventually lead to a progenitor that is committed to the 

T-cell lineage, but not before one of these progenitors enters the thymus.398 Once cells have 

committed to the T-cell lineage, they continue to differentiate until they join one of the main T-

cell populations, at which point they exit the thymus and enter the peripheral lymphoid organs.398 

T cells are often distinguished by specific receptors expressed on the cell membrane. These 

receptors are known as clusters of differentiation (CDs), and each unique protein cluster has an 

identification number. The two main groups of T cells are often distinguished based on their 

expression of either CD4 (CD4+ T helper cells) or CD8 (CD8+ cytotoxic T cells).399 Upon 

activation through the presentation of an antigen on the surface of an antigen-presenting cell 

(APC), helper T cells release cytokines to initiate the immune response.399 Naïve T cells 

preferentially migrate to second lymphoid organs, which collect antigens that are presented to the 

T cells by APCs.400 Before the cytokine release, this naïve helper T cell must divide multiple 

times to produce enough cells to fulfill its immunological role.401 Information from the APC will 

help to determine differentiation steps of these helper T cells to optimize the immune response to 

the specific pathogen, with the instructions conveyed across generations of cells through gene 

regulation.401 Subsets of T helper cells are distinguished by specific cytokines that induce a 
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lineage and that they also release to recruit other cells in the immune response.401 These subsets 

also differ in the types of pathogens they target and the harmful effects they can incur upon their 

own organism.401 Helper T cells can recruit other T cells, various types of innate immune cells, 

and even nonimmune cells to remove pathogens.401 Cytotoxic T lymphocytes are also known as 

killer T cells. As the name suggests, this class of T cells is responsible for killing cells that are 

considered a threat, again based on detection of specific antigens.399 The CD8+ T cells are 

activated in a similar manner as that described for the helper T cells.399 Cytotoxic T cells employ 

several mechanisms to kill target cells. The first method involves a surface ligand that can bind 

to a receptor (sometimes referred to as a death receptor) on the target cell, at which point the 

receptor and its adaptor proteins recruit molecules that lead to apoptosis.402 Another technique 

used by the killer T cells is the production and release of multiple molecules that combine to also 

induce apoptosis.402 The protein perforin forms pores in the target cell membrane and granzyme 

molecules, a family of serine proteinases, then enter the cell through these perforin channels to 

induce the granule-mediated cell death.402 The mechanism is somewhat more complicated, as 

granzymes can enter target cells through receptor-mediated endocytosis and perforin can drive 

the release of granzymes stored in vesicles within the target cell.402 Cytotoxic T cells can also 

release cytokines with cytotoxic activity.402 A third type of T cell, the regulatory T cell, has 

drawn a great deal of research interest, despite its small population.399 Regulatory T cells can 

suppress immune and autoimmune response by releasing cytokines or other molecules that can 

inhibit or modulate immune-cell activity or function or drive the cell to undergo apoptosis using 

mechanisms similar to those of cytotoxic T lymphocytes.403 

During the process of activation, an antigen peptide is presented to T cells on membrane 

proteins known as major histocompatibility complex (MHC)-derived molecules on the surface of 
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another cell, and the antigen is sensed by the T-cell receptors (TCR).399 To prevent 

indiscriminate killing of any cell expressing the antigen, the cytotoxic T cells require molecular 

signaling by helper T cells to activate.399 Helper T-cell activation through TCR stimulation 

requires antigen presentation on a different class of MHC-derived molecules than those sensed 

by cytotoxic T cells.399 The class of MHC molecules to which helper T cells respond are more 

restricted in their expression and other membrane proteins must be present on the APCs to 

activate the helper T cells.399 A single TCR can recognize many ligands and different antigen 

peptide/MHC molecules can distinctly influence T-cell gene expression and modulate T-cell 

functions, often based on the affinity of these ligands for the TCR and other co-receptors (such 

as the CDs).399 Complete binding of a ligand and the TCR will effect the phosphorylation of all 

immunoreceptor tyrosine-based activation motifs (ITAMs) of CD3 (a common co-receptor of 

TCRs involved in activating T cells) and activation of Src (tyrosine) kinases to fully activate the 

T cell.399 Phosphorylation of tyrosine residues by protein tyrosine kinases of the Src, Syk, and 

Tec families is a key process in the activation of T cells and the signaling pathways that are 

initiated upon engagement of the TCR and other co-receptors.404,405 ITAMs are key sites on these 

immunoreceptors where phosphorylation must occur to induce the downstream signaling upon 

TCR ligation.405 Quiescent T cells maintain an equilibrium of tyrosine kinase and phosphatase 

activity404 During antigen binding to the TCR, phosphatases, including some CDs, are driven 

away from the region around the TCR to increase kinase-driven T-cell activation.404 

Phosphorylated ITAMs are locations for engagement with other molecules that can also 

participate in phosphorylation and further signaling steps.405 Signaling pathways that are initiated 

upon engagement with the TCR include early involvement of ZAP-70 (zeta-chain-associated 

protein kinase-70), which is activated by a tyrosine kinase of the Src family.405 Before 
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phosphorylation of ZAP-70, it binds to the phosphorylated ITAM through corresponding Src-

homology 2 (SH2) domains and protects the ITAM from dephosphorylation.404 ZAP-70 is itself a 

protein tyrosine kinase (Syk family) and the phosphorylation of ZAP-70 boosts its catalytic 

activity.404 The phosphorylation responsibilities of ZAP-70 include tyrosine residues on adaptor 

proteins of the TCR405 and potentially other protein tyrosine kinases downstream.404 These 

phosphorylation actions can even impact Rho GTPases and alter the organization of cortical 

actin.404 ZAP-70 is recruited to the ITAM shortly after TCR ligation, so it is an early indicator of 

T-cell activation. 

Properties of the APC-T-cell contact zone can determine which molecules can occupy the 

region around the TCR, and co-receptors or even adaptor or effector proteins can be excluded 

from this zone based on molecular size.404 This suggests that surface topography of the APC can 

potentially modulate T-cell activation and function. Based on this hypothesis, T-cell response to 

nanotopographic substrates was studied. Nanoridges that are coated with anti-CD3, a stimulatory 

antibody, cause Jurkat T cells to spread and activate.321 Unlike cells on coated flat surfaces, the 

nanoridges drive cells to spread asymmetrically and undergo increased elongation.321 However, 

the cell-spread area is actually larger on flat surfaces than on nanoridges.321 The nanotopographic 

cues do not alter the rate at which cells spread on the activating substrates.321 When a non-

stimulatory protein coating, poly L-lysine (PLL), is used instead, cell spread areas are smaller 

than those measured on anti-CD3 coatings for both flat and nanoridged surfaces.321 Non-

stimulating nanoridges induced cells to spread over a larger area than on flat substrates with the 

same coating.321 
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After spreading on nanoridges, T cells that are fixed and stained with phalloidin exhibit 

concentrated actin on the sides and at the bases of the nanoridges.321 Actin accumulation is not 

evident at the tops of the nanoridges.321 Comparable aggregation is not observed in T cells on flat 

substrates, based on peak-to-mean fluorescence intensity ratios.321 Actin concentrations near the 

centers of T-cells are low compared to amounts near the cell edges, based on fluorescence 

images, regardless of whether the cells encounter flat substrates or nanoridges.321 However, actin 

dynamics respond differently to these surfaces. T-cells on flat surfaces exhibit actin retrograde 

flow when moving on the substrate.321 OF analysis of a representative T cell on a flat substrate 

showed patches of actin flow with varying orientations relative to an arbitrary axis within a 

single cell.321 Generally, actin flow in cells on flat surfaces is uniformly distributed across all 

angles.321 Nanoridges disrupt the retrograde motion of actin so that the flow is disorganized, and 

flow perpendicular to the ridges is restricted.321 In fact, even if a cell spreads more in the 

direction perpendicular to the ridges, actin flow is still mostly oriented parallel to the 

nanoridges.321 The temporal coefficient of variation (CV) values of fluorescence intensity show 

that actin in T cells on nanoridges is more dynamic than in cells on flat surfaces.321 Microtubules 

also contribute to T-cell performance of vital immunological functions, and regulate actin flow 

and force generation through Rho GTPases.321 T-cell polarization and persistent migration 

depend on effective microtubule function, and protrusion characteristics and uropod formation in 

these cells are also influenced by microtubules.406 Depending on the specificity of the antigen 

presented, the T cell microtubule organizing center will reorient itself toward the TCR-

peptide/MHC contact zone, even though this same behavior was not simultaneously observed in 

the antigen-presenting B cell.407 Using fluorescent labeling of EB3, a protein that binds to the 

plus-ends of microtubules and regulates microtubule dynamics, microtubules have been similarly 
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shown to grow and orient along nanoridges.321 The microtubule network is also strongly aligned 

in cells on nanoridges, with small differences between the orientation angle of individual EB3 

tracks and the average orientation angle (weighted by track length).321 Similar tracks of 

microtubule dynamics on flat substrates are not biased by an arbitrary axis.321 However, 

microtubules in cells on these substrates are also well aligned and organized with each other 

within the microtubule network, although not as strongly as in cells on nanoridges.321 Once 

again, these results demonstrate that nanotopography can modulate the organization and 

dynamics of other components of the cytoskeleton. 

Signaling molecules involved in T-cell activation and TCR stimulation have an 

interdependent relationship with F-actin and its dynamics. The localization of actin at the base 

and sides of the nanoridges suggests that these could be sites of clustering of TCRs and 

associated signaling molecules. Imaging of labeled ZAP-70, a molecule involved in the signaling 

cascade of TCR stimulation and T-cell activation, displayed colocalization with F-actin at the 

ridges.321 ZAP-70 clustering was observed at the nanoridges, based on the peak-to-mean 

fluorescence intensity ratio data.321 In T cells on flat substrates, ZAP-70 appeared to be 

uniformly distributed.321 Signaling-molecule organization and distribution can seemingly also be 

modulated by nanotopography. 

Macrophages are a class of immune cell with multiple lineages that form in several 

anatomical locations at different stages of development, with a lack of consensus on their 

origin.408 These cells are involved in tissue formation during development and their everyday 

roles include the regulation of metabolism and brain function, detection and repair of tissue 

damage, and immune response to pathogens.408 However, macrophages can also exacerbate or 
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cause disease.408 Macrophages are present throughout the body. In the event of the entrance of a 

foreign pathogen into a tissue, resident macrophages respond and inflammatory monocytes are 

recruited to the tissue, at which point they differentiate into macrophages.409 Together, the 

macrophages participate in removal of the pathogen and also aid in tissue repair.409 However, the 

resident macrophages simultaneously regulate metabolic homeostasis during the immune 

response.408 Once the threat has subsided, the macrophages that were derived from the 

circulating monocytes can further differentiate to aid in the return to normal tissue homeostasis, 

depart from the tissue, or die.409 The immune response of macrophages is strongly dependent on 

the tissue environment,409 and it is possible that the physical properties of the surroundings can 

modulate the macrophage response. 

Nanoridges drive THP-1 macrophages to spread and orient along the ridge direction.378 

Actin in these cells localizes at the ridges,378 and representative images of macrophages on these 

nanotopographies exhibit the most intense fluorescence in proximity to the ridges both near the 

center of the cell and in protrusions at the cell boundary. These results demonstrate that immune 

cells can have a similar morphological and cytoskeletal response to nanotopography as do other 

types of mammalian cells, and even cells of other taxonomic classes, phyla, or kingdoms. 

Neutrophils are a type of granulocyte, forming in the bone marrow after differentiation 

steps from hematopoietic stem cells.410 Hundreds of billions of neutrophils are produced on a 

daily basis in adult humans, and this number can be adjusted by other immune cells during and 

after infections through phagocytosis by macrophages and the modulation of cytokine levels by 

macrophages and T cells.410 Additional signaling pathways that influence neutrophil production 

are still being identified, but neutrophil occupancy in the bone marrow is another factor that 
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influences their production.411 Neutrophils also exert influence on other immune cells. To 

organize the immune response of dendritic cells, macrophages, B cells, and T cells, neutrophils 

release chemokines to recruit immune cells to the site of injury or infection and secrete other 

cytokines to instruct cells to activate, differentiate, or proliferate.412 In some circumstances, cell–

cell contacts are also employed to deliver signals412 In addition to their coordination with other 

immune cells, neutrophils also eliminate pathogens through phagocytosis and the release of 

reactive oxygen species (ROS), cytotoxic groups of enzymes (granules), and neutrophil 

extracellular traps (NETs).411 The granules include anti-microbial peptides and enzymes that 

inhibit bacterial growth and break down the bacterial cell wall.411 In the event of injury, if the 

neutrophils do not encounter a pathogen shortly after activation (less than 1 h), their aim shifts to 

breaking down tissue through the release of proteases and the inactivation of anti-proteases with 

the ROS.412 Destruction of the ECM around the injury facilitates the capture of bacteria by 

neutrophils and other immune cells.412 Neutrophils emit signals at the outset of the threat, but 

they continue to communicate throughout the immune response, sending out instructions to slow 

all levels of neutrophil involvement and to coordinate repair of the tissue by macrophages and 

epithelial cells.412 The decision to undergo NETosis (release of self-antigens and anti-microbial 

peptides) or apoptosis (programmed cell death) depends upon the stimuli encountered by the 

neutrophils and likely determines whether the immune response will be pro-inflammatory (and 

auto-immune) or anti-inflammatory, respectively.411 

Neutrophils are migratory, traveling through the bloodstream to sites of infection or 

inflammation in tissues. The physical properties of the extracellular environments through which 

neutrophils travel vary greatly. Flow rate and shear stress will depend on the type of blood vessel 

and its dimensions and location. ECM characteristics will be distinct in different tissues. 
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Displaying versatility in their migratory mode, neutrophils have been found to alter their use of 

membrane adhesion molecules depending on the extracellular terrain, as well as the chemical 

signals that the cells receive, which are also dependent on the physical properties of each 

individual blood vessel.413 Modulation of neutrophil adhesion to the endothelial walls of the 

vasculature during migration, referred to as the multistep adhesion cascade, includes rolling, 

spreading, and crawling.411 Spreading facilitates engagement with more adhesion molecules on 

the neutrophil and endothelial cell.411 Neutrophils modify the availability of specific surface 

receptors to tune adhesion and they can release cytokines to induce changes in the availability of 

specific molecules or receptors on the surfaces of endothelial cells they traverse.413 Endothelial 

cells exert a similar influence on the neutrophils, presenting chemokines on their membrane to 

drive neutrophil arrival.413 Neutrophils also manipulate regions of their membrane in various 

ways to slow themselves and allow them to withstand the strong fluid forces in some blood 

vessels.411 Once near the target tissue, neutrophils can exit the vasculature through the vessel 

wall, undergoing transmigration between endothelial cell–cell junctions or, occasionally, through 

individual endothelial cells.411 These behaviors demonstrate the tendency of neutrophils to 

manipulate their shape and, likely, their cytoskeleton and the significance of nanotopography on 

neutrophil migration. The endothelial cells can alter their shape and extend protrusions on their 

membranes to expose more adhesion molecules to the migrating neutrophils.411 Because they 

travel through different tissues and vasculature across the entire body, neutrophils encounter a 

variety of complex topographical cues. Yet the fact that endothelial cells change their shape 

while neutrophils traverse them demonstrates that the topographical cues themselves can be 

dynamic and that the neutrophils must exhibit versatility in their migratory properties and adapt 

their motion on the fly to execute their functions. 
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Actin in HL60 cells (neutrophil cell line) on nanoridges exhibits a lot of the same 

characteristics as in the other cell types discussed above, including D. discoideum and MCF10A 

cells. Actin fluorescence appears as streaks, and the actin polymerization propagates along the 

ridges and resists perpendicular motion.245 Dynamic actin is also observed at the leading of the 

cell.245 The speed of actin waves in HL60 cells on nanoridges is similar to that observed in cells 

on flat surfaces.245 The actin fluorescence intensity in these cells oscillates on flat surfaces, with 

uniformly distributed motion in all directions based on kymograph data.245 OF analysis indicates 

that there is some degree of nonuniform, asymmetric actin motion even on flat surfaces.245 

Immune cells also have the capability to cause or exacerbate damage to the body. 

Autoimmune diseases often involve immune cells damaging otherwise healthy tissue, but many 

cancers also involve malignant behavior of immune cells. Tumor cells release signaling 

molecules that can modify the behavior of immune cells in and around the tumor 

microenvironment (TME). Under normal conditions, macrophages are responsible for the 

detection, capture, and breakdown of dead cells, debris, and foreign material or organisms. 

Macrophages also instruct other immune cells to perform their functions. Tumor-associated 

macrophages (TAMs), on the other hand, produce factors, cytokines, and other molecules that 

promote angiogenesis, ECM degradation, and tumor-cell behaviors or properties that lead to the 

progression of cancer.88  

Fibroblasts are responsible for producing ECM components and constructing connective 

tissue, and also repair injured tissue.414 To remodel the ECM, fibroblasts extend protrusions 

whose tips apply compressive force and whose sides pull on the ECM fibers.415 Another function 

of fibroblasts is the synthesis of molecules to activate other cells for growth and development 
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and immune response.414 Although not usually considered immune cells, fibroblasts play a 

critical role in initiating the immune response at wound sites. Fibroblasts interact with an array of 

immune cells throughout most tissues of the body, and the secretion of certain cytokines by 

tissue-specific subsets of fibroblasts selectively regulates the activation, maintenance, and/or 

suppression of an immune response by specific classes of immune cells in different parts of the 

body.416 Unfortunately, fibroblasts can also further the progression of cancer. Cancer cells recruit 

fibroblasts to the TME through the secretion of certain cytokines, including transforming growth 

factor-β (TGF-β), which also drives the conversion of fibroblasts to TAFs.417 As with normal 

fibroblasts, there are distinct classes of TAFs that can vary by anatomical location and/or in 

functional capabilities.418 Regular fibroblasts and TAFs generally share the same responsibilities, 

but with different agendas. Both are responsible for synthesizing or modifying the ECM and both 

communicate with immune cells. Tumor-associated fibroblasts synthesize most of the ECM 

within the TME. The upregulation and downregulation of specific ECM genes that are predictive 

of tumorigenesis and poor prognosis are associated with the presence of TAFs in the TME.419 

Normal and tumor-associated fibroblasts produce different amounts of an array of ECM 

components,420 which helps to explain the changes in the TAF-constructed ECM found in the 

TME. The properties of this maladaptive ECM inhibit drug treatment and immune response, 

restrict fluid flow in the interstitium and nearby vasculature, and promote tumor growth.418 

Signaling from cancer cells also communicates whether TAFs should deposit more ECM 

proteins or degrade and rearrange the existing ECM.417 TAFs release immunosuppressive 

cytokines that deter the activity of certain immune cells within the TME.418 Alternatively, some 

classes of TAFs can recruit distinct types of immune cells that also perform immunosuppressive 

functions.418 Furthermore, TAFs actually guide tumor cells toward neighboring tissue/stroma for 
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invasion. Chemical signals from TAFs promote cancer-cell migration, and direct cadherin 

contacts from TAFs to cancer cells exert a pulling force that extracts the tumor cells from the 

bulk.421 Secretion of TGF-β by TAFs drives an epithelial-to-mesenchymal transition in many 

types of cancer cells, which leads to pro-migratory and invasive behavior.422 TAF interaction 

with topography is particularly interesting, given that these cells produce and/or remodel the 

ECM with properties that promote invasion. Aligned ECM fibers guide cancer cell migration and 

invasion.421 

TAFs also respond to nanoridges, spreading in a polarized manner and preferentially 

elongating along the ridge direction.155 The structural support allowing this oriented spreading is 

provided by aligned stress fibers. In TAFs on nanoridges, most stress fibers are strongly oriented 

along the ridge direction and are also organized relative to other stress fibers.155 These results 

suggest that nanotopography drives the coordinated, aligned reorganization of the cytoskeleton, 

which is dramatically different from the behavior of TAF stress fibers on flat surfaces, which are 

oriented randomly and exhibit minimal organization with one another.155 Stress fibers are formed 

by the crosslinking and bundling of actin filaments, which are achieved by the incorporation of 

α-actinin and myosin II. Stress fibers exert mechanical tension on the cell. The nanoridges guide 

the aligned organization of stress fibers along the ridge direction.155 Therefore, cell spreading 

and elongation are restricted to occur parallel to the nanoridges. Stress fibers are generally 

anchored to the membrane, and linked to the ECM, by FAs at one or both ends, suggesting that 

FAs influence the localization and orientation of stress fibers. Fluorescent labeling of paxillin, an 

adaptor protein found in FAs, revealed that nanoridges induce the orientation of FAs along the 

ridge direction and the localization of FAs near the tops of the ridges.155 FAs that form on the 
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tops of ridges are generally longer than those in the grooves, the latter of which have lengths 

similar to those observed on flat substrates.155 

The effect of nanotopography on the dynamics of actin polymerization was discussed 

above. However, nanotopography can affect the dynamics of cellular components and 

cytoskeletal structures beyond individual actin filaments. The speed of motion and the frequency 

and duration of activity can vary among components, cells, and environmental conditions. By 

fluorescently labeling palladin, an actin-crosslinker protein that localizes to stress-fiber puncta 

and ends,57,58 Azatov et al. were able to quantify stress-fiber dynamics, and determined that 

stress fibers move faster and are more dynamic on nanotopography than on flat surfaces.155 The 

angles between the instantaneous velocities of tracks and the ridge axis were measured to 

determine how well stress-fiber motion conforms to the direction of the ridges, and the angles 

between the instantaneous velocities of tracks and prior displacements were used to quantify the 

persistence of stress-fiber motion in a given direction.155 Flat substrates did not induce a 

preferred direction of stress fiber motion.155 Gaussian fits to the distributions of angles for stress 

fibers in cells on nanoridges peaked at ~0°.155 The nanoridges drove stress-fiber motion along the 

ridge direction and this guidance increased with time.155 These results demonstrate that 

nanotopography guides the crosslinked actin in stress fibers in addition to the polymerization in 

individual actin filaments. Stress-fiber motion is also fastest when moving in the direction of the 

ridges,155 suggesting that nanotopography can influence the rate at which cytoskeletal dynamics 

occurs. 

Immune cells engage with nanotopographic cues in a variety of settings. Topography 

influences the characteristics of immune cell migration, whether cells encounter ECM fibers or 
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other components of damaged tissue or the cells they must traverse in the vasculature. 

Additionally, the shape and physical properties of immune cells during communication can 

influence the efficacy of information transfer and the immune response. The shape of many of 

the immune cells that were investigated exhibited contact guidance in response to nanoridges. 

Esotaxis was observed in all immune cell types, with actin filaments organizing and orienting in 

response to the topographic cues. Other components of the cytoskeleton, including microtubules 

and the bundled actin in stress fibers, also demonstrated a bias to the nanoridges. Aside from the 

cytoskeleton, immunoreceptors on the plasma membrane could organize and potentially cluster 

in response to topography. Even signaling molecules were affected by topographical cues. Most 

interestingly, the organization of the cytoskeleton and these other molecules were often 

interdependent and, in some cases, influenced cell shape and orientation on the nanoridges. 

These results illustrate the importance of esotaxis and topography-driven contact guidance in 

multiple aspects of immune response. 

6.9. Different Topographical Cues 

6.9.1. Sawteeth 

Nanoridges are perhaps the most common topographic cue used in studies to examine 

esotaxis and the role that guidance of actin and other cellular proteins serve in directed cell 

migration. In most cases, at least one dimension or physical property (e.g., curvature) of the 

ridges is intended to mimic those of ECM proteins. Nanoridges resemble the topography of the 

rearranged ECM that promotes cancer-cell invasion of neighboring tissue. Of course, the 

extracellular environment is almost always more complex than rows of aligned fibers, especially 

when these fibers are uniform in height and spacing. In fact, researchers have fabricated patterns 
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with a range of characteristic topographical features to gain further insight into the effects of 

physical cues on cellular and cytoskeletal behavior. 

Sawteeth, as the name suggests, are a type of topographic cue that resembles the teeth of 

a saw rising out from the substrate. This topographical pattern serves to emulate a prevalence of 

three-dimensional (3D) complexity found in the in vivo extracellular environment, such as the 

deposition of ECM fibers overlaid above other fibers. Design of this nanotopography is not 

easily achieved by most common lithographic techniques, which usually allow for limited 

control in the z dimension. 

The asymmetric shape of individual sawteeth drives a unique cell-motion response. 

Unlike the nanoridges, on which cells exhibit bidirectional migration along the ridge direction, 

asymmetric sawteeth promote a unidirectional bias of cell migration in D. discoideum and 

neutrophil-like cells (HL60),131 as well as in multiple cancer cell lines (and non-tumorigenic 

MCF10A cells).196 As was observed with cells on the ridges, the cell velocity and eccentricity of 

D. discoideum on sawteeth are predictors of how well cells follow the nanotopographic cues.131 

Cells that are more eccentric exhibit the strongest preference in direction of motion.131 In the 

panel of cancer cells, the various cell types also moved fastest in their preferred direction of 

motion along the sawteeth.196 Additionally, in these cancer-cell lines, cells with persistent motion 

(those with a large displacement from their original position, relative to total motion) generally 

exhibited a strong bias in migration, either up or down the sawteeth.196 

Although nanoridges guide cell motion and actin polymerization bidirectionally, it is well 

established that other forms of extracellular cues, such as chemoattractants, can direct cells to 

travel in one direction. Chemotaxis and durotaxis (migration stimulated by sensing changes in 
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stiffness) both require the existence of a gradient of the strength of the cue. To direct cell motion 

in one direction using topography, the cell would similarly need to sense a topographical 

gradient. Asymmetric sawteeth provide such a gradient locally, such that unidirectional guidance 

can be achieved over arbitrarily long distances. 

Fluorescent labeling of F-actin in D. discoideum cells on sawteeth substrates revealed 

that actin localizes to within 500 nm of the sides of the sawteeth ridges, appearing as streaks 

oriented along the row of sawteeth.131 Time-lapse actin movies clarified that these streaks are 

actually actin polymerization waves, with the wavefront probing its surroundings across a range 

of angles.131 Waves on opposite sides of a row of sawteeth can be coupled, depending on the 

width of this nanotopographic feature.131 Emphasizing the importance of esotaxis on directed cell 

migration on the sawteeth (microthigmotaxis), the flux of actin polymerization waves moves in 

the same direction as does the cell (actin guidance is actually stronger than the bias on cell 

motion).131 This behavior was also observed in multiple cancer-cell lines whose F-actin was 

fluorescently labeled.196 These findings of unidirectional guidance of both actin and cell motion 

are perhaps the strongest evidence of esotaxis – and, specifically, the directional bias of actin – 

driving nanotopography-induced directed cell motion. Rearrangements of the cytoskeleton and 

the motion of actin are necessary for the development of protrusions, which both sense the 

cellular environment and initiate the process of pushing the cell forward to migrate. Many of the 

cell types extend lamellipodia – which are formed by actin pushing out on the cell membrane at 

the leading edge – while moving on the sawteeth, strongly suggesting that actin guidance drives 

directed cell motion. Cells that utilize pseudopodia can also potentially sense changes in the 

height of nanotopographic cues at the leading edge. Of course, even without protrusions, actin 

can sense, and be guided by, the sawtooth nanotopography through the basal cell membrane. On 
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nanoridges, actin and cellular guidance are biased bidirectionally along the ridge direction. 

However, the direction of actin dynamics is not always the direction of cellular orientation.130 

Driving the motion of actin in one direction along the sawteeth likely restricts the formation of 

protrusions to that same side of the cell, thereby inducing the cell to move in that direction. 

Whether non-protrusive actin sensing of topography can guide the direction of cell motion, and, 

if so, by which mechanistic detail (retrograde actomyosin flow, rear actomyosin contractility, or 

other driving force), requires further investigation. 

A 3D phase-field model was created to investigate the factors responsible for 

unidirectional cell guidance on sawteeth substrates further.320 This model employed two fields to 

characterize the state of the cell: a scalar phase field that demarcates the boundary of the cell 

from its surroundings and a polarization vector field.320 The vector field determined the 

orientation and organization of actin filaments within the cell.320 The model set restrictions that 

ensured that the substrate and the cell did not share the same space and only examined actin 

dynamics at the membrane–substrate boundary.320 To determine which factors drive 

unidirectional cell guidance, the model incorporated adjustable parameters that modulated the 

actin-polymerization rate, the angle of actin polymerization with respect to the substrate, and the 

actomyosin contractility.320 Based on this model, it was determined that the asymmetric sawtooth 

nanotopography drives the spontaneous polarization of cells down or perpendicular to the 

sawteeth.320 Actin polymerization that is tangential to the nanotopography influences the 

spontaneous polarization on sawteeth.320 The stability of the cell state prevents this phenomenon 

from occurring on flat surfaces.320 
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If the cell was given an initial polarization up the sawteeth, the cell could either migrate 

persistently up the sawteeth, begin to move up the sawteeth and turn and reverse course down the 

sawteeth, or stop.320 The actin polymerization rate and the preferred angle of actin 

polymerization were adjusted to determine how these parameters influence which direction the 

cell traveled on the sawteeth with this initial upward polarization.320 Exceeding a threshold rate 

of actin polymerization permitted the cell to continue to move up the sawteeth.320 At lower actin 

polymerization rates, a cell that began to move up the sawteeth would be inclined to turn around 

and move in another direction.320 If the cell turned away from moving up the sawteeth, it did not 

always move down the sawteeth and instead sometimes moved at angles relative to the 

topographic cues.320 If an initial polarization was not forced upon the cell, it would always move 

down the sawteeth, indicating the preferred direction of motion for cells on this type of 

nanotopography.320 

A more simplistic toy model was produced that incorporated the main observations of the 

phase-field model.320 A motivation for creating the toy model was to improve the predictive 

capabilities of cell behavior under hypothetical topographic and cellular conditions.320 

Extrapolated positions from the results of the toy model could be confirmed in experiments and 

the phase-field model.320 

A specific focus of the toy model was to determine the stability of guided motion on the 

sawteeth.320 The equations of motion for cells in this model, on flat substrates or asymmetric 

nanotopography, were formulated as functions of a parameter related to the actin polymerization 

rate.320 On a flat surface, the equation produces three stable fixed points and two unstable fixed 

points expressing velocity as a function of the actin polymerization parameter.320 The equation 
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for the cell on the sawtooth substrate adds a function that depends on the cell position, the spatial 

frequency of the pattern, and a factor that modulates the influence of the sawtooth topographical 

cue to the equation of motion on a flat surface.320 This cell position function exerts a positive 

bias on the cell.320 For 1D motion, the equations for the toy model reproduce behaviors from the 

phase-field model that were dependent on values of the actin polymerization rate.320 Above a 

threshold rate of actin polymerization, the cell could move up or down the sawteeth.320 Below a 

different polymerization rate, the cell would not move.320 Between these values, the cell would 

only move down the sawteeth.320 Extending these toy model equations to two dimensions 

revealed that motion up the sawteeth is always unstable.320 The cell would eventually make a U-

turn and move down the sawteeth.320 The amount of time required for this directional change 

increases (and eventually diverges) with a larger actin polymerization rate and decreases with 

taller sawteeth.320 

Using only two parameters to describe properties of the sawteeth and another parameter 

relating to the actin polymerization rate, the toy model predicted the instability of motion up the 

sawteeth, a hysteretic boundary between motion up and down the sawteeth, and a threshold 

sawtooth height preventing upward motion.320 Together, the phase-field and toy models 

demonstrate the prognosticative potential of mathematical models to predict cell behavior in 

response to nanotopographic cues. 

6.9.2. Wavy Ridges 

Many ECM fibers in the body are not straight. The fibers often have some level of 

curvature that repeats periodically in a wavelike manner. The waviness of ECM fibers can be an 

indicator of tissue health.334 To characterize the differences in ECM fiber properties in healthy 
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and diseased tissue, second harmonic generation microscopy was used to image collagen in the 

mammary fat pads of lean (wild-type) and obese mice, as well as in the central and peripheral 

regions of mouse tumors.334 Most collagen fibers near the center of tumors were relatively 

straight, whereas the majority toward the periphery were wavy.334 A similar distinction was 

observed between the curvature of collagen fibers in the mammary fat pads of obese and lean 

(wild-type) mice. Fibrils in the mammary fat pads of obese mice were generally much shorter in 

amplitude and wavelength than those in mammary fat pads of lean mice.334 Measurements of the 

wave properties of ECM fibers in high- and low-grade ovarian tumors, as well as in the fat pads 

of obese and lean mice, demonstrated that fibrils with shorter wavelength and amplitude are 

characteristic of less healthy tissue and disease of greater severity.334 Fibers with larger 

wavelength and amplitude are found in healthier tissue, and indicate a better prognosis in the 

case of disease.334 

Wavy, fibril-like ridged substrates (600-nm high, 300-nm wide, and 3-μm spacing) 

fabricated using MAP promoted cell elongation and orientation along the wave axis in U2OS 

cells, as well as persistent migration in HEY-T30 cells.334 However, the properties of these 

substrates dictated how well cells could spread, orient, and migrate, which will be discussed in 

more detail in a subsequent section. 

The study on wavy ridges also examined how the cytoskeleton, and other biomolecules 

that influence cell shape and motion, respond to the curvature of the ridges to facilitate contact 

guidance. ABPs associated with branched actin in lamellipodia exhibited a strong preference for 

localization at the curved peaks of the fibril-like waveform topographies.334 Inhibition of Arp2/3 

prevented the barbed ends of actin filaments from collecting at the wave peaks, and caused a 
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decrease in U2OS cell elongation and HEY-T30 directional migration on the small-amplitude 

wavy ridges.334 Inhibition of formin-family actin nucleators prevented stress-fiber formation on 

the wave substrates, which also reduced cell elongation.334 These results demonstrated that the 

sensing and esotaxis of actin and ABPs at the wave peaks, where the curvature is maximal, was 

the most important factor for the cytoskeleton to influence cellular contact guidance.334 Myosin 

II is involved in the formation of stress fibers and its contractility regulates the organization of 

FAs and stress fibers.334 Minifilaments of myosin II localized periodically at stress fibers near 

the ventral surface of cells in wavy ridges, as well as at subcortical stress fibers.334 Localization 

of the lamellipodial actin-assembly machinery at the wave peaks was observed on all fibril-like 

ECM waveform ridges, and was more prevalent than at the leading edges of cells.334 Inhibition 

of PI3K prevented cells from spreading on the ridged substrates and orienting in the direction of 

the wave axis,334 demonstrating that this kinase is necessary for contact guidance. Fluorescent 

labeling of the PH domain of Akt revealed that a PIP3 gradient is not necessary for cell 

polarization on these nanotopographies.334 However, the GFP-PH-Akt showed that PIP3 

preferentially localizes at the curved peaks of the wavy substrates, as opposed to the straighter 

regions between peaks,334 indicating that curvature can drive PIP3 gradients within the cell. 

The localization of PIP3 at the wave peaks of ECM fibril-like substrates drove the 

assembly of actin (helped by similar localization of ABPs) and myosin filaments, as well as a 

branched actin network.334 Actomyosin retrograde flow directed perpendicular to the wave axis 

toward the node of the wave influenced the formation of FAs and stress fibers, which, in turn, 

determine cell polarization and elongation based on their organization in response to the 

topography.334 
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6.9.3. EMPs 

EMPs differ from the nanotopographic patterns that have been discussed so far in several 

important ways. First, EMPs are naturally occurring, and are physiologically relevant due to 

potential human encounters with these particles or with others that bear a strong resemblance to 

the EMPs studied. Another important characteristic of EMPs is that they present a 

nanotopographic cue that lacks uniform, periodic dimensions that extend well beyond the scale 

of the cells. The particles can span all or part of the surface area of the cell, but with a low 

enough density of EMPs on the surface, the cell can spread and not sense additional cues, which 

is a different situation for the cells than is the perceptually oceanic topography on the patterned 

substrates. Despite this difference, EMPs still evoke an esotactic response in epithelial cells and 

macrophages. Actin was found to localize near the particles, and the EMPs also triggered actin 

waves.378 Several types of EMPs were examined. Three tremolite samples were studied, two 

asbestiform and one nonasbestiform. Samples of a nonasbestiform riebeckite and a crocidolite—

considered the most dangerous type of asbestiform EMPs—were also tested.378 Each type of 

EMP increased the actin activity in macrophages and the actin fluorescence intensity in these 

cells was enhanced in the cell–particle contact region.378 These observations demonstrate that 

cells can sense local topography beyond those that feature homogeneous, periodic dimensions 

that extend well beyond the scale of the cell. 

6.10. Dimensions Matter 

The dimensions of nanotopographic cues determine the cellular response. Ridges spaced 

too closely together or too far apart have limited influence on cellular contact guidance or 

directed migration in D. discoideum cells.130 Similar results were observed in TAFs, for which 
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there are lower and upper thresholds to the nanoridge spacings between which cells are 

maximally oriented and elongated along the ridge direction.155 Although a range of ridge 

spacings drive cell elongation and orientation along the nanoridges, a spacing of 3 μm prompted 

the largest cell elongation with strongest alignment with the ridge axis.155 Narrower ridge 

spacings (1 and 1.8 μm) do not drive T cell spreading as strongly as wider spacings (3 and 5 μm) 

on both activating and non-stimulatory surfaces.321 The thickness or height of an individual ridge 

also contributes to the cell’s ability to sense and be guided by the substrate. 

The size of the cell is connected to the influence of nanotopographic dimensions. If the 

cell is much smaller than the width of a groove, the cell will not be compelled to interact with the 

ridges, and so it is as if it were not textured. On the other hand, if the gap between ridges is much 

smaller than the cell, it is similarly difficult for the surface to guide the cells. A given cell type 

will have its own range of optimal nanotopographic dimensions for contact guidance and 

directed migration. D. discoideum, for instance, responds best to nanoridges spaced 

approximately 1.5 μm apart130 (in this paper, spacing refers to periodicity, the distance between 

the same edge of adjacent ridges). Changes to other dimensions, such as ridge thickness or 

height, can similarly alter the capacity of a given cell type to respond to the substrate cues. The 

varied interactions based on dimensions are the result of processes involving intracellular 

molecules, networks, and pathways, and how these components help the cell to perceive the 

physical nature of the extracellular environment. We have previously modeled the cell-shape 

oscillations of D. discoideum as being resonant with the nanoridge grating, treating the system as 

an overdamped harmonic oscillator.130 In the model, when the ridge spacing decreased to 0, the 

force exerted on the cell membrane by the topography was not biased – as would be the case on a 

flat surface – because moments in which force was exerted on the cell would not be correlated 
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with one another.130 When the ridge spacing was adjusted to large values, the force on the cell 

was also not biased in a single direction, because the correlation of instances of force exertion 

was independent of angle.130 These calculations explain the cell-scale physical basis for the 

dependence of contact guidance on ridge spacing, in addition to our understanding that focuses 

on cytoskeletal and molecular organization. 

The cell-scale dependence on nanotopographic dimensions that influence shape and 

motion and their guidance is the result of how these external physical cues influence the 

organization of the cytoskeleton, as well as of other molecules and networks within the cell. 

Actin dynamics on both sides of a nanoridge (a few hundred nm in thickness) were observed to 

be correlated.130 Yet when a D. discoideum cell encounters a microridge (at least 1 μm thick) 

with bordering grooves that are on the scale of several hundred nm, actin polymerization does 

not always extend into the grooves on both sides of the microridge, and moves independently if 

not penetrating into both grooves.130 Actin dynamics can also depend on nanotopographic 

dimensions. Jurkat T-cells exhibit greater actin dynamics, based on the temporal variation in 

fluorescence intensity, on nanoridges with a 1.8-μm spacing than on ridges with a wider 

spacing.321 The larger spacings are also more permissive of actin dynamics oriented away from 

the ridge axis, demonstrated by the wider von Mises distributions of OF data obtained from cells 

on these substrates.321 Nanoridges with narrower spacings are better at guiding actin flow along 

the direction of the ridges.321 The region of enhanced actin concentration extends approximately 

1 μm away from the ridge in B cells, although the actin-fluorescence intensity is greatest at the 

ridge.156 BCRs often cluster in the area adjacent to dense actin regions. Accordingly, on 

nanoridge substrates, BCRs aggregate most intensely approximately 1 μm from the ridges.156 In 

addition to BCR clustering directly adjacent to the ridges, BCRs in B cells on 3-μm-spaced 
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nanoridges exhibit a preference to cluster 1 μm away from the ridges.156 However, on 5-μm-

spaced nanoridges, BCRs preferentially organize at distances of 1 and 2 μm from the ridges.156 

Smaller spacings restrict the distribution of BCRs and limit the distance from the 

nanotopographic features at which they can cluster. The wider distribution of BCRs upon 

encountering less dense topography could have ramifications for B-cell response that depends on 

the surface properties of antigen-presenting cells. The extent of oriented and ordered stress fibers 

in TAFs has a biphasic dependence on ridge spacing, with maximal alignment observed in cells 

on 3-μm-spaced nanoridges.155 This scale matches the dimensions that induce the largest cell 

elongation and the narrowest deviation in cell orientation with respect to the ridge axis.155 The 

guidance of stress-fiber dynamics also depends on the nanoridge spacing. Cells on substrates 

with small (1 μm) and large (10 μm) ridge spacings were most likely to exhibit stress fiber 

motion away from the ridge axis.155 The 3-μm spacing again exhibited the best guidance in 

TAFs, with the smallest standard deviation in the orientation angle of stress fiber dynamics with 

respect to the direction of the nanoridges.155 Furthermore, although stress fibers move faster 

along the ridge axis for all nanoridge spacings, 3-μm-spaced micro/nanoridge topographies drive 

faster stress fiber dynamics than do other dimensional configurations.155 The ridge spacing also 

influence the orientation, localization, and length of FAs in TAFs.155 On nanoridges with 

spacings between 1 and 2 μm, FAs were most strongly aligned with the direction of the ridges 

and are most likely to form on top of the ridges.155 The strong alignment of FAs formed on top of 

ridges is likely due to restrictions caused by the plasticity of the membrane, and possibly by 

steric requirements for the organization of FA proteins. On surfaces with larger ridge spacings, 

TAF FAs can still form on top of ridges, and are still nearly aligned with the ridge axis.155 

However, on these surfaces FAs can also form in the grooves, and are not as restricted in their 
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organization as they are on top of ridges, resulting in larger angles of orientation with respect to 

the ridges.155 For a given ridge spacing, FA length is also dependent on whether the FA formed 

on top of the ridge or in the groove near the ridge wall.155 Nanogrooves with microridges of 

similar thickness do not induce the dense organization of microtubules and focal adhesions in 

MCF10A cells that are observed for nanoridges.142 Microtubules in Jurkat T-cells were found to 

grow and move in stronger alignment with the nanoridges on substrates with narrower ridge 

spacings.321 Aligned motion of microtubules was also more strongly coordinated in cells on the 

topographies with smaller spacings, as the deviations from the average instantaneous angle of 

motion were smaller on these substrates (using data weighted by track length).321 The speed of 

microtubule dynamics might also be influenced by nanotopographic dimensions, with faster 

instantaneous speeds observed for EB3 tracks in T-cells on 1.8-μm-spaced nanoridges.321 The 

response of signaling molecules to nanotopography can also depend on its dimensionality. 

Nanoridges with a spacing of 1.8 μm induce greater accumulation of ZAP-70 in Jurkat T-cells 

than do nanoridges spaced farther apart (3 and 5 μm), based on the fluorescence intensity data.321 

The actin localization observed at the base of 1.8-μm-spaced ridges321 suggests that this line of 

T-cells can exhibit a high degree of cortical plasticity. Conforming to nanotopography with 

narrower spacing could result in regions of higher curvature that might induce greater clustering 

of signaling molecules. 

The importance of dimensions for influencing cell guidance has also been observed with 

other nanotopographic cues. The length and height of sawteeth features can elicit cell motion in 

opposite directions, and a change in size can also alter the likelihood of biased motion. Longer 

and taller sawteeth (8 μm long, 2.4 μm high) drive most D. discoideum and human neutrophil-

like (HL60) cells to move up the slope from tail to tip.131 Some fraction of D. discoideum cells 
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tend to move perpendicularly to the sawtooth axis.131 Because the rows of sawteeth are in 

registry, traveling along a column at the base of each sawtooth resembles migration in the groove 

between widely spaced ridges (here, the sawteeth peaks). Sawteeth with a length of 6 μm elicited 

a similar guidance preference as that of 8-μm-long sawteeth.131 On the other hand, D. discoideum 

cells tend to move down the sawtooth slope when the feature dimensions are shorter (2 μm long, 

1 μm high).131 However, the cell speed is related to directional bias on these shorter sawteeth, as 

faster cells are more likely to move in either direction.131 These distinct directions of cell motion 

reflect the change in behavior of actin on the sawteeth of different dimensions. Actin waves form 

at the bottom of longer sawteeth and travel upward, whereas waves develop near tips of short 

sawteeth and flow downward.131 Engineering the dimensions of nanotopographic features to be 

much larger than the scale of the cell can also alter the cellular response. On a row of sawteeth 

hundreds of microns wide, cells preferred to move perpendicular to the sawtooth axis in the 

“groove” formed where the peak of one tooth meets the tail of the next.131 Creating a space 

between the end of one sawtooth and the beginning of the next can also increase the likelihood of 

this perpendicular motion occurring. 

Adjustments of the sawtooth dimensions in the 3D phase-field model identified the 

corresponding expected cellular response, as well as the cell migration properties that modified 

the guidance outcome.320 Taller sawteeth usually drove cell motion downward.320 However, a 

phase diagram of the preferred guidance direction based on the model parameters of actin 

polymerization rate and sawtooth height showed that faster cell speeds, often linked to a greater 

rate of actin polymerization, increased the sawtooth height that the cell was able to climb.320 

Polar histograms of the average velocity distributions from experimental data of D. discoideum 

cells on sawteeth showed that faster cells are more unidirectionally guided on this 
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nanotopography than slower cells.131,320 The height of the sawteeth can be used as a means to 

control the direction of motion of the fastest cells and tune the velocity cutoff of the cells that can 

be guided.320 

The ramifications of changes in the wave properties of ECM fibers on cell behavior were 

studied on fibril-like substrates.334 One of the objectives was to identify how wavy 

nanotopography contributes to disease progression.334 ECM-fibril waveform nanotopographies 

with different wave amplitude and wavelength were produced to determine whether there exists 

a range of these wave properties over which cell response is strongly influenced.334 

Nanotopographies with small wave amplitude and short wavelengths drive greater elongation 

and orientation along the wave axis in U2OS cells (an osteosarcoma cell line), and greater 

migrational persistence in HEY-T30 cells (ovarian tumor cell line).334 Does one of these 

properties, amplitude and wavelength, exert a stronger influence on cell behavior? On ECM 

fibril-like waveform substrates with a wave amplitude of 15 μm, guided cell polarization and 

persistent migration increase with increasing ridge wavelength.334 However, cells are also biased 

when the nanotopography featured a short wavelength if the amplitude was also shorter.334 

Therefore, the wave amplitude of these fibril-like substrates is the greater determinant in driving 

contact guidance of the cells.334 The strongest bias was observed on ECM fibril-like waveforms 

with a wave amplitude below 7.5 μm, and guidance was inhibited at amplitudes above 15 μm.334 

Normalized average fluorescence intensity data for the ABPs and Akt showed greater 

accumulation of these proteins at the curved peaks of small-amplitude wavy ridge substrates as 

compared to large-amplitude waveforms, as well as increased coverage of the straighter regions 

between wave peaks.334 The fact that proteins associated with the lamellipodial machinery and 
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migration-dependent signaling pathways contact a greater percentage of the nanotopographic 

cues on the small-wave-amplitude ridges suggests why these nanotopographies elicit stronger 

contact guidance from cells.334 

The organization and orientation of FAs is strongly dependent on the waviness of the 

fibril-like ECM substrates. Like nanoridges, small-wave nanotopographies induce the formation 

of mature FAs, whereas on large-wave substrates, smaller nascent FAs are observed.334 On 

small-wave ECM fibril waveforms, FAs localize most strongly at the shoulders adjacent to the 

wave peaks.334 The FAs on these topographies are generally oriented nearly parallel (±30°) to the 

wave axis.334 In contrast to the FA behavior on the ridge substrates with smaller wave 

dimensions, the large-wave fibril-like ECMs direct FA formation near the wave peaks with an 

orientation that was more aligned to the perpendicular axis (greater than ±45° with respect to the 

wave axis).334 The wavy ridges regulate the location and orientation of FAs and localization of 

FAs to wave peaks on large-amplitude wavy ridges plays a role in the inability of the cells to 

polarize on these substrates. 

Since the functions of FAs and stress fibers are intertwined, it seemed likely that stress-

fiber organization would also depend on the wave properties of the fibril-like ridge substrates. 

Staining for F-actin and employing an image-analysis tool based on the concept of the nematic 

tensor and a tangent vector determined from intensity gradients,423 it was found that small-wave 

substrates drove stronger anisotropic organization of stress fibers.334 That is, stress fibers were 

more aligned in the same direction on the small-amplitude wavy ridges.334 On large-wave fibril-

like ECM substrates, there was a broader distribution of stress-fiber orientation angles and a 

larger average angle, with greater deviation from the wave axis.334 The wavy substrates with 
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large amplitudes also drove the stress fibers to bend around the wave peaks, which correlated 

with FA organization perpendicular to the wave axis and explains why the cell aspect ratio 

decreased on this topography.334 On the other hand, cells on small-wave fibril-like ECM 

substrates formed shorter cortical stress fibers due to the localization of FAs near the peak 

shoulders or the inability of stress fibers to maintain structural integrity during organization near 

the wave peak.334 However, actin bundles deeper in the cell and farther from the cortex and 

topography were able to organize along the wave axis.334 Together, these stress-fiber behaviors 

on the small-amplitude wavy ridges exert the mechanical forces necessary to drive greater cell 

elongation and alignment along the wave axis.334 Wave dimensions also influenced the 

organization of myosin proximal to stress fibers. Although myosin IIA localized periodically 

along stress fibers in cells on both large- and small-wave substrates, the large-wave substrates 

also induced the organization and alignment of myosin II near subcortical branched actin that 

connected stress fibers located at wave peaks and bases. 

Localization of PIP3, Arp2/3, and FAs at the wave peaks and the organization of myosin 

II “ribbons” around the branched-actin meshwork between the wave peak and base on large-

wave ECM substrates resembled the assembly of migration machinery in the mesenchymal 

phenotype.334 However, this arrangement of molecular components was oriented perpendicular 

to the wave axis and we referred to this misaligned assembly as “cryptic leading edges.”334 

Timelapse movies of cells on these large-wave substrates showed that GFP-labeled myosin IIA 

localized near the wave peaks and nearby regions of the cell and then flowed perpendicular to the 

wave axis toward the base of the wave, at which point subcortical stress fibers formed that 

spanned a half-wavelength.334 If the cell could spread enough to span an entire wavelength, 
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retrograde actomyosin flow at the wave trough would be oriented in the opposite direction of the 

flow at the wave peak, both directed toward the base, or node, of the wave.334 

PIP3 and Arp2/3 behaved similarly on small-wave ECM substrates, localizing at the 

wave peaks.334 Even though the FAs preferred to form near the peak shoulders, myosin II still 

localized near wave peaks, and retrograde flow was similarly oriented in the direction observed 

on the large-amplitude wavy ridges.334 The centripetal flow toward the base of the wave from the 

wave peak was similarly mirrored by flow in the opposite direction from the wave trough.334 

However, because of the small wave amplitude, the flow quickly led to the formation of longer 

subcortical stress fibers that spanned multiple wavelengths and their contractility strongly 

influenced cell elongation along these small-wave substrates.334 

The physiological significance of nanotopographic dimensions is perhaps most clearly 

demonstrated by the study of EMPs. Esotaxis was studied on EMPs with various shapes and 

thicknesses.378 The cytoskeletal response depends on particle thickness, with thinner particles 

eliciting stronger actin fluorescence proximal to the EMP.378 Asbestiform EMPs with thinner 

fibers elicit weak actin localization in the epithelial cells, whereas EMPs with thicker fibers do 

not induce an esotactic response in these cells.378 Although a crocidolite EMP sample featured 

particles with a measured fiber diameter as low as ~200 nm, a Jamestown tremolite EMP sample, 

with measured particle diameters as low as ~400 nm and as high as ~900 nm, actually evoked the 

strongest actin response (compared to regions of interest without EMPs) from macrophages.378 

Of all the EMPs studied, only proximity to Jamestown tremolite EMPs evoked a higher 

percentage of brighter actin fluorescence compared to other regions of the macrophage cells.378 

In other words, of all the EMP types that were used in experiments to identify the locations of 



 

 

242 

 

the brightest fluorescent actin pixels in macrophages, only the Jamestown tremolite particles 

spurred an increased probability of localization of the brightest actin fluorescence pixels at the 

EMPs compared to other regions of the cell.378 These results support the idea that the 

morphological and dimensional properties of particles that enter the body (through inhalation or 

some other means) can influence how the particles affect nearby cells, and are consequently 

processed.378 

The fact that cell motion varies on these different topographical cues demonstrates that 

contact guidance depends on feature dimensions. Accordingly, there is the potential to control 

and modulate cell migration through engineering of cellular environments.  

6.11. Esotactic Response Varies by Cell Type 

In the natural 3D extracellular environment, the organization of the ECM can create 

barriers and narrow openings that might limit certain cells’ passage based on the compressibility 

of the cell nucleus.14 Different cell types might have different expression levels of integrins (or 

lack them altogether), actin-binding proteins, or other molecules necessary for 

mechanotransduction. Cells might exhibit different membrane stiffness and cortical plasticity or 

require different mechanical force thresholds to activate signaling pathways. Realistically, of 

course, these variations can be observed within a single cell type or line, based on factors that 

cannot necessarily be controlled by the experimental conditions. However, there are 

characteristics that can generally be applied to distinguish among cell lines and predict behavior 

on a specific nanotopographic cue. 
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A corollary to the concept that feature dimensions determine whether cells and 

subcellular components can be guided is that not all cells sense and react to a specific 

nanotopographic cue in the same manner. MCF10A cells exhibit stronger guidance on 

nanoridges than do M4 cells (the metastatic mutant).196 The morphologies of these cell lines are 

different on flat surfaces, and nanotopography does not reduce the distinction.196 Furthermore, 

protrusions of the two cell types do not interact with physical cues in the same manner. 

Lamellipodia in MCF10A cells do not conform as sharply to nanotopography and often anchor to 

the tops of nanoridges, whereas lamellipodia in M4 fit into the grooves and cling to the walls of 

each ridge.196 MCF10A cells spread along the ridges and their lamellipodia are restricted to 

forming on either side of the elongated cell.196 On the other hand, M4 cells spread more in the 

direction perpendicular to the ridges, with lamellipodia that also span multiple ridges.196 The 

difference between the confinement of protrusions in these cells likely influences why MCF10A 

exhibit stronger contact guidance on nanoridges than do M4 cells.196 Although MCF10A and M4 

cells spread preferentially in a specific orientation with respect to the ridge direction, T cells are 

equally likely to spread parallel and perpendicular to anti-CD3-coated nanoridges.321 

Migratory and morphological differences on nanotopography between cell lines can often 

be explained by distinct esotactic responses. For instance, if actin is more restricted to the walls 

of nanoridges in macrophages than in epithelial cells, perhaps macrophages will have a stronger 

response to contact with elongate mineral particles (EMPs).378 MCF10A cells exhibit little or no 

actin response to EMPs.378 The EMP types to which these epithelial cells exhibit some level of 

esotactic response might contain valleys between fibrils that comprise the particle fibers, thereby 

allowing the cortex to reach into these voids and improve the sensing of these particles and 

strengthening the esotactic response.378 In contrast, THP-1 macrophages exhibit a strong 
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esotactic response to EMPs, with regions of concentrated F-actin localized near the fibers.378 The 

actin response in these macrophages is often dynamic in character when in contact with several 

different types of EMPs, fluctuating in intensity and position on the particles as time passes.378 

The macrophages are not as sensitive as epithelial cells to EMP dimensions, as all five types of 

particles studied elicited enhanced actin-fluorescence intensity.378 Differences have also been 

observed regarding the locations at which esotaxis occurs within a cell. In neutrophil-like HL60 

cells, actin is generally concentrated in the front of the cells on both flat and nanotopographic 

surfaces.245 As a result, actin streaks are generally only found near the cell front of HL60 cells on 

nanoridges, compared to the streaks observed throughout MCF10A cells on the same 

nanotopography.245 The actin dynamics also differ in these neutrophil and epithelial cell lines. 

Actin-based protrusions occur on the scale of seconds in HL60 cells and minutes in MCF10A 

cells.245 The location of actin dynamics also varies between epithelial cells and macrophages 

during interactions with EMPs. Actin fluorescence localized at different positions on an EMP 

and fluctuated in intensity throughout the contact area in macrophages, whereas actin 

fluorescence in response to an EMP did not fluctuate significantly in intensity or position along 

the EMP in epithelial cells and was mostly concentrated at the cell boundary.378 

Divergent cell behavior is perhaps more evident on nanosawteeth. Although D. 

discoideum and HL60 cells preferentially migrate in the same direction on sawteeth, even when 

that direction changed upon encountering surfaces with different sawtooth dimensions,131 the 

degree of bias was not uniform among cancer cell lines studied, and some of these cells were 

driven to migrate in the opposite direction along the sawteeth.196 The various cancer cell lines 

exhibited different morphologies, protrusions, and other migration characteristics, demonstrating 

that differences in these cell lines at the intracellular level determine the response to a specific 
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nanotopographic cue. The study using a phase-field model to investigate the cellular response to 

the sawteeth topography identified two major morphological phenotypes – the crescent and the 

wedge – that depend on the contractility of the cell.320 Cell types that are more contractile in 

nature, such as M4 cells, often exhibit the crescent shape when in contact with sawteeth, and 

cells with lower contractility, such as D. discoideum, often display the wedge shape.131,196,320 

Furthermore, although most cell types demonstrate stronger directional bias on sawteeth when 

migrating at high speeds, MCF10A cells move slowly in all directions.196 Despite exhibiting a 

preference to move up the sawteeth, this guidance is weak for MCF10A cells.196 Similarly, M4 

cells are the exception with respect to persistent motion leading to a strong directional bias on 

sawteeth. Even when M4 cells migrate persistently they do not demonstrate a directional 

preference on the sawteeth.196 

When the morphologies of two of the cancer-cell lines, MDA-MB-231 (a carcinoma cell 

line derived from pleural effusion) and M4 (MCF10CA1; metastatic mutant of the MCF10A, 

benign human epithelial, cell line) cells, were studied on nanosawteeth substrates using scanning 

electron microscopy (SEM), distinct positioning of protrusions and the cell body were observed, 

as well as different interactions with individual sawteeth. MDA-MB-231 cells generally remain 

attached near the tops of sawteeth.196 The cell body “floats” on the sawteeth, not pushing down 

into the valleys between rows of sawteeth. The lamellipodium (often only a single protrusion in 

MDA-MB-231 cells on the sawteeth) spreads across, or bridges, multiple sawteeth in 

neighboring rows (within the same column; i.e., perpendicular to the length of the sawteeth), and 

there is limited conformation of the protrusions or the rest of the cell body into the grooves, 

except to support the cell situated atop the sawteeth.196 M4 cells can bend regions of the cell 

body, especially in its protrusions, into the valleys between sawteeth rows.196 These cells often 
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form multiple protrusions that can envelop individual sawteeth and can reach down into the 

grooves between rows of sawteeth.196 As with the alignment and directed migration of cells on 

nanoridges, there should be esotactic explanations for these distinct responses of cancer-cell lines 

to sawteeth. 

The direction of esotaxis corresponds to that of microthigmotactic guidance for all of the 

cell types in which both of these phenomena have been studied. However, the direction of actin 

waves on the sawteeth differs between the cancer-cell lines MDA-MB-231 and M4.196 In both D. 

discoideum and MDA-MB-231 cells, actin nucleates at the tail of a sawtooth, flows up the slope 

along both sides toward the sawtooth head, and then proceeds to the tail of the next sawtooth in 

the row.196 On the other hand, in M4 cells, actin nucleates at sawtooth heads and flows down 

toward the tails before proceeding to the head of the neighboring sawtooth within the row.196 To 

some extent, actin in both cell types remains at the nucleation site as the wave flows along the 

rest of the sawtooth, despite the fact that the starting position and direction of propagation are 

opposite in the two cases.196 However, in M4 cells the actin intensity is always strongest at the 

nucleation site (sawtooth head) even though actin flow traverses the rest of the nanotopographic 

cue; so far this observation is unique to this cell type.196 In addition to the differences in 

dynamics, imaging of the localization of actin in the z dimension illustrated that actin in MDA-

MB-231 cells does not interact with the sawteeth near the surface of the substrate, whereas the 

actin in M4 cells surrounds sawteeth down toward the grooves.196 The distinct appearance of the 

membrane and actin structures in these cancer cells is believed to result from differences in the 

stiffness or plasticity of their cortical actin, which can either permit or restrict the cell from 

reaching down to the base of the sawteeth. D. discoideum cells labeled with cAR1-YFP to 

visualize the membrane also exhibit contact with the entire sawtooth.131 This observation 
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suggests that D. discoideum has high enough cortical plasticity and low enough membrane 

stiffness to be able to conform to individual sawteeth of specific height, length, and width, and to 

organize its cytoskeleton and be guided by the nanotopography to move in a certain direction. 

Different cell types can also demonstrate the same bias of actin waves on nanotopography with 

one set of dimensions, and then exhibit distinct behavior when those dimensions are changed. 

Esotaxis is preferentially directed up the slope of 8-μm sawteeth in both D. discoideum and 

HL60 cells.131 When the sawteeth are shrunk to 2 μm in length, actin in D. discoideum has a 

downward bias whereas there is bidirectional guidance in HL60 cells.131 

Differences in the characteristics of guidance of actin dynamics among cell types can still 

lead to the same migratory bias. For instance, actin waves exist throughout the region of contact 

with nanotopography in D. discoideum cells, whereas actin dynamics is restricted to the 

lamellipodium in HL60 cells on these substrates.131 In HL60 cells, the actin-wave speed is 

directionally dependent with respect to 8-μm sawteeth, which is not the case for D. discoideum 

cells,131 yet both cell types are biased up the sawteeth. 

On nanosawteeth, the esotactic response of microtubules in cancer-cell lines is not 

uniform. In MDA-MB-231 cells, the microtubules align and wrap around individual sawteeth, 

whereas in M4 cells there is no such biased organization.196 

Focal adhesions also have distinct organization in different cell types when migrating on 

sawteeth.196 For the most part, confocal images of paxillin in MDA-MB-231 cells showed 

localization and the strongest intensity atop the sawteeth, near the tips, with limited FA 

formation at the bases of the sawteeth near the tails or in the grooves between sawteeth.196 This 

observation matches with the restriction of the cell body to the tops of the sawteeth, and the 
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confinement of the FAs can explain the strong alignment of the cells and guidance along the 

sawteeth.196 MDA-MB-231 cells likely do not engage much with the bottom of the substrate, due 

to their inability to conform to the shape of individual sawteeth as a result of a stiff actin cortex. 

On the other hand, FAs form around the entire sawtooth in M4 cells, demonstrating the ability of 

these cells to conform to the features of the topography and reach the gaps and valleys and 

envelop the sawteeth.196 The cortical plasticity of these cells allows them to interact differently 

with the nanotopography than do MDA-MB-231 cells. As a result, there is a distinct directional 

bias for each cell line. 

The 3D phase-field model described earlier was used to reproduce the distinct behavior 

of different cell types on the sawteeth substrates. The cell contractility and actin polymerization 

rate were tuned to adjust cell shape and guidance direction.320 The cell contractility parameter 

modulated the cell shape.320 Lower levels of cell contractility led to a less polarized, oval shape 

elongated parallel to the direction of motion.320 Higher contractility values caused cells to spread 

perpendicular to the dimension of motion along the sawteeth,320 a trait that was observed in M4 

cells196 and could be expected in many types of cancer cells, due to their general tendency to be 

highly contractile.320 However, some cell types, such as D.discoideum, clearly demonstrated the 

ability to elongate and migrate both parallel and perpendicular to the sawteeth and, in fact, at all 

intermediate angles.131,320 By adjusting the initial polarization of the cell, the model could also 

reproduce cell spreading and migration in all directions.320 With initial polarization up the 

sawteeth, a high degree of contractility, and fast rate of actin polymerization, cells migrated 

persistently up the sawteeth.320 Across the range of contractility levels studied, the cells 

experienced an initial peak and rapid drop in velocity—caused by the initial polarization up the 
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sawteeth and shape changes that occurred—and then velocity recovery, to some extent, and 

subsequent long-term behavior that depended on the cell contractility.320 

The study of cancer-cell response to wavy ECM fibril-like substrates suggested that 

intrinsic actomyosin contractility regulated the ability of cancer cells to elongate and migrate on 

ECM fibers with wavelike properties.334 Quantification of the amount of phosphorylation of 

myosin II regulatory light chain, as an approximation of actomyosin activity, using Western blot 

analysis enabled the ranking of several cancer cell lines based on estimated contractility.334 

Comparison of these rankings to cell elongation and migration persistence data for the cells on 

wavy ECM substrates supported the hypothesis. Cell lines with lower actomyosin activity, and 

thus contractility, levels exhibited reduced elongation and migration persistence on the fibril-like 

ECM substrates.334 More contractile cell lines can migrate on substrates with higher wave 

amplitude than cells with lower characteristic contractility.334 Perturbations of myosin activity 

confirmed the importance of contractility on cell response to topographic cues. Blebbistatin 

inhibition of myosin reduced the wave amplitude at which U2OS cells could still elongate and 

MDA-MB-231 cells could still migrate persistently on the fibril-like ECM substrates.334 On the 

other hand, overexpression of myosin IIA enabled HEY-T30 cells to migrate persistently on 

wavy substrates of greater amplitude than possible under normal conditions.334 Results from this 

study further support the idea that response to topography is cell-type-specific. The arrangement 

and properties of ECM fibers can vary based on organismal health and anatomical location.334 

The ability of cells to traverse a particular region of ECM—to undergo persistent directed 

migration in response to the topographic cues (microthigmotaxis)—depends on specific 

properties of the cell, especially the contractile properties of the cytoskeleton, that are generally 

characteristic of a cell line or type.334 However, the perturbation studies demonstrated that the 
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cellular properties can be modulated, often through changes in expression levels, based on 

environmental factors that include intercellular signaling. 

6.12. Modulation of Other Cues with Nanotopography 

6.12.1. Surface Chemistry 

Cells can also respond to the surface chemistry of their environment. Focal adhesions 

have been discussed earlier, but even cells that lack integrin receptors possess other 

transmembrane proteins that can experience attractive interactions with a surface that are 

dependent on chemical composition, functional groups, surface charge, and other factors. 

Because the surface chemistry of the ECM or an in vitro substrate can influence the organization 

of membrane proteins, which can influence signaling pathways and cytoskeletal organization, 

changes in surface chemistry have the potential to modulate the cellular and cytoskeletal 

response to nanotopography. 

The T-cells discussed above exhibited microthigmotactic and esotactic responses on 

nanotopographic substrates that were coated with anti-CD3, an antibody known to stimulate T-

cell activity.321 Although the results of the study clearly showed that nanotopography elicits a 

distinct cellular response compared to flat surfaces, it is also clear that multiple types of cues can 

be tuned to modulate cellular behavior. Changing the surface coating to PLL reduced the cell-

spread area on substrates for all spacings.321 This non-stimulatory coating reverses the 

dimensional preferences of T-cell spreading. The cell area is larger on the ridges with wider 

spacings than on the smaller gratings and flat surfaces.321 Additionally, more disorganized, less 

aligned actin dynamics was observed on PLL-coated nanotopographic surfaces, suggesting that 
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T-cell activation through CD3 is necessary for the esotactic reorganization of the actin 

cytoskeleton321 (although other proteins or receptors might influence similar responses). Antigen 

recognition by lymphocytes is an organized and dynamic process and the formation of the 

immunological synapse requires a stable, flat interface between the T cell and the target cell.424 

After using its leading edge to make contact with the APC, the T cell polarizes toward the 

APC,424 and the two cells form a contact zone that undergoes slow, gradual changes through 

cytoskeletal dynamics.425 T-cell polarization toward the APC involves repositioning of the 

centrosome (MTOC) underneath the immunological synapse,424 which is accompanied by vesicle 

transport and the initiation of signaling pathways.424-426 These slight motions continuously 

reposition the regions of contact between the cells to engage receptors.425 The junction forms 

when MHCs start to bind to peptides and complexes are then transported to form centralized 

clusters.427 The organization of the immunological synapse includes a gap between the MHC-

antigen cluster and a region of engagement among adhesion molecules from the two cells and 

another region comprised of CDs, such that the overall configuration takes the form of a 

bullseye.426 Repositioning of the centrosome near the immunological synapse was observed 

frequently on anti-CD3-coated nanoridge substrates, but less often in cells attached to PLL-

coated nanotopographic surfaces.321 

Similarly, the summary of results for B-cells and the response of BCRs and actin to 

nanotopography were for substrates coated with an antibody capable of being bound by the 

BCRs that simulated an antigen being presented to the B cells.156 The activation of the B cells, 

clustering of the BCRs, and localization of and dynamics of the fluorescently-labeled actin on 

the nanoridges occurred in the presence of this antigen-like coating.156 To test whether 

nanotopography could initiate a similar response through esotactic guidance of the cytoskeleton 
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without engagement of BCRs, substrates coated with transferrin were tested.156 Transferrin is a 

glycoprotein involved in iron uptake and supports iron metabolism in cells.428 When the 

substrates were instead coated with transferrin, the cellular and cytoskeletal responses to 

nanotopography changed.156 The cells spread on the nanoridges, but the lack of antigen 

prevented the activation of the BCRs.156 Without stimulation of the BCRs and activation of the B 

cells, actin did not localize to the ridges, and the oscillations in actin fluorescence intensity were 

absent.156 The ridges alone did not promote or enhance actin localization and dynamics in these 

cells.156 

A 2D substrate patterned with adhesive cues via stamping of ECM proteins did not drive 

polarization and directed migration of U2OS cells.334 This result demonstrates the importance of 

nanotopography in contact guidance. However, surface chemistry did influence how cells 

responded to wavy ECM substrates. Although U2OS cells elongate on small-amplitude, fibril-

like waveforms or straight nanoridges coated with either collagen or fibronectin, elongation does 

not occur when the substrates are coated with concanavalin A, which does not engage 

integrins.334 This result is another example that demonstrates how contact guidance can be 

modulated by tuning surface chemistry. 

These previous examples emphasize the importance of surface chemistry on the ability of 

nanotopography to influence activation, polarization, and migration. Similar results were 

observed for MCF10A cells on nanoridges upon which the coating density of collagen IV was 

modulated. Cells on uncoated nanoridges remain round and cells on these substrates are less 

likely to migrate than cells on ridges coated with collagen IV. The coating density of collagen IV 

on the nanotopographies does not noticeably influence cell elongation or migration. Despite the 
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fact that uncoated nanoridges are less likely to drive epithelial cell elongation and migration, 

cells on these surfaces exhibit similar guidance by the ridges. Even without strong integrin 

engagement, cells can sense and orient along the nanoridges. Optical flow analysis of actin 

dynamics showed that the flow of actin is similarly oriented along the ridges, regardless of the 

presence or density of collagen IV coating. Shortly after cells are plated on the uncoated ridge 

substrates, actin is already strongly bidirectionally guided along the ridge axis, with 

accompanying periodic sweeps across different angles to probe the region away from the 

nanotopography. This sweeping motion dissipates over time and the kymographs of the 

orientation of actin dynamics for cells on collagen-IV-coated and uncoated nanoridges become 

less distinguishable. The fidelity of actin motion along the ridge axis is not characteristic of a 

specific migratory phenotype. Cells that exhibit persistent, turning, and random migratory 

phenotypes all display similar aligned actin dynamics. 

6.12.2. Electric Fields/Electrotaxis 

Electric fields are also capable of driving directed cell migration, in a process referred to 

as electrotaxis or galvanotaxis. This phenomenon has biological relevance in wound healing, for 

example, in which the electric field directs cells toward the wound site and influences the 

direction in which cells close and repair the wound. 

In an in vitro study of HL60 cells, a 10 V/cm EF (a physiologically relevant magnitude) 

was delivered across an acrylic (flat) substrate through agar/salt bridges.319 Cells were observed 

before and after the field direction was switched to monitor the cellular and cytoskeletal 

response.319 The initial exposure to the EF activated the HL60 cells and caused them to 

polarize.319 Cell motion was oriented toward the cathode, and fluorescently labeled actin was 
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most concentrated at the cell front toward the outer edge of the protrusion.319 The actin 

responded to the switched direction of the EF and smoothly turned 180°, along with the leading 

edge of the cell, toward the new cathode.319 Although the actin turned smoothly, OF analysis of 

the dynamic actin exhibit the nonuniform orientation of OF vectors biased toward the direction 

of the cathode both before and after the EF switch.319 The cumulative flow-direction distribution 

of OF vectors before and after the switching of the EF appeared to be nearly isotropic.319 This 

phenomenon was likely due to the variability of cell polarity prior to the application of the EF 

and of the actin response time across experiments.319 However, coarse-graining of the OF vectors 

to visualize the dynamics of larger scale actin structures revealed a bias towards the cathode 

before and after the EF reversal in the cumulative distribution of OF orientation.319 Centroid 

tracking of these coarse-grained structures further emphasized the bias, especially after switching 

the direction of the EF. 

A similar experiment was conducted in which HL60 cells were plated on nanoridges with 

the EF aligned parallel to the ridge axis.319 In this case, the actin was more patchy and 

discontinuous, which seems to have caused the cell to have multiple protrusions that were not 

uniformly positioned at the leading edge.319 Upon switching of the direction of the EF, the cell 

was still able to turn and migrate toward the new cathode, but the process was less organized and 

smooth on both the cellular and cytoskeletal levels.319 Most actin fluorescence intensity 

disappeared from the new cell rear once several minutes elapsed after the EF switch and the cell 

changed directions.319 The nanotopography disrupted the actin wave that would have formed at 

the cell front if the cell had been subjected to an EF on a flat surface. The nanoridges broke that 

potential wave into smaller, uncoordinated wave patches.319 The wave speeds were comparable 

in both scenarios, indicating that the nanoridges do not impede actin motion.319 Actin dynamics 
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was strongly restricted to move parallel or nearly parallel to the ridge axis, both before and after 

the switch of EF direction (especially beyond 5 min),319 which possibly explains the disruption 

of a single, organized wave at the leading edge, and the lack of a smooth turn of the actin and the 

cell after the EF switch. Coarse-graining of OF vectors resulted in a cumulative flow-direction 

distribution that was more strongly biased in the cathodal direction, both before and after EF 

reversal, than the bidirectional character of the non-coarse-grained distribution, but the centroid 

tracking of these coarse-grained actin structures did not strongly support a unidirectional 

preference.319 The nanoridges strengthened the guidance of actin dynamics along the axis 

defined by the electric field vector when the two stimuli were aligned parallel to each other.319 

Orienting the electric field and the nanoridges in perpendicular directions enabled the 

investigation of the degree of influence each cue can exert on cellular and cytoskeletal behavior. 

Additionally, competition between these guiding forces can reveal unique responses from cells 

that can be elicited through the creative modulation of cues, either individually or 

combinatorially. The perpendicular arrangement of the EF and the nanoridges resulted in actin 

dynamics that suggested that nanotopography exerts a stronger influence on the direction of 

cytoskeletal motion.319 OF vectors were strongly restricted to the ridge axis in cells, even though 

the EF was oriented in the perpendicular direction.319 A representative cell exhibited an 

exaggerated leading edge oriented in the direction of the cathode (and seemingly reestablished at 

the opposite end of the cell with the switched EF) but which spread along the perpendicular 

ridges; i.e., the cell was spread wider from side to side than from front to rear.319 This example 

suggests that an EF can drive the orientation of the cell leading edge while the nanoridges 

simultaneously bias cell spreading. However, the cumulative flow-direction distribution of the 

coarse-grained OF data and of the tracked centroids of cells (based on cell boundary and shape 
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detection and center-of-mass determination from the actin fluorescence intensity) showed a 

broadening of the distribution along the axis perpendicular to the ridges (i.e., the EF axis), which 

suggests that the EF exerts some influence on the direction of actin dynamics that would 

otherwise be more strongly directed along the nanoridges in its absence.319 Indeed, although 

actin-polymerization waves moved preferentially along the nanoridges, the nucleation of new 

waves was biased to occur on the side of the cell closest to the cathode, allowing the cell to 

migrate in that direction. This phenomenon is more noticeable after the EF reversal.319 The 

representative cell on the perpendicular EF–ridge setup exhibited limited actin fluorescence 

intensity on the edge of the cell facing the anode, except for a short window of time after the EF 

switch. Similar isolation of the actin concentration was observed in a representative cell on a flat 

substrate.319 The fluorescence disparity between the leading and trailing edges, although present, 

was not as stark in the representative cell on the parallel EF–ridge configuration.319 These results 

suggest that the reversal of the EF directs the nucleation of actin polymerization away from 

previously actin-rich regions, and that the new cathodal direction and the nanoridges determine 

the characteristics of cell shape and actin organization and dynamics at the leading edge.319 

In general, when HL60 cells experience electrotactic guidance, actin polymerization 

occurs on the side of the cell situated near the cathode, and cell polarization and migration are 

usually oriented in this direction as well. Actin guidance by the EF is stronger after field reversal, 

and always responds to the new cathode upon the EF switch.319 That is, cytoskeletal organization 

and dynamics are sensitive to an EF and changes in its orientation.319 Additionally, the guidance 

of actin polymerization by EFs is not immediate. The response to the EF often takes at least 

several minutes, and the required time and the strength of the response varies from cell to cell.319 

Once the cytoskeleton responds to the EF, the guidance still occurs gradually, and the quantified 
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bias is greater if the measurement is taken over a larger window of time.319 Nanoridges disrupt 

the actin polymerization at the leading edge of the cell that would otherwise coordinate its 

motion under EF guidance resulting in small, 1D patches of actin whose motion is restricted to 

propagating along the ridges.319 Nanotopography exerts a stronger influence on the orientation of 

polymerized actin dynamics than do EFs, but the EF still biases guided nucleation of some 

proportion of actin even during competition with nanotopographic cues. 

6.13. Summary and Outlook 

The study of esotaxis gives us perspective about the extent to which every detail and 

property of the extracellular environment influences cell behavior. Even expression of adhesion 

proteins can be altered as a result of contact with nanotopographic cues, in addition to the effect 

of surface chemistry and stiffness.381 Nanotopography breaks the symmetry that a cell would 

otherwise experience on a flat surface of uniform composition.245 This symmetry breaking serves 

as a location where cellular processes can initiate, such as the nucleation of F-actin or the 

clustering of membrane proteins, and then expand, such as actin streaks moving along a fiber.245 

This localization of a molecular response can then lead to cell-scale changes, such as motion 

along the topographical cue. 

Visualization of esotaxis through the labeling and imaging of actin and other molecules 

involved in cell motion, as well as analytical tools that illustrate the dynamics of these 

molecules, allows us to understand the migratory behavior of cells in response to 

nanotopography. Additionally, imaging methods, including SEM and other high-resolution 

techniques, that provide perspective of the morphological properties of cells on these substrates 

clarify the extent to which actin and other intracellular molecules can engage with specific 
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features of a nanotopographic cue. Fabrication of patterned nanotopographies with unique 

features and the subsequent cellular studies have the potential to reveal the morphological and 

migratory responses of cells to the features, the underlying influence on the cytoskeleton and 

other molecules, and yet undiscovered relationships among signaling molecules, actin, ABPs, 

and transmembrane proteins. 

Microscale and nanoscale topographies have dimensions that are smaller than the size of 

the cell, yet they can guide cell motion over arbitrarily long distances (microthigmotaxis). The 

ability to sense and be guided by nanotopography has been observed in cells of many eukaryotic 

organisms. The actin cytoskeleton can sense nanotopographic features and dimensions and 

specifically organize in response to those properties. Additionally, actin polymerization exhibits 

wavelike dynamics that are influenced by nanotopographic cues. The guidance of the 

organization and dynamics of the cytoskeleton is defined as esotaxis. In addition to actin, other 

components of the cytoskeleton, as well as ABPs, transmembrane proteins, adaptor molecules, 

and signaling molecules, can be guided by nanotopography. Esotaxis is ubiquitous across cell 

types and many eukaryotic organisms. Despite traveling across many regions of the body and 

encountering many different extracellular environments, immune cells exhibit esotactic guidance 

of the cytoskeleton and transmembrane receptors to efficiently traverse the complex terrain and 

sense signals from other cells to perform their immunological functions. Most frequently studied 

on nanoridges, actin generally polymerizes adjacent to the ridges and the actin structures and 

polymerization waves are oriented along the ridge axis. 

The dimensions of nanoridges determine the extent of guidance. Spaced too close 

together or too far apart, actin will not organize as efficiently and directed cell motion will 
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decrease. Topographic dimensions are also important for other patterned substrates. Asymmetric 

nanosawtooth topographies bias cell motion in one direction. Changing the sawtooth height (and 

length) can reverse the preferred direction of motion by influencing the location of actin wave 

nucleation and the direction of propagation. Cellular response to wavy fibril-like ridges also 

depends on the wave properties of the topography. Smaller wave amplitude and larger 

wavelength, which increase the similarity of the pattern to nanoridges, drive cell elongation and 

migration persistence on the fibril-like ECM substrates. Localization of PIP3, ABPs, FAs, and 

myosin II near wave peaks leads to the formation of leading-edge assemblies at the wave peaks. 

Wave dimensions determine whether retrograde flow from the cryptic leading edges or stress 

fiber contractility along the wave axis dominates the actomyosin flow direction and whether cells 

are well guided by the wave ridges. 

Different cell lines or types can respond to the same nanotopographic substrate in 

different ways. Guidance might be improved with a slightly larger or smaller spacing. Migration 

on asymmetric nanosawteeth might be biased in the opposite direction compared to another cell. 

The differences in migration guidance and esotaxis often result from intrinsic characteristics of 

the different cell lines, such as membrane deformability, cortical plasticity, and actomyosin 

contractility. For instance, cells that cannot penetrate into grooves as well as others might not be 

able to form FAs at the base of asymmetric nanotopographic features or might not envelop these 

features with cytoskeletal components. As a result, for two different cells on the same substrate, 

one might be sensing an entirely different nanotopographic environment. Additionally, baseline 

differences in the expression of FA proteins or signaling molecules for two different cell types 

could also lead to disparities in guidance efficiency. Even within a given cell type, cells exhibit a 
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distribution of responses to nanotopography, resulting from slight changes in protein and gene 

expression. 

Esotaxis is a local phenomenon that can influence global changes in the cell. A cell 

partially situated on a flat substrate and a ridged pattern will exhibit actin organization 

characteristic of contact with that type of topography in each respective region of the cell. The 

organization of actin responds to the local environment. The dynamics of actin on the basal 

surface of the cell in contact with nanoridges will not form the same structures as actin closer to 

the dorsal surface. The local properties of the dynamics and organization of the cytoskeleton or 

other molecules can influence global changes in the cell. Guidance or localization of cytoskeletal 

proteins, signaling molecules, or transmembrane proteins can initiate signaling pathways, 

molecular gradients, and modulation of protein expression. These changes can influence the cell 

to undergo directed migration or perform other cell functions, such as proliferation or 

differentiation. 

Actin serves as a sensor of nanotopography. Transmembrane proteins are often credited 

with the ability to sense the extracellular environment. Integrins and the adhesion complexes 

they form are frequently highlighted when describing the process of sensing nanotopography. 

Modulating the availability of collagen IV ligands for integrin binding, we found that FA 

formation is vital for epithelial cell elongation and migration along nanoridges. However, under 

conditions with limited availability of ECM ligands, cell orientation and migration are still 

strongly aligned with the nanoridges. Analysis of actin dynamics on the ridges showed that 

despite periodic sweeps or probes of actin motion away from the ridge axis, actin flow along the 

nanoridges is dominant. OF analysis showed that actin dynamics and orientation is not predictive 
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of migratory behavior. Despite the ability of actin to sense topographic and other physical cues 

without strong engagement of integrins, surface chemistry can be used to modulate cellular 

behavior on nanotopography. 

Incorporating EFs into esotaxis studies further reveals the strength of the influence of 

nanotopography on cellular and cytoskeletal guidance in a multi-cue environment. An EF guides 

cell motion toward the cathode on flat surfaces, and actin is concentrated near the leading edge 

of the cell. Coarse-graining of the OF data showed that the dynamics of actin structures are 

oriented toward the cathode. When the field is reversed, the actin turns 180° toward the new 

cathode with a new leading edge, and large-scale actin dynamics are oriented in this direction. 

Combining nanoridges and an EF, sharing the same orientation, strengthens the guidance of actin 

along the axis of the EF, compared to EF guidance in the absence of the topography. However, 

the ridges break up actin waves into patches, leading to the formation of multiple protrusions. 

Reversal of the EF causes the cell to switch directions, but the turning of actin in the opposite 

direction is not as smooth because the ridges strongly restrict esotaxis away from the ridge axis. 

Changing the orientation of the EF to be perpendicular to the nanoridges showed that the 

nanoridges exert a stronger influence on actin guidance than the EF. The perpendicular 

configuration creates a similar front–rear disparity in actin concentration as is observed in cells 

on flat surfaces. The nanotopography is the dominant influence on actin dynamics, but the EF 

also exerts some sway over the direction of actin flow. Actin polymerization is biased toward the 

cathode which influences the direction of cell polarization and migration. Guidance of actin by 

an EF is always stronger after field reversal. 
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The current technological capabilities in the fields of lithography, microfluidics, 

materials, microscopy, and spectroscopy, as well as other analytical techniques, foster aspirations 

of the widespread availability of all-in-one adaptive cellular environments for cell studies, as 

well as for diagnostics and therapeutics. The ability to program or reprogram a nanotopographic 

pattern in situ means that multiple experimental conditions can be tested on the same cells. The 

incorporation of other cues would allow one to selectively control the complexity of the 

extracellular environment or finely tune the cellular motion and esotaxis. Live detection of 

protein organization and distribution or cytokine and protease release would provide real-time 

feedback of the effects of changes to the extracellular conditions on cell behavior, which could 

inform additional changes to substrate and environment. 

The mechanism of actin sensing must still be elucidated. The nanotopographic cue that 

the cell senses depends on how much of the topography the cell contacts. Therefore, it is likely 

that the sensory capabilities of actin depend on activities and properties of the membrane. 

Manipulation of membrane composition might reveal the limits of esotaxis. Limiting membrane 

deformation and reducing cortical plasticity could reduce sensitivity to physical guidance cues, 

including topography and substrate stiffness. Increasing deformability and plasticity would 

increase detection of nanotopographic features. For instance, it would be interesting to determine 

the behavior of M4 cells on nanosawteeth, which were already shown to conform well to the 

topographic cues, if the flexibility of the membrane and the actin cortex were increased. 

More work must be performed to further clarify the interactions among the cytoskeleton, 

FAs, ABPs, and signaling molecules in response to nanotopography. Investigation of the cell 

response to other individual nanotopographic cues can be beneficial to reveal other properties of 
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esotaxis. However, examining cells in extracellular environments with more complexity (e.g., 

more stimuli, multiple or irregular nanotopographic patterns, additional dimensionality) would 

also be beneficial. 
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